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Propositions 
1. The parameter tMF enables a further discrimination of cellulose-active LPMOs. 
(this thesis) 
 
2. The classification of LPMOs as AA (auxiliary activity) enzymes ignores their importance for 
lignocellulose degradation. 
(this thesis) 
 
3. A protease with a high specific activity does not necessarily hydrolyze a protein to a large 
extent. 
 
4. Call center employees who get provided with cartoons are perceived as more friendly, as 
smiling is discerned auditively through the phone. 
(Ohala, JJ, 1980, The acoustic origin of the smile, J. Acoust. Soc. Am. 68:33) 
 
5. Trial and error experiments are underestimated for their effectiveness. 
 
6. Basic military obligation is a better tool for integration than an obligatory integration course. 
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Abstract 
 
 
 
 
Current developments aim at the effective enzymatic degradation of plant biomass polysaccharides 
into fermentable monosaccharides for biofuels and biochemicals. Recently discovered lytic 
polysaccharide monooxgygenases (LPMOs) boost the hydrolytic breakdown of lignocellulosic 
biomass, especially cellulose, due to their oxidative mechanism. At the beginning of this thesis, only 
few LPMOs were characterized and many aspects related to their catalytic performance were 
unknown. Hence, in this thesis, we investigated AA9 LPMOs from Myceliophthora thermophila C1. 
This fungus encodes 22 putative AA9 LPMOs and we hypothesized that these enzymes differ in their 
substrate preference and mode of action towards plant cell wall polysaccharides. 
We demonstrated that MtLPMO9A oxidizes xylan associated to cellulose, which is the only published 
LPMO comprising this capability known so far. We also showed that MtLPMOs from M. thermophila 
C1 differ in their substrate preference and C1-/C4-regioselectivity. Moreover, we described the use of 
reversed phase (RP)-UHPLC in combination with non-reductive 2-aminobenzamide (2-AB) labeling to 
separate and identify C4-oxidized gluco-oligosaccharides. 
All characterized MtLPMOs differ in their reducing agent preference. The highest amount of non-
oxidized and oxidized gluco-oligosaccharides from cellulose were released by MtLPMOs in the 
presence of reducing agents with a 1,2-benzenediol or 1,2,3-benzenetriol moiety. The latter 
compounds can be formed from lignin-building blocks by using polyphenol oxidases (PPOs), such as 
MtPPO7 from M. thermophila C1, which boost the LPMO-driven lignocellulose oxidation. Sequence 
analysis of genomes of 336 Ascomycota and 208 Basidiomycota revealed a high correlation between 
MtPPO7-like and AA9 LPMO-like genes. Finally, a β-glucosidase-assisted method was developed to 
quantify the catalytic performance of the C1-oxidizing MtLPMO9B and MtLPMO9D. The catalytic 
performance of both MtLPMOs was strongly dependent on pH and temperature. Notably, pH mainly 
affected the reducing agent dependency whereas temperature influenced the operational stability of 
both MtLPMOs. 
In summary, our study contributed to the further understanding of LPMO-driven lignocellulose 
degradation. 
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1.1  Relevance of this research 
 
The industrial development of the last centuries has led to a rising demand of energy through the 
increased use of fuel, materials and chemicals. Nowadays, this energy is mainly derived from fossil 
resources which leads to the emission of carbon dioxide contributing to global warming. 
A milestone of the last years was the replacement of the historic ‘Kyoto Protocol’ by the ratification 
of the new ‘Paris Agreement’ by the United Nations Framework Convention on Climate Change 
(UNFCCC). One of the aims of the new agreement is to not exceed the global average temperature 
rise of 2°C in order to minimize the effects of climate change [1]. Hence, it is essential to develop 
new strategies to ensure an alternative energy supply without increasing the carbon dioxide 
emission. A key strategy aims at the use of alternative energy sources such as wind, hydroelectric, 
geothermal and solar power, as well as plant biomass biorefinery. The biorefinery concept aims at 
the degradation of plant biomass into smaller building blocks that can be used for the production of 
biochemicals and biofuels. Still, carbon dioxide emission will occur, but now plants can make use of 
this carbon dioxide to produce new biomass. Such a closed cycle is seen as an environmentally 
friendly contribution to a green and circular economy. 
In order to degrade non-edible plant biomass for the production of biofuels and biomaterials, 
enzymes are seen as effective and green catalysts. However, plant biomass mainly consists of plant 
cell wall materials which are difficult to degrade by enzymes due to the complex lignocellulose 
structure. For many years it was assumed that enzyme degradation of lignocellulose was steered by 
hydrolytic enzymes only. Hence, the current commercial enzyme cocktails contain high amounts of 
various hydrolytic enzymes. Recently, a new class of enzymes, namely lytic polysaccharide 
monooxygenases (LPMOs), were discovered that have been shown to enhance the activity of 
hydrolytic enzymes in degrading lignocellulosic plant cell wall compounds [2, 3]. The discovery of 
these LPMOs is expected to open new ways for degrading complex lignocelluloses. Therefore, it can 
be expected that the composition of future commercial enzyme cocktails will completely change due 
to the incorporation of LPMOs. At the beginning of this research, only little was known about LPMOs 
and only a few of them were characterized. Therefore, this thesis aimed at studying various features 
of multiple LPMOs from the fungus Myceliophthora thermophila C1, such as activity, mode of action 
and substrate specificity. 
 
1.2  Plant cell wall 
 
1.2.1  Plant cell wall architecture 
The plant cell wall is composed of a middle lamella, a primary and a secondary cell wall. Both 
primary and secondary cell walls are built of various polysaccharides, such as cellulose and 
hemicellulose, the aromatic polymer lignin and structural proteins [4]. All components are present in 
varying proportions within the cell wall, but in general, the polysaccharides are the most abundant 
components. Variations in the plant cell wall structure and composition, as discussed below, are 
dependent on the year and location of the harvest, developmental stage of the plant and part of the 
plant (e.g. leaf or stem) [5].  
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Figure 1.1 Plant cell wall models. a Model of the four plant cell wall compartments (based on Achyuthan et al. 
[6]). b Interaction of structural elements in the secondary plant cell wall (based on Vanholme et al. [7]). 
The middle lamella is a very flexible cell wall compartment and represents the first synthesized layer 
of the plant cell wall. This layer mainly contains pectins and has a high water binding capacity [8]. 
The flexibility of this layer allows cells to expand. The next layer is the primary cell wall, which is the 
major part of the plant cell wall in fruits and vegetables [9]. The primary cell wall is mainly composed 
of polysaccharides and classified into Type I and II, based on the structure. The Type I cell wall is 
present in dicots and to a certain degree in monocots as well [10]. This Type I consists of cellulose 
microfibrils, which are embedded in a network built of xyloglucan and, to a lesser extent, 
glucuronoarabinoxylans (GAXs), as well as pectins such as homogalacturonans and 
rhamnogalacturonan I [11, 12]. At a later developmental stage, Type I cell wall components are 
further crosslinked with structural proteins [11]. Type II cell walls are present in Poaceae and in 
related monocots. In these Type II cell walls, cellulose is embedded in a network of GAXs and, to a 
lower extent, pectins, glucomannans and xyloglucans [10, 13]. 
Relevant for lignocellulosic plant biorefinery is the secondary plant cell wall, which represents the 
main part of the dry matter of lignocellulosic feedstocks. Examples of the latter are grass-like 
agricultural by-products or hard- and softwoods. The secondary cell wall represents the third layer 
of the cell wall and contains cellulose and hemicellulose [10]. This hemicellulose is majorly 
represented by (acetylated) GAXs in grasses and hard woods or mannans in soft woods and will be 
further explained in Section 1.2.3. In addition, the secondary cell wall is further fortified by non-
(hemi)cellulose compounds such as lignin or suberin (Figure 1.1) [14]. 
The interactions within and between secondary cell wall components, such as cellulose and 
hemicellulose, are presented separately in Section 1.2.5. 
1.2.2  Cellulose 
Cellulose is mainly produced by photosynthetic higher plants and algae, but there are also non-
photosynthetic organisms such as some bacteria species, marine invertebrates or fungi that are able 
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to synthesize cellulose [15, 16]. In general, cellulose is simply described as a homogeneous linear 
polymer of β-(1→4)-linked glucan chains which aggregate into microfibrils via hydrogen bonds and 
van der Waals forces [17]. 
The structure of cellulose itself is highly polymorph. Alternate (rotated by 180°) glucosyl units are 
linked to form a flat ribbon (Figure 1.2). Hydrogen bonds between the O3-H...O5’ tighten this 
conformation [15]. Several of these glucan chains are aligned in parallel and form one sheet [18]. 
The sheets are stacked on top of each other with a stagger over the whole distance row of 
microfibrils. The type of stagger depends on the crystal form Iα, which is the predominant form 
found in algae and bacteria, and Iβ that is present in plants [15, 17, 19, 20]. Dependent on the 
source, these crystalline forms vary in their proportion and type of hydrogen bonds between oxygen 
atoms (O2, O3, O5 and O6) [15, 17, 19, 21]. In general, 12-32 glucan chains form one microfibril 
which is twisted and forms a diamond or rectangular shape in higher plants, such as wood (Figure 
1.2) [16, 18]. These microfibrils also differ in length which is a result from the glucan chains that 
have either a very high DP (14,000-15,000) in the secondary cell wall (e.g. cotton) or a shorter DP 
(between 500 and 8,000) in the primary cell wall [22]. 
 
Figure 1.2 Simplified structural overview of cellulose. a The backbone structure of cellulose consists of β-(1→4)-
linked glucan chains. Dotted lines indicate hydrogen bonds (O3-H...O5’) between glycosyl units. b Structure of 
the cellulose microfibril (based on Horn et al. [23]). c Schematic presentation of two adjacent twisted microfibrils 
(based on Fernandez et al. [18]). 
The interaction between the glucan chains and the described packing is not completely coherent 
within cellulose, which leads to the formation of crystalline and amorphous regions. For example, 
varying and less strict hydrogen bonds between surface chains of the microfibril allows 
intermolecular interaction with external molecules in the plant, which were hypothesized to be, for 
example, hemicelluloses [24]. In addition, pretreatments (e.g. alkaline extraction conditions or 
heating) can change the structure of cellulose and, based on the crystallinity, lead to the formation 
of allomorphs, such as type II, III or IV [20, 22]. These crystalline allomorphs of cellulose differ in 
their X-ray diffraction pattern and solid-state nuclear magnetic resonance (NMR) spectral properties 
[20]. 
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1.2.3  Hemicellulose 
Unlike cellulose, hemicellulose comprises very heterogeneous polymers. Hemicelluloses can have 
different backbones and show structural side-chain variations, like different types and distributions 
of substituents along the backbone. In addition, backbones of hemicelluloses are strongly associated 
with cellulose via hydrogen bonding, especially the ones with a low degree of substitution or a 
block-wise distribution of substituents along the backbone [25, 26]. The backbone structure as well 
as the type and pattern of substituents vary between different plant species and tissues (Figure 1.1). 
Xylans are a diverse group of polysaccharides, which constitute about 20 to 30% (w/w) of the dry 
matter content in dicotyl plants, such as hardwoods, and can account for up to 50% (w/w) in cereals 
and grasses [29]. Xylans are further divided into homoxylans, which are present in algae and 
seaweed, and more complex heteroxylans that are part of the cell wall of higher plants [29]. The 
backbone of heteroxylan consists of β-(1→4)-linked xylosyl residues [28, 30]. Notably, mono- and 
dicotyledons differ in their heteroxylan structure. 
The heteroxylans in monocotyledons, like grasses and cereals, are substituted by arabinosyl residues 
at either the O-2, O-3 or both positions of the xylosyl backbone and are known as arabinoxylans 
(Figure 1.3a). To a lesser extent, these xylans can be substituted by glucuronosyl and 4-O-methyl-
glucuronosyl residues, referred to as glucuronoarabinoxylans (GAX) (Figure 1.3a). GAXs are further 
acetylated, via the O-2, O-3 or both positions of the xylosyl backbone, and the amount of acetyl 
groups ranges from less than 1% to 4% (w/w) of the dry matter content, depending on the source 
[31]. Furthermore, many more variations exist in the xylan structure, such as ester-linked ferulic and 
p-coumaric acid substitutions than can be further crosslinked to lignin (Section 1.2.5) [28, 29, 32, 
33]. Glucuronoxylans (GX) are present in hardwoods, such as beech, birch and aspen wood. In 
general, the β-(1→4)-linked xylosyl backbone is substituted by α-(1→2)-linked 4-O-methyl-
glucuronosyl residues [28, 29, 34-36]. Moreover, these GXs are highly acetylated in a range from 8 to 
17%, based on the dry matter content (Figure 1.3) [31]. 
Xyloglucans are mostly found in the primary cell walls of higher plants, such as dicots (e.g. fruit and 
vegetables) or soft- (e.g. spruce) and hardwoods (e.g. poplar) [29, 31]. As an example, the poplar 
primary cell wall is composed of up to 6% (w/w) of xyloglucan whereas the xyloglucan content is less 
than 1% (w/w) in the secondary cell wall, based on the dry matter content [37]. In contrast, between 
20 and 25% (w/w) of the dry matter is xyloglucan in the primary cell wall of Arabidopsis thaliana 
[29]. The backbone of xyloglucan consists of β-(1→4)-linked glycosyl residues that are substituted 
with xylosyl residues. These xylosyl residues are often extended with galactosyl and fucosyl residues, 
to a varying degree (Figure 1.3b). Despite these varying substitutions, xyloglucans comprise 
repeating substituted backbone units, which led to the introduction of a one-letter code (G, X, L, ...) 
for an eased identification and characterization (Figure 1.3b) [27].  
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Figure 1.3 Structural presentation of hemicelluloses present in plant cell walls. a Glucuronoarabinoxylan (GAX), b 
xyloglucan (letters under the molecule indicate common side chains according to Fry et al. [27]), c mixed β-(1→3, 
1→4)-linked glucan d galactomannan and e galactoglucomannan. Structures are modified and based on Scheller 
et al. [28]. Structural units are shown in the legend on the top. 
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Mixed β-(1→3, 1→4)-linked glucans are mainly present in the primary cell wall of cereal kernels, 
such as oat and barley [28]. Depending on the source, the content of β-glucan ranges from 3 to 12% 
(w/w) based on the total dry matter content [29]. In general, three to four β-(1→4)-linked glycosyl 
units are linked with each other via β-(1→3)-linkages, but longer β-(1→4)-linked segments have also 
been reported (Figure 1.3c) [38, 39]. 
Mannans and glucomannans mainly consist of β-(1→4)-linked mannosyl units which can be O2 and 
O3 acetyl-esterified. Next to these mannosyl units, the backbone can also contain glycosyl units as 
reported for glucomannans and galactomannans (Figure 1.3d and e) [40]. Glucomannans are 
present in soft- and hardwoods, algae species and mosses, whereas galactomannans are majorly 
present in softwoods, such as conifers [29, 31, 41, 42]. Mannans in hardwoods represent 3-5% of the 
dry matter content, whereas the seeds of Mimosa species can contain up to 20% galactomannans 
[29]. 
Pectins are highly heterogeneous polymers which consist of a plethora of different monosaccharides 
that show a great variability in linkage type [43]. The three backbone structures are 
homogalacturonan, xylogalacturonan and rhamnogalacturonan I, whereas the side chain 
substructures are arabinan, galactan and rhamnogalacturonan II [43]. 
1.2.4  Lignin and aromatic compounds 
Lignin is an aromatic heteropolymer accounting for 10 to 15% (w/w) of the total dry matter content 
of grasses and up to 30% of soft- and hardwoods [44, 45]. The basic building block for the 
biosynthesis of lignin are the three phenylpropane monomers (monolignols) coniferyl, sinapyl and p-
coumaryl alcohol (Figure 1.4). The resulting guaiacyl (G), syringyl (S) and p-hydroxyphenyl (H) 
structural units are linked with each other by C-C and C-O bonds and form a complex 3D-network. 
Softwoods mostly comprise lignin with G units, whereas hardwoods have both G and S units [46]. In 
contrast, grasses comprise all three structural units G, S and H [46]. The most abundant bond in the 
lignin of grasses and of soft- and hardwoods is the β-O-4 aryl ether linkage, which represents 
approximately 80% of the interunit linkages [44, 45]. Other linkages are, for example, β-5 phenyl 
coumaran, β-β’ pinoresinol, 5-5’ biphenyl, β-1 diaryl propane etc. [47-49]. Notably, the amount of 
lignin increases with the growing time (aging) of plants and, also, interunit linkages of lignin may 
further be formed. In the plant cell wall, lignin is built into a network with hemicellulose via ester 
and ether linkages. These linkages are formed between lignin and residues of hemicellulose, which 
comprise glucuronic acid or arabinosyl-ferulic acid substituents [50-52]. 
Apart from lignin, plants contain several other aromatic compounds that are mainly non-cell wall 
components, which can partly be linked to the plant cell wall. For example, non-esterified aromatic 
compounds, like p-coumaric acid, ferulic acid, p-hydroxybenzoic acid and caffeic acid, are present in 
a range from 1 to 3.5% (w/w) of the dry matter content in grasses, such as oat and wheat [53]. 
Another class of aromatic compounds in grasses are flavonoids such as anthocyanins, which account 
for up to 2% of the dry matter content [54]. Flavonoids typically consist of two aromatic rings, which 
are connected via cyclic, aromatic or aliphatic carbon structures, and have a variety of different 
substitutions, such as hydroxyl or methoxy groups [54]. Other relevant aromatic compounds are 
tannins, which account for up to 12% (w/w) of the dry matter content in the leaves of some 
softwoods, and stilbenoids, which are present in a range from 0.2 to 2% in canes of fruits [55, 56]. 
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Figure 1.4 Structural units of lignin. Lignin is synthesized from the monolignols p-coumaryl, coniferyl and sinapyl 
alcohol, which form the H, G and S units in lignin, respectively. 
1.2.5  Interaction of cell wall components 
The rigidity of the primary and secondary cell wall is not only based on the structural features of cell 
wall components but also on the interactions between these components. These molecular 
interactions between cell wall components can be classified into non-covalent and covalent 
interactions. 
Non-covalent interactions are built of polysaccharides that are linked with each other via a restricted 
segment (junctions zones) [14]. Typically, these polysaccharides are non-cellulosic and comprise a 
linear backbone [14]. Importantly, some of these non-cellulosic polysaccharides, such as the low-
substituted xylan or xyloglucan mentioned in Section 1.2.3, are also able to associate to the surface 
of cellulosic microfibrils (Figure 1.1) [14, 25, 26]. 
Covalent interactions are formed by a variety of different cell wall components and stabilize intra- 
and intermolecular structures. For example, intermolecular covalent interactions are built between 
hemicelluloses as well as between hemicelluloses and lignin by ester and ether linkages [57]. The 
ester and ether linkages are either formed directly, or indirectly via dimerization of substituents, 
such as ferulic acid or hydrocinnamic acids [51, 58]. Several other forms of described or proposed 
interactions (e. g. between proteins and polysaccharides) will not be further described here [14, 59]. 
 
1.3  Enzymes involved in plant cell wall degradation 
 
The complexity of the plant cell wall is reflected in the existence of a wide range of cell wall 
degrading enzymes, which are expressed by different organisms like bacteria and fungi. The 
discovery and description of an increasing amount of cell wall degrading enzymes, in particular 
enzymes that show activity towards different carbohydrates, led to the establishment of the CAZy 
database [60]. This database classifies carbohydrate active enzymes into families based on their 
amino acid sequence identity. As an example, enzymes that show hydrolytic activity towards 
glycosidic bonds of polysaccharides, such as hemicellulose and cellulose, are summarized as 
glycoside hydrolase (GH) families (Table 1.1). The CAZy database also hosts proteins classified as 
carbohydrate-binding modules (CBMs). These CBMs specially bind to carbohydrates and do not 
possess catalytic activities (further explained in Section 1.4.3.2 Auxiliary modules). 
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1.3.1  Cellulose degrading enzymes 
The degradation of cellulose is catalyzed by the action of three different classes of cellulases: 
endoglucanases (endo-β-1,4-glucanases), exoglucanases (cellobiohydrolases (CBHs)) and β-1,4-
glucosidases. The latter hydrolyze soluble cello-oligosaccharides into glucose and are predominantly 
found in the GH1 and GH3 families [61]. Based on the CAZy database, an overview of the 
classification of cellulose degrading enzymes is given in Table 1.1 [60]. 
Endoglucanases are described as crucial for the degradation of internal β-(1→4)-linked glucan bonds 
in cellulose and are distributed over various GH families, such as GH5, 7, 12 or 45. In contrast, 
cellobiohydrolases degrade the β-(1→4)-linked glucan chain from the reducing (CBH1) and non-
reducing end (CBH2) and are found in the GH6 and GH7 families [61, 62]. Notably, the classification 
of cellulose degrading enzymes into these categories is oversimplified since endoglucanases have 
already been shown to cleave cellulose randomly or processively and cellobiohydrolases also vary in 
their mode of action from strictly exoacting to highly processive [61-64].  
Other enzyme or protein classes that are involved in the degradation of cellulose are, for example, 
expansins, swollenins and lytic polysaccharide monooxygenases (LPMOs) [65-67]. These enzymes 
are less studied and recently summarized as non-hydrolytic cellulose active proteins (NHCAPs) [68]. 
In particular, LPMOs possess a different catalytic mechanism compared to classical cellulose 
hydrolases, which is explained in detail in Section 1.4 [3, 69]. 
1.3.2  Hemicellulose degrading enzymes 
The hemicellulose backbone is highly heterogeneous and its degradation demands a variety of 
enzymes with different substrate specificities. In addition, the backbone-decorations differ in 
degree, linkage type and monosaccharide composition, which demands a variety of accessory 
enzyme activities. An overview is shown in Table 1.1. 
The β-(1→4)-linked xylan backbone is cleaved by endo-β-1,4-xylanases and the released xylo-
oligosaccharides are further degraded by β-xylosidases (e.g. family GH3, 43 or 54) [70]. The activity 
of endo-β-1,4-xylanases, which are mainly present in the CAZy family GH10, 11 and 30, towards 
xylans depends on the type of substitutions present [60, 61]. Some of these enzymes can degrade a 
substituted xylan backbone (e.g. GH10 xylanases), whereas others tolerate only a low degree of 
substitution (e.g. GH11 xylanases) [61]. The degradation of the side chain is catalyzed by a plethora 
of enzymes like α-glucuronidases (e.g. family GH67 or GH115) or α-arabinofuranosidases (e.g. family 
GH43, 51, 54 etc.) (Table 1.1) [61, 71, 70]. 
The backbone of xyloglucan is cleaved by endo-β-1,4-glucanases, which are present in the GH5, 12, 
16 and 44 families [61]. The activity of these enzymes depends on the type of substitution linked to 
the backbone of xyloglucan. Therefore, endo-β-1,4-glucanases are divided into nonspecific 
(randomly cleaving) and specific glucanases [61]. Further, β-glucosidases (GH1 and GH3) take part in 
the degradation of xylogluco-oligosaccharides into glucose. Similar to xylan, several enzymes show 
activity towards xyloglucan side chains such as α-fucosidases (GH95), α-xylosidases (GH31) and α-
galactosidases (GH27 and GH36) (Table 1.1) [72-74].  
Other enzymes that are involved in the degradation of hemicelluloses, such as mannan and mixed β-
(1→3, 1→4)-linked glucans, are β-mannanases (e.g. family GH26) and β-mannosidases (GH1, 2 and 
5), as well as specific β-(1,3), β-(1,3-1,4) and β-(1,4) endoglucanases, respectively (Table 1.1) [39, 75, 
76].  
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Furthermore, a plethora of additional esterases are involved in side chain cleavages, such as methyl 
esterases and acetyl esterases. Moreover, esterases such as ferulic/coumaric acid esterases cleave 
the linkages between ferulic/p-coumaric acid and hemicelluloses. These additional enzymes will not 
be further explained in this thesis.  
The presence of highly substituted (hairy) and less substituted (smooth) regions in pectins demands 
a plethora of enzymes and accessory enzymes for the degradation of side chains, which will not be 
extensively discussed here. In short, the glycosidic bonds of pectin are cleaved via hydrolysis by 
polygalacturonases (PGs), whereas pectin lyases and pectic lyases non-hydrolytically catalyze (β-
elimination) the degradation of uronic acid containing polysaccharide chains [60, 61]. 
Table 1.1 Selected glycoside hydrolase (GH) families taking part in cellulose and hemicellulose 
degradationa 
Group Major substrate Enzyme CAZy familya 
cellulose cellulose endo-β-1,4-glucanases GH5, 7, 12, 45 
  cellobiohydrolases GH6, 7 
  β-1,4-glucosidases GH1, 3 
hemicellulose xylan endo-β-1,4-xylanases GH5, 8, 10, 11, 30, 43 
 (arabino-)xylan α-(arabino)furanosidases GH3, 43, 51, 54, 62, 127 
 xylan α-glucuronidases GH67, 115 
 xylan β-xylosidases GH3, 30, 39, 43, 52, 54 
 xyloglucan, mixed β-(1→3, 
1→4)-linked glucans 
endo-β-1,4-glucanases GH5, 12, 16, 44, 74 
 xyloglucan β-1,4-glucosidases GH1, 3 
 xyloglucan α-galactosidases GH27, 36 
 xyloglucan α-xylosidases GH31 
 xyloglucan α-fucosidases GH95 
 mixed β-(1→3, 1→4)-
linked glucans 
endo-β-(1,3-1,4)-
glucanases 
GH9, 26 
 mannan β-mannanases GH26, 113, 134 
 mannan β-mannosidases GH1, 2, 5 
a based on CAZy [60] 
1.3.3  Enzymes active towards lignin and aromatic plant compounds 
A variety of different enzymes is required to enable the degradation of lignin and aromatic 
compounds, which are present in plants such as hardwood, softwoods or Poaceae species. Based on 
their catalytic mechanism, the majority of these enzymes are oxidoreductases and classified under 
the Enzyme Commission (EC) number 1 [77]. 
Members of lignin modifying enzymes, such as laccases and peroxidases, are now also added to the 
CAZy database and classified as auxiliary activity (AA) families 1 and 2, respectively [60]. Both 
enzyme groups act towards lignin and lignin substructures by a different catalytic mechanism. As an 
example, laccases (EC 1.10.3.2) are reported to directly oxidize o- and p-diphenols, whereas these 
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enzymes are also able to oxidize larger lignin substructures via oxidation of small molecular weight 
(charge transfer) compounds (mediators) (Figure 1.5a and b) [78, 79]. The latter has been described 
as the laccase-mediator system (LMS). Peroxidases are further divided into manganese peroxidases 
(MnP, EC 1.11.1.13), lignin peroxidases (LiP, EC 1.11.1.14) and versatile peroxidases (VP, EC 
1.11.1.16). These heme-containing enzymes generate peroxides (R-O-O-R’) to catalyze oxidative 
reactions. MnPs oxidize Mn(II) to Mn(III) in the presence of H2O2 and the formed chelated Mn(III) is 
highly reactive and proposed to attack lignin substructures [80]. LiPs are described to directly oxidize 
compounds such as the Cα-Cβ-linkage of lignin substructures based on a H2O2-dependent reaction, 
which involves a long range electron transfer [81, 82]. In addition, versatile peroxidases have been 
described to comprise the catalytic mechanism of both MnPs and LiPs [83, 84].  
 
Figure 1.5 Schematic presentation of the catalytic mechanism of oxidoreductases. Reaction scheme of laccase-
catalyzed redox cycles for the oxidation of substrates in the a absence and b presence of mediators. c Reactivities 
of tyrosinases (top) and catechol oxidases (bottom) towards aromatic compounds. d Schematic presentation of 
the cellobiose dehydrogenase (CDH) activity towards cellobiose. The oxidation of cellobiose by CDH leads to the 
formation of a δ-lactone, which further hydrolyzes into its carboxylic acid in the presence of water. Schematic 
presentations are based on Adinarayana et al., Henriksson et al. and Solem et al. [78, 92, 93]. 
Another class of enzymes taking part in the degradation of lignin are peroxide generating enzymes 
such as aryl-alcohol oxidases (AAOs, EC 1.1.3.7) and glucose oxidases (GOs, EC 1.1.3.4), which are 
both AA3 family members [85]. These enzymes have been reported to act in synergy with lignin 
modifying enzymes such as laccases and peroxidases and, furthermore, are family members of the 
flavin containing GMCs (glucose-methanol-choline oxidases) [86-90]. Moreover, cellobiose 
dehydrogenase (CDH, EC 1.1.99.18), which is an electron generating GMC member, has been 
reported to act in synergy with peroxidases during lignin degradation (Figure 1.5d) [91]. Aromatic 
plant compounds, other than lignin, are known to be oxidized directly by the well-described 
tyrosinases (EC 1.14.18.1) and catechol oxidases (EC 1.10.3.1), which are also referred to as 
polyphenol oxidases (PPOs). Tyrosinases oxidize monophenols at the o-position into o-diphenols by 
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their monophenolase activity (Figure 1.5c) [94]. Tyrosinases also exhibit diphenolase activity, which 
is characterized by the oxidation of these o-diphenols into o-quinones. Catechol oxidases are 
described to catalyze only the oxidation of o-diphenols into o-quinones [95]. However, studies 
already indicated that minimal differences in the amino acid sequence in the active site of 
tyrosinases and catechol oxidases can change their ability to exhibit either monophenolase or 
diphenolase activities (Figure 1.5c) [93, 96]. 
 
1.4  Lytic Polysaccharide Monooxygenases (LPMOs) 
 
In this section, lytic polysaccharide monooxygenases are discussed in detail. The information about 
LPMOs is based on literature published until the end of 2013, the year in which this project was 
initialized. Recent literature (2013-2017) is discussed in Chapter VII of this thesis, together with the 
major findings of our research. 
1.4.1  Discovery of polysaccharides oxidizing LPMOs 
In 2010, the catalytic function of LPMOs was unraveled for the first time [69]. In contrast, the 
observation of their function has been described even decades earlier. In 1950, Reese et al. gave 
first indications about the existence of certain undefined enzymes (“C1”), now known as LPMOs, by 
investigating the growth of thirty different cellulolytic and non-cellulolytic bacteria and fungi in the 
presence of cellulose derivatives [97]. Their results built the fundament of their proposed “C1-Cx-
theory” presented in Figure 1.6. This theory describes the ability of non-cellulolytic organisms to 
degrade ‘shorter linear polyanhydroglucosyl chains’ by their “Cx” enzyme into smaller soluble 
molecules, which were absorbed by the organisms [97]. However, these non-cellulolytic organisms 
lacked the ability to degrade native cellulose. For the degradation of native cellulose into shorter 
linear glucose chains, a second “C1” enzyme was proposed, which seemed only present in cellulolytic 
organisms [97]. Although this theory was approved only decades later, it presents a milestone in the 
understanding of cellulose degradation until today. Later, in 1974, Eriksson et al. described an 
enzyme secreted by Sporotrichum pulverulentum, which was able to oxidize cellulose [98]. In 
addition, the presence of this oxidative enzyme in a cellulolytic enzyme mixture enhanced the 
cellulose hydrolysis two-fold compared to the hydrolysis of cellulose by a non-oxidative cellulolytic 
enzyme mixture only. Based on their results, they suggested multiple scenarios how the oxidative 
enzyme was able to enhance cellulose degradation. One scenario described the insertion of uronic 
acid moieties into cellulose, which caused a breakage of hydrogen bonds and led to either the 
“swelling of cellulose” or a structural “disorder in crystalline cellulose” [98]. With the current 
knowledge, it seems likely that Eriksson et al. also reported LPMO activity. 
 
Figure 1.6 Illustration of the “C1-Cx-theory” based on Reese et al. [97] 
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In the late 2000s, genome analysis and isolation coupled to protein expression and purification 
enabled new ways for enzyme identification and characterization and accelerated the search for the 
“C1” or cellulose-oxidizing enzyme. An overview of enzymes that are related to the discovery of 
LPMOs is presented in Table 1.2. Notably, the first gene, the cellulose-growth-specific cel1 gene 
from the fungus Agaricus bisporus, was isolated and characterized in 1992 [99]. Although not known 
at that time, cel1 was the first identified AA9 LPMO sequence (UniProtKB: Q00023; CAZy [60]). In the 
following years, two more LPMOs were characterized. The cellulase CEL1 from Streptomyces reticuli, 
also referred to as Avicelase, released cellobiose from cellulose and CEL1 from Trichoderma reesei, 
which was named EGIV due to its endoglucanase activity (Table 1.2) [100, 101]. Interestingly, the 
high amino acid sequence similarity of CEL1 from A. bisporus and EGIV from T. reesei led to a new 
classification of both cellulases as ‘glycosyl hydrolase family 61’ (GH61) in 1997 [100]. In 2001, a first 
study was published that determined the activity of a GH61 in detail by incubating a variety of 
substrates with a homologously expressed and purified Cel61A (previously EGIV) from T. reesei 
[102]. This study showed a small endoglucanase activity of Cel61A towards crystalline and 
amorphous cellulose (Table 1.2). Similarly, the discovered GH61 from Aspergillus kawachii (AkCel61) 
with a appended CBM1 showed a low activity towards cellulose derivatives [103]. 
In 2007 , the work of Merino et al. launched intensive research efforts in the LPMO field by 
demonstrating the beneficial effect of adding GH61 members from Thielavia terrestis to a cellulolytic 
enzyme cocktail of T. reesei (Table 1.2) [2]. As an example, 5% (w/w) supplementation of the 
cellulolytic enzyme cocktail with GH61B reduced the enzyme load needed to achieve 90% cellulose 
conversion by 1.4-fold [2]. However, no or only a negligible activity of the GH61 members towards 
pure cellulose derivatives was determined [2]. Three years later, this data was further supported by 
Harris et al., who incorporated a GH61 member in a cellulolytic enzyme producing strain from T. 
reesei, which led to a reduction of the protein load by 2-fold compared to the activity of the 
untreated strain (Table 1.2) [3]. In 2008, the first crystal structure of a Cel61B from Hypocrea 
jecorina was published, but still the possible catalytic role of this enzyme was unknown [104]. 
Finally in 2010, a breakthrough was achieved by the work of Vaaje-Kolstad et al., who first revealed 
the catalytic mechanism behind the activity of an AA10 LPMO which showed activity towards chitin 
[69]. They presented the mode of action and the crystal structure of a bacterial chitin-binding 
protein family 21 (CBP21) from Serratia marcescens. In the CAZy enzyme database, CBP21 was 
formerly classified as a member of the carbohydrate-binding module family 33 (CBM33) [60]. The 
discovery of Vaaje-Kolstad et al. accelerated related research in the field and other LPMOs that 
oxidized cellulose were discovered and recognized as ‘LPMOs’ shortly thereafter [107-110]. 
Although the degradation of chitin was not investigated in this thesis, it is necessary to mention that 
the discovery of cellulose oxidizing LPMOs was proceeded by the investigation of enzymes that took 
part in chitin degradation in the 1990s. Similar to the discovery of cellulose oxidizing LPMOs, chitin-
binding proteins such as CHBs (Streptomyces spp.), CHBB (Bacillus amyloliquefaciens) and CBP21 
have been found to be important for the degradation of chitin several years before the underlying 
catalytic mechanism was finally uncovered by Vaaje-Kolstad et al. in 2010 [111-119]. 
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1.4.2  Classification 
As described above, the glycosyl hydrolase family 61 was first proposed in 1997 [100]. Proteins and 
protein domains with chitin-binding properties were first classified into several carbohydrate-
binding module families, such as family 33 (CBM33). The CBM33 family mainly comprises bacterial 
and viral, as well as some eukaryotic non-catalytic chitin-binding proteins (CBPs) [118, 120, 121]. 
Later, it was recognized that these proteins demand electrons for their oxygen-dependent cleavage 
of polysaccharides, which led to the classification of CBM33 and GH61 members as (lytic) 
polysaccharide monooxygenases [23, 110]. In 2013, LPMOs were reclassified as auxiliary activities 
(AA) [60]. Based on their amino acid sequence similarities, known LPMOs were further categorized 
into AA families 9, 10, 11 and, later, 13 [60]. AA9 members are the classical ‘GH61’ LPMOs, which are 
active towards cellulose. CBM33 members were classified as AA10. A phylogenetic distinct LPMO 
family has been characterized as AA11 [122]. In addition to the AA classification, AA9 members have 
been proposed for further sub-classification, based on the phylogenetic relationship between 
regioselectivity and sequence [123]. 
Table 1.3 Crystal structures of AA9 and AA10 LPMOs published until the end of 2013 
Enzyme PDB-
Code 
Organism AA-class Year Reference  
Cel61B 2VTC Hypocrea jecorina AA9 2008 Karkehabadi et al.  [104] 
GH61E 3EII 
3EJA 
Thielavia terrestis AA9 2010 Harris et al.  [3] 
GH61A 2YET 
3ZUD 
Thermoascus aurantiacus AA9 2011 Quinlan et al.  [109] 
PMO-2 
NCU01050 
4EIR Neurospora crassa AA9 2012 Li et al.  [124] 
PMO-3 
NCU07898 
4EIS Neurospora crassa AA9 2012 Li et al.  [124] 
PcGH61D 4B5Q Phanerochaete 
chrysosporium 
AA9 2013 Wu et al.  [125] 
SmCBP21 2LHS 
2BEM 
2BEN 
Serratia marcescens AA10 2005 Vaaje-Kolstad et al. [118] 
CBM33 3UAM Burkholderia pseudomallei AA10 2011 SSGCIDa  [128] 
EfCBM33A 4A02 Enterococcus faecalis AA10 2012 Vaaje-Kolstad et al.  [129] 
CBM33 2XWX Vibrio cholerae AA10 2012 Wong et al.  [127] 
CBM33 2YOX Bacillus amyloliquefaciens AA10 2013 Hemsworth et al.  [130] 
aSSGCID, Seattle Structural Genomics Center for Infectious Disease 
1.4.3  Structure of AA9 and AA10 
Interestingly, structures of both AA9 (formerly GH61) and AA10 (formerly CBM33) were determined 
before the catalytic mechanism was revealed in 2010. Table 1.3 summarizes crystal structures of 
AA9 and AA10 LPMOs that were known by the end of 2013. The first crystal structure of an AA9 and 
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AA10 LPMO was published in 2008 and 2005, respectively [104, 118]. Initial crystal structures and 
experimental approaches presented a variety of possible metal ions that were present in the active 
site such as Mn, Cu, Ni, Mg, and Zn [3, 104, 107]. In 2011, Quinlan et al. showed that Cu was actually 
present in the metal binding site by using X-ray crystallography. From that time onwards, crystal 
structures of LPMOs show the presence of Cu consistently [109, 121]. 
In general, LPMOs share an overall low sequence identity [60]. Nevertheless, several conserved 
structure similarities were identified between AA9 and AA10 LPMOs (Figure 1.7). All LPMOs feature 
a conserved immunoglobulin-like β-sheet core, which lays roughly perpendicular to an extended flat 
face and can be enlarged by an α-helical loop [3, 118, 124]. In contrast to glycosyl hydrolases, LPMO 
structures do not comprise large surface clefts but feature a relatively planar surface and a conical-
like tip [124-126]. The copper ion is coordinated by a N-terminal histidine, a further side chain 
histidine and, depending on the AA class, a third aromatic amino acid. The latter is a tyrosine and 
phenylalanine in AA9 and AA10 LPMOs, respectively (Figure 1.7c and d). The residues involved in the 
copper coordination are forming the so-called ‘histidine brace’ [123]. 
Structural features of AA9 LPMOs are further highlighted in the following sections. In addition, AA10 
LPMOs will also be further described due to the structural similarities of AA9 and AA10 LPMOs. 
 
Figure 1.7 Structure of AA9 and AA10 LPMOs. a Structure of the cellulose oxidizing TaGH61A (AA9) which has 
been used to demonstrate that LPMOs are copper-containing enzymes [109]. b First crystal structure of the 
chitin oxidizing CBP21 (AA10) [118]. The enlargement shows the conserved aromatic amino acids of c TaGH61A 
and d CBP21, which take part in the coordination of the copper ion (grey). Water molecules are indicated by red 
balls. The figures are based on Horn et al. [23]. 
1.4.3.1  Planar surface with metal binding site 
AA9 LPMOs contain multiple extended loops, which are involved in shaping the potential substrate-
binding surface (Figure 1.8) [125]. The long C-terminal loop (LC loop) often does not contain 
secondary structural elements. The LC loop interacts, for example, with a shorter LS loop via 
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hydrophobic interactions. These interactions contribute to an additional stabilization of the loops. 
The L2 loop is the most diverse loop in the AA9 family and varies in length and presence of 
secondary structures, such as helices [124, 125]. Furthermore, the L2 loop can contain several 
aromatic amino acids, such as Tyr residues, which are expected to play a role in substrate binding 
and recognition (Figure 1.8 and 1.9) [124]. LPMOs are secreted proteins and can be subject of 
posttranslational modifications, such as multiple disulfide bonds and N-glycosylation sites. Some of 
the loops, such as the L2 loop, build disulfide bridges with the conserved β-sheet core [125]. In 
addition, some AA9 members contain 5-10 monosaccharide units (e.g. PMO-3) and it was suggested 
that glycosylations in the planar face could potentially impact the substrate binding, as shown for a 
CBM1 by using molecular dynamics simulations [124, 131]. 
 
Figure 1.8 Structural features of the AA9 PchGH61D. a LPMO typical conserved β-sheet core and b close up of 
amino acids residues involved in coordination of the copper ion (light blue). The three loops L2, LS and LC, which 
are involved in shaping the substrate binding site, are highlighted in yellow, red and blue, respectively. The 
glycerol molecule is shown in cyan (marked as GOL). Picture adapted from Wu et al. [125]. 
As already mentioned, three aromatic amino acids are involved in the copper coordination and the 
formation of the histidine brace in AA9 LPMOs. A detailed view was obtained from the first crystal 
structure of an AA9 LPMO (Cel61B), which indicated that the metal ion was coordinated by two 
histidines (His1 and His89) and a tyrosine (Tyr176) [104]. In 2010, it was first suggested that the 
planar surface of GH61E interacts with the polysaccharide involving the N-terminal His1 and His68, 
which coordinate the metal ion [3]. In addition, mutation of either His1 or His68 resulted in a 
complete loss of the enzyme activity. In contrast, mutation of a closely interacting Tyr153 did not 
inactivate the enzyme, but significantly decreased its activity instead [3]. Further, it was already 
indicated that the Tyr153 of GH61E is a Phe in CBP21, which turned out to be one of the major 
differences between fungal AA9 and bacterial AA10 LPMOs [3]. With the presence of more crystal 
structures, other aromatic amino acids (e.g. Tyr) came into focus due to their potential involvement 
in the substrate binding and possible influence on the C1-/C4-regioselectivity of the LPMOs (Figure 
1.9). By using molecular dynamics simulations it was shown that the tyrosines in PcGH61 (Tyr28, 
Tyr75 and Tyr198) in the planar surface interact with cellulose and, thus, play a potential role in the 
substrate binding [125]. An overview of aromatic amino acids present in the planar surface of the 
AA9 and AA10 LPMOs is shown in Figure 1.9.  
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In general, fungal AA9 LPMOs contain a τ-N-methylated histidine (His1) which is involved in the 
coordination of Cu. In contrast, bacterial AA10 LPMOs and AA9 LPMOs produced in ‘foreign’ hosts, 
such as Pichia pastoris, do not contain this τ-N-methylation [124, 125, 130]. The impact of this 
methylation on the activity of the LPMO has been discussed controversially, but its function was still 
unclear until the end of 2013. Nevertheless, all determined LPMOs either with or without a τ-N-
methylation at the His1 were active, which led to the conclusion that this posttranslational 
modification is not strictly necessary for LPMO activity [125]. 
Compared to AA9 LPMOs, bacterial AA10 LPMOs have only two conserved histidines, but feature 
more hydrophilic residues in the planar face such as Thr, Gln or Ser (Figure 1.9) [121, 124]. Several of 
these hydrophilic residues have been shown to be important for chitin recognition, since the chitin 
surface (N-acetylglucosamine) is more hydrophilic compared to that of cellulose (Figure 1.9d) [118, 
121]. In contrast, the bacterial cellulose oxidizing AA10 CelS2 from S. coelicolor has a sequence 
insertion which contains three Tyr and one Trp as aromatic residues and, therefore, is less 
hydrophilic in the planar phase. The latter might contribute to the ability of CelS2 to oxidize cellulose 
instead of chitin [108, 124]. Despite the conserved β-sheet core, AA10 LPMOs contain more helical 
secondary structures than AA9 members [124]. 
1.4.3.2  Auxiliary modules 
Carbohydrate binding modules (CBMs) are structurally diverse protein domains, which can be found 
appended to carbohydrate-active enzymes. Previously, CBMs were known as cellulose-binding 
domains (CBDs) [60, 132]. Based on their amino acid sequence identity, CBMs have further been 
categorized into CAZy-CBM family 1, 2, or, as mentioned above, 33 [60]. Appended CBMs have been 
described to be involved in substrate recognition and interaction and, thereby, they can influence 
the activity of enzymes [133]. Similar to LPMOs, CBMs contain aromatic amino acids (e.g. Tyr in 
CBM1) in the substrate binding site that play an important role in the recognition of substrates like 
cellulose [131]. Furthermore, studies indicated an impact of the (N- or O-) glycosylation on the 
substrate binding affinity, which has also been discussed for LPMOs [124, 131]. Until the end of 
2013, the impact of appended CBMs on the LPMO activity had not been investigated in detail. 
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Figure 1.9 Representative AA9 PMOI, AA9 PMOII, AA9 PMOIII and AA10 structures. a PMOI member from T. 
terrestis (GH61E, PDB-id: 3EII), b PMOII member from N. crassa (PMO-2, PDB-id: 4EIR), c PMOIII member from N. 
crassa (PMO-3, PDB-id: 4EIS), d AA10 member from B. amyloliquefaciens (CBM33, PDB-id: 2YOX). Amino acids 
coordinating the metal binding are indicated in green and additional amino acids which are proposed to be 
involved in the substrate binding are highlighted in cyan. The pictures are based on Hemsworth et al. [123]. 
1.4.4  Substrates and C1-/C4-regioselectivity 
The first C1-/C4-regioselectivity was described for CBP21, an AA10 LPMO from Serratia marcescens. 
This AA10 member oxidized chitin at the C1-carbon position, which led to the cleavage of the β-
(1→4)-linked N-aceylglucosamine (GlcNAc) chain [69]. In 2011, the bacterial AA10 CelS2 from 
Streptomyces coelicolor was described to cleave cellulose by oxidizing the C1-carbon position [108]. 
In the same year, the first AA9 LPMO (TaGH61) was characterized and it was shown that this LPMO 
oxidized cellulose at the C1 as well as at the C4 position. Shortly afterwards, the number of AA9 and 
AA10 LPMOs with known C1-/C4-regioselectivity grew rapidly [107, 110]. Table 1.4 shows an 
overview of AA9 and AA10 LPMOs with known C1-/C4-regioselectivities. It should be noted that 
nowadays more LPMOs have been expressed and characterized, but their C1-/C4-regioselectivity 
was not experimentally determined until the end of 2013 [134]. 
1.4.5  Reaction mechanism and polysaccharide oxidation 
Before LPMOs were described as copper containing oxygenases, isotope labeling (H2
18O and 18O2) 
indicated that one of the two oxygens introduced into the oxidized glucan chain derived from water 
and the other one from molecular oxygen (Figure 1.10) [69]. In addition, it was shown that the AA10 
CBP21 demanded electrons provided by reducing agents, such as ascorbic acid or reduced 
glutathione [69].  
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Table 1.4 Experimentally determined C1-/C4-regioselectivity of LPMOs until 2013a 
Enzyme  
(AA class) 
Organism Substrate Regio-
selectivity 
Year Reference  
CBP21 
(AA10) 
Serratia marcescens chitin C1 2010 Vaaje-Kolstad et al. [69] 
CelS2 
(AA10) 
Streptomyces 
coelicolor A3(2) 
cellulose C1 2011 Forsberg et al. [108] 
TaGH61 
(AA9) 
Thermoascus 
aurantiacus 
cellulose C1/(C6) 2011 Quinlan et al. [109] 
NCU01050 
(AA9) 
NCU07898 
(AA9) 
NCU08760 
(AA9) 
Neurospora crassa cellulose C4 
 
C1/C4 
 
C1 
2011 Phillips et al. [110] 
PcGH61D 
(AA9) 
Phanerochaete 
chrysosporium 
cellulose C1 2011 Westereng et al. [107] 
EfCBM33A 
(AA10) 
Enterococcus faecalis chitin C1 2012 Vaaje-Kolstad et al. [129] 
PaGH61A 
(AA9) 
PaGH61B 
(AA9) 
Podospora anserina cellulose C1/C4 
 
C1b; (C6) 
2013 Bey et al. [135] 
a Only LPMOs with known C1-/C4-regioselectivity until the 2013 are listed  
b C1 only with CDH as electron donor 
Until 2013, it was known that bacterial AA10 LPMOs cleave cellulose and chitin by the oxidation of 
the C1-carbon atom, whereas AA9 members oxidize either the C1, C4 or both the C1 and C4 position 
(Table 1.4). Depending on the type of oxidation, released gluco-oligosaccharides are oxidized either 
at the reducing (C1) or non-reducing end (C4) (Figure 1.11). The oxidation of the C1-carbon atom 
leads to the formation of an unstable δ-lactone (-2 Da), which is converted into an aldonic acid in the 
presence of water (+ 16 Da) [69]. The oxidation of the C4-postion leads to the formation of a more 
stable 4-ketoaldose (-2 Da), which tautomerizes into a geminal diol depending on the pH (first 
shown by B. Westereng, 4th Workshop on Enzymatic Hydrolysis of Insoluble Carbohydrates, Holbæk, 
Denmark, 2013) [109]. Furthermore, early studies indicated the presence of gemdiols resulting from 
oxidation of the C6-carbon atom. However, this C6-oxidation would not lead to a chain cleavage of 
the polysaccharide and further studies revealed that LPMOs only oxidize the C1- and the C4-carbon 
atom of the β-(1→4)-linked glucan chain [109, 110, 135]. 
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Figure 1.10 Reaction scheme of the SmCBP21 catalyzed oxidation of chitin. The oxidation of chitin leads to the 
formation of an aldonic acid. The carboxylic acid of the aldonic acid contains one oxygen, which derives from 
molecular oxygen (blue) and a second oxygen from water (red). The figure is based on Vaaje-Kolstad et al. [69]. 
1.4.5.1 Electron donors of LPMOs 
As already mentioned, all discovered LPMOs demand electrons provided by small molecular weight 
compounds, and ascorbic acid was by far the one most used for LPMO activity assays [69, 136]. 
Later, it became apparent that other electron donation systems are also possible. One example is 
the co-action of LPMOs with cellobiose dehydrogenase (CDH). Already in 2011, it was shown that 
deletion of the highly expressed CDH-1 gene from the cellulolytic fungus N. crassa resulted in a 
decreased cellulose degradation. Moreover, the addition of a purified CDH from Myceliophthora 
thermophila to a CDH lacking N. crassa strain improved the cellulose degradation up to 2-fold [110]. 
The latter study showed the direct beneficial interaction of CDH-2 on the activity of three AA9 
LPMOs (NCU01050, NCU07898 and NCU08760) (Table 1.4) [110]. 
CDH itself catalyzes the oxidation of cellobiose or other oligosaccharides (e.g. DP2-5) to the 
corresponding lactones [110, 137]. Similar to C1-oxidized products from LPMOs, CDH generated 
lactones are instable and spontaneously convert to aldonic acids in the presence of water (Figure 
1.5). The oligosaccharide oxidation takes place in the flavin domain (FAD) of the CDH and leads to 
the reduction of the flavin (FADH2). The electrons of the reduced flavin are subsequently transferred 
to the heme domain, which is appended to the cytochrome domain. Finally, the electrons are 
transferred from the heme domain to the LPMO [110, 138]. In addition, studies have shown that 
LPMOs and CDH are co-expressed on various substrates, which indicates the relevance of this 
interaction in nature [139, 140]. 
Until the end of 2013, it was not clear how electrons from either reducing agents or CDHs are 
transferred to LPMOs. A major point of discussion was that the close binding of LPMOs to the 
surface of cellulose or chitin makes the catalytic copper center inaccessible even for smaller 
reductants. Therefore, it was hypothesized that reduction of the catalytic copper center takes place 
before the binding of the LPMO to the polysaccharide or, alternatively, electrons are continuously 
transported to the catalytic copper center by an electron tunneling. Li et al. suggested two possible 
scenarios how fungal LPMOs could accommodate an internal electron tunneling [124]. In the first 
scenario, electrons are transferred through an internal conserved ionic network (hydrogen bond 
network), which connects the copper ligand Tyr with the surface exposed Lys under involvement of 
conserved Tyr residues. In a second scenario, electrons are provided by aromatic residues which are 
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in the proximity of the histidines [124]. In addition, computational simulation studies showed that 
the heme domain of a CDH could potentially bind to a hydrophilic conserved surface patch. The 
electrons could be transferred to the catalytic copper center by one of the above proposed 
scenarios [124]. 
 
Figure 1.11 Oxidation of the β-(1→4)-linked glucan at the C1- or C4-carbon position by LPMOs leads to the 
formation of non-oxidized and C1- or C4-oxidized products. See Section 1.4.5 for details. 
1.4.5.2 Catalytic mechanism of LPMOs 
The detailed catalytic mechanism of the oxidation of the β-(1→4)-linked glucan chain by LPMOs was 
not unraveled until 2013. The most detailed reaction pathway was proposed by Phillips et al. in 2011 
[110] who based the catalytic mechanism on the reaction pathway of copper monooxygenases as 
described above [141, 142]. A key step described the one electron reduction (A, Figure 1.12) of the 
Cu(II) to Cu(I) by either the CDH or another external reducing agent. The Cu(I) binds molecular 
oxygen (B, Figure 1.12) and the electron is internally transferred to the bound oxygen, which results 
in the formation of a copper superoxo intermediate (C, Figure 1.12). In a next step, the copper 
superoxo intermediate subtracts a hydrogen atom from the C1-carbon or the C4-carbon atom of the 
polysaccharide (D, Figure 1.12), which leads to the formation of a copper hydroperoxo intermediate 
and a radical at the C1- or C4-carbon atom. A second reduction leads to the cleavage of the O-O 
bond of the copper hydroperoxo intermediate and the release of water (E, Figure 1.12). The formed 
copper oxo radical couples to the substrate radical and thereby hydroxylates the C1- or C4-position 
(F, Figure 1.12). Subsequently, an additional oxygen atom destabilizes the β-(1→4)-linkage, which 
leads to the elimination of a non-oxidized and an oxidized glucan chain. The latter elimination could 
be enabled by a conserved histidine acting as an acid, which is located next to the copper binding 
side. It was also suggested that a direct two electron reduction of oxygen to a Cu-OOH intermediate 
might be able to abstract a hydrogen [110]. However, this approach was not underpinned since 
neither did peroxide enable the reaction nor was the reaction inhibited by catalase addition [110]. 
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Figure 1.12 Reaction mechanism as proposed by Phillips et al. in 2011 [110]. 
1.4.6  Analytical methods for the determination of chitin and cellulose oxidizing 
LPMOs 
Qualitative and quantitative techniques for the analysis of non-oxidized oligosaccharides for the 
characterization of enzymes that are active towards cellulose or chitin have been developed over 
the past decades. Techniques that were used to determine cellulolytic enzyme activity were, for 
example, high performance anion exchange chromatography (HPAEC), high performance liquid 
chromatography coupled to mass spectrometry (HPLC-MS), matrix-assisted laser desorption 
ionization-time of flight mass spectrometry (MALDI-TOF MS) or nuclear magnetic resonance (NMR) 
spectroscopy [30, 143, 144]. However, the catalytic mechanism of LPMOs challenged the 
development of techniques for the analysis of oxidized oligosaccharides due to the lack of standards 
and a limited solubility of released products, which can have a higher degree of polymerization (DP ≥ 
6). The structural variability of oxidized oligosaccharides ranges from the presence of δ-lactones and 
aldonic acids (C1-oxidation) to 4-ketoaldoses and geminal diols (C4-oxidation). An overview of 
available methods used for determination of LPMO activity until 2013 is presented in Table 1.5. 
The first described AA10 LPMO (SmCBP21) cleaved chitin by oxidizing the C1-carbon atom. The 
released chito-oligosaccharides were determined by a variety of techniques such as hydrophilic 
interaction liquid chromatography coupled to MS, HPLC and MALDI-TOF MS (Table 1.5) [69]. 
Furthermore, the simultaneous use of SmCBP21 and chitinase (ChiC) led to the degradation of most 
C1-oxidized chito-oligosaccharides into chitobionic acid, which was quantified by using HPLC [69]. 
Shortly afterwards, a study showed the identification of released C1-oxidized gluco-oligosaccharides 
from cellulose incubated with an AA10 LPMO (ScCelS2) by using HPAEC and MALDI-TOF MS [108]. A 
more complex approach was the derivatization of released non-oxidized and oxidized 
oligosaccharides from the incubation of RAC with an AA9 LPMO. These oligosaccharides were first  
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permethylated and afterwards analyzed by MALDI-TOF/TOF MS analysis (Table 1.5) [109]. This 
approach led to the identification of C1-oxidized and putative C6-oxidized gluco-oligosaccharides. 
Follow-up studies indicated that the C6-oxidation was actually a C4-oxidation [110]. A later study 
proved that released putative C6-oxidized gluco-oligosaccharides were oxidized at the C4-carbon 
atom by using a hypoiodite and sodium borohydride based derivatization technique (Table 1.5) 
[136].  
The availability of the standards gluconic and cellobionic acid (DP1-2) helped the analysis of C1-
oxidized oligosaccharides. Nevertheless, C1-oxidized gluco-oligosaccharides had not been quantified 
to determine the catalytic performance of LPMOs until the end of 2013 (Table 1.5) [69, 145, 146]. In 
addition, only a limited number of LPMOs were identified as C4-oxidizing enzymes and analysis was 
far from quantitative. 
As an alternative approach, a fluorimetric assay was developed to determine the activity of LPMOs 
by measuring the release of hydrogen peroxide (H2O2) [134]. Therefore, the LPMO was incubated 
with a reducing agent such as ascorbate or CDH, a horseradish peroxidase (HRP) and Amplex Red 
(10-acetyl-3,7-dihydroxyphenoxazine), which is the fluorogenic substrate for HRP. Upon LPMO 
reduction by the reducing agent, the LPMO converts molecular oxygen (O2) to H2O2. In the presence 
of HRP, Amplex Red reacts one-to-one with H2O2 to the resorufin. The released resorufin is highly 
fluorescent and can be determined by fluorescence spectroscopy [134]. This assay was used to 
determine the activity of LPMOs in the absence of a substrate like cellulose [134]. Noteworthy, this 
assay cannot be used to determine the activity of LPMOs towards complex biomass due to turbidity. 
Furthermore, the determination of the activity of LPMOs in cellulolytic enzyme mixtures by using the 
Amplex Red assay is limited due to the possible presence of other H2O2 producing enzymes, such as 
peroxidases which are described in Section 1.3.2.  
 
1.5  Myceliophthora thermophila C1 
 
The degradation of complex biomass requires a plethora of naturally occurring enzymes. In contrast, 
commercially produced enzymes, such as hydrolases, derive from a rather small number of 
filamentous fungi such as Trichoderma reesei or Aspergillus species [147]. In this thesis, the fungus 
Myceliophthora thermophila C1 (formerly Chrysosporium lucknowence C1) was used for the 
production of carbohydrate active enzymes. This Ascomycota strain was isolated in Russia and 
further developed for the commercial production of enzymes, which are, for example, used for the 
degradation of biomass [148, 149]. 
In total, around 200 putative carbohydrate active enzymes were annotated in the genome of M. 
thermophila C1 [148]. Interestingly, 55 of these carbohydrate active enzymes are expected to take 
part in the degradation of cellulose (Figure 1.13) [148]. Remarkably, M. thermophila C1 comprises 
26 putative LPMOs, of which 22 and 4 were annotated as AA9 and AA11 subfamily members, 
respectively (Figure 1.13) [150]. It has already been shown in previous research, which used a 
related M. thermophila strain and the fungus Thelavia terrestis, that the type of substrate alters the 
expression profile of fungal LPMOs [150]. Therefore, it was expected that LPMOs of M. thermophila 
C1 differ in their substrate specificity and mode of action. 
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Figure 1.13 Overview of cellulose active enzymes present in M. thermophila C1 
 
1.6  Project aim 
 
This project aims at the characterization of LPMOs from Myceliophthora thermophila C1 and their 
potential use in biomass degradation. Therefore, several LPMOs will be purified and investigated for 
their mode of action towards plant cell wall materials such as cellulose. It is hypothesized that the 
plethora of LPMOs expressed by M. thermophila C1 differ in their catalytic behavior and mode of 
action towards plant cell wall materials. In addition, LPMOs will be characterized through the 
identification and quantification of released non-oxidized and oxidized gluco-oligosaccharides from 
plant cell wall components, such as cellulose and hemicellulose. 
 
1.7  Outline of this thesis 
 
The background and aim of this project is described in Chapter I. The cell wall architecture is 
thoroughly described, which helps to understand the variation in mode of action of the newly 
discovered LPMO enzymes. The details given comprise the knowledge of LPMOs at the time of the 
beginning of this thesis (2013). 
The activity of the first purified LPMO (MtLPMO9A) from Myceliophthora thermophila C1 is 
presented in Chapter II. This chapter describes that MtLPMO9A is the first enzyme which is capable 
of oxidizing xylan in addition to cellulose. Moreover, we show that MtLPMO9A acts in strong synergy 
with endoglucanase I from T. viride. 
In Chapter III, three LPMOs from the fungus Myceliophthora thermophila C1, MtLPMO9A, 
MtLPMO9B and MtLPMO9C are shown to differ in their substrate preference, C1-/C4-regioselectivity 
and reducing agent specificity. 
Chapter IV describes the use of reversed phase (RP)-UHPLC in combination with non-reductive 
2-aminobenzamide (2-AB) labeling to separate C4-oxidized gluco-oligosaccharides from their non-
oxidized counterparts. Coupling of RP-UHPLC to UV detection and subsequent mass spectrometry 
allowed the identification of both labeled non-oxidized and C4-oxidized oligosaccharides formed by 
LPMO activity. 
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In Chapter V we describe a new class of polyphenol oxidases (PPOs) that are able to attack lignin 
building blocks and, thereby, boost the action of LPMOs. In addition, we show that MtPPO7, unlike 
PPOs described so far (e.g. tyrosinases), is highly active towards methoxylated phenolic compounds. 
In Chapter VI, the impact of temperature and pH on the activity of MtLPMO9B and MtLPMO9C 
towards cellulose is presented. In addition, we quantify the release of C1-oxidized gluco-
oligosaccharides by a newly developed β-glucosidase-assisted method. 
Finally (Chapter VII), we discuss the relevance of this research for the use of LPMOs in second 
generation biorefinery. Furthermore, new findings in the LPMO field (2013-2017) and results 
obtained in this thesis are discussed.  
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Abstract 
 
Many agricultural and industrial food by-products are rich in cellulose and xylan. Their enzymatic 
degradation into monosaccharides is seen as a basis for the production of biofuels and bio-based 
chemicals. Lytic polysaccharide monooxygenases (LPMOs) constitute a group of recently discovered 
enzymes, classified as the auxiliary activity subgroups AA9, AA10, AA11 and AA13 in the CAZy 
database. LPMOs cleave cellulose, chitin, starch and β-(1→4)-linked substituted and non-substituted 
glucosyl units of hemicellulose under formation of oxidized gluco-oligosaccharides. 
Here, we demonstrate a new LPMO, obtained from Myceliophthora thermophila C1 (MtLPMO9A). 
This enzyme cleaves β-(1→4)-xylosyl bonds in xylan under formation of oxidized xylo-
oligosaccharides, while it simultaneously cleaves β-(1→4)-glucosyl bonds in cellulose under 
formation of oxidized gluco-oligosaccharides. In particular, MtLPMO9A benefits from the strong 
interaction between low substituted linear xylan and cellulose. MtLPMO9A shows a strong 
synergistic effect with endoglucanase I (EGI) with a 16-fold higher release of detected 
oligosaccharides, compared to the oligosaccharides release of MtLPMO9A and EGI alone. 
Now, for the first time, we demonstrate the activity of a lytic polysaccharide monooxygenase 
(MtLPMO9A) that shows oxidative cleavage of xylan in addition to cellulose. The ability of 
MtLPMO9A to cleave these rigid regions provides a new paradigm in the understanding of the 
degradation of xylan-coated cellulose. In addition, MtLPMO9A acts in a strong synergism with 
endoglucanase I. The mode of action of MtLPMO9A is considered to be important for loosening the 
rigid xylan-cellulose polysaccharide matrix in plant biomass, enabling increased accessibility to the 
matrix for hydrolytic enzymes. This discovery provides new insights in how to boost plant biomass 
degradation by enzyme cocktails for biorefinery applications. 
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2.1  Background 
 
Effective degradation of plant polysaccharide biomass into monosaccharides, which are useful 
building blocks for biochemicals or biofuels, requires a variety of enzymes. Commercial enzyme 
cocktails for plant cell wall degradation mostly comprise enzymes produced by filamentous fungi, 
like Aspergillus and Trichoderma strains. In addition, the commercially available fungus 
Myceliophthora thermophila C1 is a good candidate for the production of thermo-tolerant 
carbohydrate-active enzymes [1]. Still, improvements of already existing enzyme cocktails are 
required for a more efficient degradation of plant biomass and a decrease in costs for the 
production of biochemicals and biofuels. 
In general, plant cell walls are composed of a primary and secondary layer, which are both build 
from various polymers such as polysaccharides, lignins and proteins. The polysaccharides of the 
plant cell wall are cellulose fibrils and hemicellulose [2-5]. Cellulose is a homogeneous linear 
polymer of β-(1→4) linked glucosyl units and, depending on the source, exceeding a degree of 
polymerization (DP) over 10.000 [6]. These β-(1→4) linked glucosyl chains are forming microfibrills 
via hydrogen bonds and Van der Waals forces [7]. Depending on these interactions, cellulose is 
composed of crystalline and amorphous regions [8]. Lignin is an aromatic heteropolymer consisting 
of the three monolignols coniferyl, sinapyl and p-coumaryl alcohol, which are methoxylated in 
various degrees. The network of lignin in the plant cell wall is build up by ester and ether linkages 
with hemicellulose [9, 10, 3]. Hemicellulose is, unlike cellulose, a very heterogeneous polymer. The 
hemicellulose structure differs between species of mono- and dicotyls and, depending on the 
source, can consist of a xylan, mannan, xyloglucan or β-glucan backbone [11-16]. The majority of 
these backbones are composed of β-(1→3, 1→4) linked xylosyl, β-(1→4) linked mannosyl and β-
(1→3, 1→4) linked glucosyl residues, respectively. In addition, these backbones show structural 
side-chain variations, which can differ in i.e. type of substituent or distribution along the backbone 
[17]. Such hemicelluloses are strongly associated with cellulose via hydrogen-bonding, especially the 
ones with a low degree of substitution or a block-wise distribution of substituents along the 
backbone [2, 4]. The cellulose-associated hemicelluloses block cellulases to reach their substrate, 
which is likely to contribute to the defense of plants against microbial attack, and hinder the 
deconstruction of cellulose by industrial enzymes into fermentable monosaccharides [18, 19]. 
Hence, degradation of cellulose-associated hemicelluloses is essential to improve hydrolysis of 
cellulose present in plant biomass. 
It has been known for a long time that enzymatic degradation of cellulosic plant biomass can be 
achieved by a variety of glycoside hydrolases (GHs; EC.3.2.1.-), which are all listed in the 
Carbohydrate-Active enZYmes (CAZy, [20]) database. However, the effectiveness of hydrolases on 
cellulose is limited, due to hydrogen bonds between the glucan chains of the rather crystalline 
cellulose. Recently, it was demonstrated that the breakdown of crystalline polysaccharides could be 
boosted by the action of lytic polysaccharide monooxygenases (LPMOs). These LPMOs are classified 
as subgroups AA9, AA10, AA11 and AA13 in the CAZy database [21]. The LPMOs exhibit oxidative 
cleavage between β-(1→4)-glucosyl units in chitin, cellulose, hemicellulosic glucan and soluble 
cellodextrines under formation of oxidized gluco-oligosaccharides [22-26]. Depending on the type of 
LPMO, products released are gluco-oligosaccharides that are oxidized at either the reducing (C1) or 
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the non-reducing (C4) end. Although not relevant for degradation of plant cell walls, very recently 
starch-active LPMO has been reported, cleaving between α-(1→4)-glucosyl units in starch under 
formation of C1-oxidized dextrins [26, 27]. This finding illustrates that LPMO activities cover a 
broader range of substrates than earlier conceived. So far, no LPMO active on xylans has been 
reported. 
In the present research, a new enzyme LPMO activity is described, which can be considered to be 
highly important for the concerted degradation of plant cellulose associated with xylan. In brief, we 
propose that the thermo-tolerant enzyme MtLPMO9A from M. thermophila C1 cleaves cellulose-
associated xylan under formation of oxidized xylo-oligosaccharides. In addition, to evaluate the 
enhanced cellulose accessibility, the synergistic effect of MtLPMO9A with an endoglucanase I was 
determined. 
 
2.2  Results 
 
2.2.1  Enzyme purity 
From the M. thermophila C1 genome, protein MtLPMO9A was predicted to be an LPMO belonging 
to subfamily AA9 [21]. Since the addition of LPMOs to a cellulase cocktail was found to considerably 
increase the release of glucose from cellulose [28, 29], it was of interest to analyze the mode of 
action of MtLPMO9A in further detail. Hereto, MtLPMO9A was expressed and produced in a 
protease/(hemi-)cellulase-free M. thermophila C1 strain with Dyadic technology (Dyadic NL, 
Wageningen, The Netherlands). MtLPMO9A was purified to apparent homogeneity using multiple 
chromatographic steps. The purified enzyme showed a single band in SDS-PAGE with an apparent 
molecular mass of 23 ± 1 kDa (Additional Figure 2.1), in good agreement with the predicted mass of 
MtLPMO9A (22,755.3 Da; without signal peptide). 
To further analyze the purified MtLPMO9A preparation, the enzyme was subjected to LC/UV/ESI 
mass spectrometry. The elution pattern (Figure 2.1) showed a main and a shallow peak, of which the 
latter was due to protein denaturation by the LC conditions applied. MS-analysis of both the main 
and shallow peak showed exactly the same protein mass based on the multi-charged ion patterns 
corresponding to a mass of 22765.3 ± 0.1 Da. The MtLPMO9A protein comprised ± 99.5% (65% + 
34.5%, from the main and shallow peak, respectively) of the total protein present based on UV (214 
nm), and 94.7% based on total ion current (TIC) in the full mass range. In conclusion, MtLPMO9A 
was obtained in an extremely pure form. 
2.2.2  Structural model of MtLPMO9A 
A structural model of MtLPMO9A was generated based on the available structure of TtPMO1 from 
Thielavia terrestis [29] (Protein Data Bank entry: 3EII), which shared 75% amino acid sequence 
identity. The MtLPMO9A model (Figure 2.2) shows a highly conserved β-sheet core, whereas the 
loops differ from the TtPMO1 structure reported. The divalent metal ion in the active site is 
coordinated by the three amino acids His1, His68 and Tyr153. The tyrosine (Tyr67) above the 
coordination site is typical for the PMO1 subgroup of the AA9 family [30]. Of the amino acids 
proposed to form the flat area of the TtPMO1 substrate-binding site, only one tyrosine is replaced 
by an asparagine in MtLPMO9A (Asn191). This tyrosine is also not conserved in other LPMO 
structures available in the Protein Data Bank. Based on the structural model shown in Figure 2.2, 
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MtLPMO9A comprises two disulfide bridges Cys126-Cys208 (-2 Da) and Cys38-Cys156 (-2 Da). The 
predicted mass of MtLPMO9A (22,755.3 Da; amino acid sequence without signal peptide) is 10 Da 
lower than the actual mass determined by ESI-MS (22765.3 Da). Based on this calculation, 
MtLPMO9A is expected to contain a methylated N-terminal histidine (predicted mass from the 
amino acid sequence +14 Da for the methyl group bound to the histidine). 
 
Figure 2.1 LC/ESI-MS analysis of MtLPMO9A. Purified MtLPMO9A was analyzed by LC/UV/ESI-MS using an 
ACQUITY UPLC separation system and a SYNAPT ion mobility mass spectrometer. a Chromatographic profile of 
purified MtLPMO9A (UV 214 nm). b and c ESI MS spectra (m/z values) of the main peak (b) and a shallow peak (c) 
observed by UV. The main and shallow peak showed exactly the same mass spectrum corresponding to the same 
protein with an m/z of 22765 Da. The main and shallow peak together featured about 99.5% of the total area 
measured in the UV trace at 214 nm and 94.7% of the total area measured in the total ion current (TIC) mass 
chromatogram (See Methods). Blue numbers represent different charge states of MtLPMO9A. 
2.2.3  Activity of MtLPMO9A on amorphous cellulose 
The activity of MtLPMO9A was assayed on regenerated amorphous cellulose (RAC), both in the 
absence and presence of the external electron donor ascorbic acid. From HPAEC and MALDI-TOF MS 
analysis (Figure 2.3) it can be concluded that in the presence of ascorbic acid, RAC is degraded by 
MtLPMO9A and that both C1 and C4 oxidized gluco-oligosaccharides (GlcOSn
# and GlcOSn*, 
respectively) and non-oxidized gluco-oligosaccharides (GlcOSn) were formed. Furthermore, in the 
absence of ascorbic acid no oxidized and non-oxidized gluco-oligosaccharides were found, which 
indicates that both hydrolytic and oxidative cleavage activity towards RAC are absent (Additional 
Figure 2.2). The annotation by HPAEC of oxidized gluco-oligosaccharides was performed using the 
published elution pattern of C1- and C4-oxidized gluco-oligosaccharides formed by NCU01050 or 
NCU08760 from Neurospora crassa [22, 31]. In addition, the formation of oxidized gluco-
oligosaccharides was confirmed by the masses identified with MALDI-TOF MS (Figure 2.3c), based on 
previously proposed LPMO cleaving mechanisms [31-33]. In short, oxidation at C1 of the pyranose 
ring leads to formation of an unstable δ-lactone, which in the presence of water converts to an 
aldonic acid. Lactone formation results in a 2 Da lower mass compared to the non-oxidized gluco-
oligosaccharides, while aldonic acid formation results in a 16 Da higher mass (Figure 2.3b and c, 
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marked with #). Some of these acid groups may exchange an H-ion for a Li-ion, leading to a double Li-
adduct yielding to an additional mass of 6 Da (Figure 2.3c, marked with §). Such double adducts have 
also been described for galacturonic acid oligosaccharides in MALDI-TOF MS [34]. Similarly, 
oxidation at the C4 position leads to a 4-ketoaldose (Figure 2.3c, marked with *), which is rather 
stable. It corresponds, like the lactone, to a 2 Da lower mass compared to the non-oxidized gluco-
oligosaccharides [23, 32]. 
 
Figure 2.2 Structural model of MtLPMO9A. a Structural model of MtLPMO9A generated using the available 
template structure of TtPMO1 from Thielavia terrestis (PDB-id: 3EII) [29]. The divalent metal ion (orange) in the 
flat face is coordinated by two histidines (His1 and His68; blue) and one tyrosine (Tyr153, magenta), which is 
typical for LPMOs belonging to subgroup AA9 of the CAZy database [30]. Compared to TtPMO1, Tyr191 is 
replaced by Asn191 in the flat face. Two disulfide bridges Cys126-Cys208 and Cys38-Cys156 are conserved and 
expected to be crucial for the thermo-tolerance of MtLPMO9A. b Sequence alignment of MtLPMO9A and 
TtPMO1 (PDB-id: 3EII), which scored the highest in a Blast search using the MtLPMO9A sequence against the 
Protein Data Bank (75% amino acid identity). 
Unexpectedly, besides oxidized and non-oxidized gluco-oligosaccharides, also masses of C1 and C4 
oxidized xylo-oligosaccharides (XOSn
# and XOSn*, respectively) and non-oxidized xylo-
oligosaccharides (XOSn) were observed (Figure 2.3c), although Avicel is known to contain around 2% 
(w/w) of xylan [35]. This striking observation suggested that MtLPMO9A is capable of oxidatively 
cleaving xylan next to cellulose. Based on the proposed LPMO cleaving mechanism for gluco-
oligosaccharides as described above, the oxidation of the C1 and C4 position of xylo-oligosaccharides 
leads to a 2 Da lower mass compared to non-oxidized xylo-oligosaccharides. Xylo-oligosaccharides 
oxidized at the C1 position are, like C1 oxidized gluco-oligosaccharides, unstable δ-lactones, which 
hydrolyse in water to the corresponding aldonic acids (XOSn
#; +16 Da). 
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Figure 2.3 Activity of MtLPMO9A on amorphous cellulose. a Structure and nomenclature used: XOSn and GlcOSn, 
non-oxidized xylo- and gluco-oligosaccharides; XOSn# and GlcOSn#, xylo- and gluco-oligosaccharides oxidized at 
the C1-carbon atom; XOSn* and GlcOSn*, xylo - and gluco-oligosaccharides oxidized at the C4-carbon atom. b 
HPAEC elution pattern of regenerated amorphous cellulose (RAC) after incubation with MtLPMO9A (5 mg g-1 
substrate). Samples were incubated in a 50 mM ammonium acetate buffer (pH 5.0) for 24 h at 52°C with ascorbic 
acid addition (1 mM). In the presence of ascorbic acid, oxidized GlcOSn# * are formed by MtLPMO9A (marked 
either with # or *), of which the masses were analyzed by MALDI-TOF MS. Using RAC as a substrate, small 
amounts of non-oxidized XOSn are detected by HPAEC. c MALDI-TOF mass spectrum of RAC incubated with 
MtLPMO9A with ascorbic acid. Clusters of oxidized GlcOSn# * are determined as their lithium (Li) adducts. The 
insert shows masses of XOSn# * and GlcOSn# * oxidized either at C4 leading to a keto-group (* -2 Da) or C1 leading 
to a lactone (# -2Da). The δ-lactones are unstable in water and hydrolyse to the corresponding aldonic acids  
(# +16 Da). Double Li-adducts (one Li-adduct and one additional Li exchanged for H on the acid-group) are C1 
oxidized products (§). 
2.2.4  Activity of MtLPMO9A on three types of xylans 
The observation that MtLPMO9A generates oxidized xylo-oligosaccharides from RAC next to oxidized 
gluco-oligosaccharides is new and such an action of LPMOs has not been described for other LPMOs. 
Therefore, wheat arabinoxylan (WAX), birchwood glucuronoxylan (BiWX) and oat spelt xylan (OSX) 
were incubated with MtLPMO9A in the absence or presence of ascorbic acid. The products formed 
were determined by using HPAEC and MALDI-TOF MS (Additional Figures 2.3-2.5). Remarkably, both 
in the absence and presence of ascorbic acid, no oxidized xylo-oligosaccharides were observed. In 
fact, non-oxidized xylo-oligosaccharides were released, which most likely pointed at the presence of 
a minor xylanolytic hydrolase impurity.  
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Figure 2.4 HPAEC elution pattern of xylan-RAC-mixtures incubated with MtLPMO9A. a Birchwood xylan (BiWX) 
and b oat spelt xylan (OSX) (2mg mL-1) in the presence and absence of regenerated amorphous cellulose (RAC; 2 
mg mL-1) after incubation with MtLPMO9A (12.5 mg g-1 substrate). c HPAEC elution pattern of RAC after 
incubation with MtLPMO9A (12.5 mg g-1 substrate). Samples were incubated in a 50 mM ammonium acetate 
buffer (pH 5.0) with ascorbic acid addition (1 mM). Incubation with MtLPMO9A of the two xylans and xylan-RAC-
mixtures, in the presence of ascorbic acid, results in the formation of non-oxidized linear xylo-oligosaccharides 
(XOSn) and substituted xylo-oligosaccharides. Incubation of xylan-RAC-mixtures with MtLPMO9A in the presence 
of ascorbic acid results in the formation of non-oxidized gluco-oligosaccharides (GlcOSn) and oxidized gluco-
oligosaccharides (GlcOSn#). The incubation of MtLPMO9A with BiWX-RAC- and OSX-RAC-mixture in the presence 
of ascorbic acid results in the formation of numerous products (black arrow, indicated as oxidized xylo-
oligosaccharides XOSn# *), which are not present if MtLPMO9A was incubated with BiWX, OSX or RAC alone. The 
results of MALDI-TOF MS analysis of BiWX-RAC- and OSX-RAC-mixture incubated with MtLPMO9A in the 
presence of ascorbic acid are shown in Figure 2.5. 
2.2.5  Activity of MtLPMO9A on xylan-RAC-mixtures 
Since MtLPMO9A generated oxidized xylo-oligosaccharides from RAC next to oxidized gluco-
oligosaccharides, but not if xylan as substrate was used alone, the mode of action of MtLPMO9A on 
xylan-rich cellulosic biomass was further investigated. Hereto, RAC was separately mixed with wheat 
arabinoxylan (WAX), birchwood glucuronoxylan (BiWX) or oat spelt xylan (OSX). MtLPMO9A was 
added in the absence and presence of ascorbic acid. The products were determined using HPAEC 
and MALDI-TOF MS (Figures 2.4 and 2.5, Additional Figure 2.5). In the absence of ascorbic acid, only 
non-oxidized xylo-oligosaccharides were formed from incubating RAC with BiWX, OSX or WAX. In the 
presence of ascorbic acid, however, the OSX-RAC- and BiWX-RAC-mixtures incubated with 
MtLPMO9A showed formation of non-oxidized and oxidized xylo-oligosaccharides and of non-
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oxidized and oxidized GlcAme-xylo-oligosaccharides (4-O-methylglucuronic acid attached to xylo-
oligosaccharides) next to non-oxidized and oxidized gluco-oligosaccharides (Figure 2.4). MALDI-TOF 
MS confirmed the formation of xylo-oligosaccharides and xylo-oligosaccharides oxidized at C1 
(XOSn
#; + 16 Da) and at C4 (XOSn*; -2 Da). From the WAX-RAC-mixture in the presence of ascorbic 
acid the formation of oxidized and non-oxidized gluco-oligosaccharides was observed (Additional 
Figure 2.5), but no oxidized xylo-oligosaccharides. 
 
Figure 2.5 MALDI-TOF MS spectra of xylan-RAC-mixtures incubated with MtLPMO9A. b Birchwood xylan (BiWX; 2 
mg mL-1) and c oat spelt xylan (OSX; 2 mg mL-1) in the presence of regenerated amorphous cellulose (RAC; 2 mg 
mL-1) after incubation of MtLPMO9A (10 mg g-1 substrate). Samples were incubated in a 50 mM ammonium 
acetate buffer (pH 5.0) for 24 h at 52°C with ascorbic acid addition (1 mM). MtLPMO9A incubation of BiWX and 
OSX with RAC addition releases non-oxidized and oxidized xylo- and gluco-oligosaccharides (XOSn, XOSn# *; 
GlcOSn, GluOSn# *). The presence of C4-oxidized XOSn*, and XOSn# oxidized at C1 to an aldonic acid (# + 16 Da) is 
shown. Non-oxidized GlcOSn and oxidized GlcOSn# * are less detectable due to abundance of xylo-
oligosaccharides present. From BiWX also 4-O-methylglucoronic acid containing non-oxidized XOSn (GlcAmeXOSn) 
and 4-O-methylglucoronic acid containing oxidized XOSn# * (GlcAmeXOSn# *) are formed. a Illustrated structure of 
4-O-methylglucoronic acid containing C1- and C4-oxidized XOSn (GlcAmeXOSn#, GlcAmeXOSn*, respectively). Masses 
represent lithium-adducts only. Double Li-adducts are determined for C1 oxidized products (§ + 6 Da). MALDI-TOF 
MS analysis of BiWX and OSX in the presence of RAC after incubation of MtLPMO9A without ascorbic acid did not 
reveal detectable amounts of oxidized products (data not shown).  
 
41
II
CHAPTER II 
 
2.2.6  Synergy with EGI 
The synergy of MtLPMO9A with a pure EGI from Trichoderma viride [36, 37] in degrading RAC is 
shown in Figure 2.6. The release of GlcOSn by EGI in the presence of MtLPMO9A is around 16 and 8 
times higher compared to the activity of pure EGI and pure MtLPMO9A alone, respectively (based on 
the total HPAEC-area of GlcOS2-5). The observed strong synergy between an LPMO and a cellulase 
has not been reported before. 
 
Figure 2.6 HPAEC elution patterns of RAC incubated with MtLPMO9A and EGI. Regenerated amorphous cellulose 
(RAC, 2 mg mL-1) before and after incubation with MtLPMO9A (10 mg g-1 substrate) and/or endoglucanase I from 
T. viride (EGI) (100 μg g-1 substrate). Samples were incubated in a 50 mM ammonium acetate buffer (pH 5.0) for 
24 h at 52°C with ascorbic acid addition (1 mM). In the presence of ascorbic acid, mainly oxidized gluco-
oligosaccharides (GlcOSn# *) are formed by MtLPMO9A from RAC (marked either with # for C1 or * for C4 
oxidation). Incubation of EGI with RAC results in hardly detectable non-oxidized gluco-oligosaccharides (DP2-5). 
The combined addition of EGI and MtLPMO9A results in a 16-fold higher release of non-oxidized GlcOSn (based 
on comparison of the sum of AUC of GlcOS2-4 determined by HPAEC) from RAC compared to EGI incubated with 
RAC only. 
 
2.3  Discussion 
 
LPMOs constitute a new class of oxidative enzymes, which are expected to play a crucial role in the 
degradation of lignocellulosic biomass [23-25, 27]. We purified a new LPMO from the commercially 
applied fungus Myceliophthora thermophila C1 and investigated its degradation capacity on a wide 
range of substrates (Table 2.1). We show for the first time an LPMO that is able to oxidize substrates 
with a β-(1→4)-linked xylan backbone, in the presence of cellulose and the electron donor ascorbic 
acid. 
For the formation of oxidized xylo-oligosaccharides by MtLPMO9A in the presence of ascorbic acid, 
the addition of cellulose to xylans is essential. During incubations without ascorbic acid no oxidized 
xylo- and gluco-oligmers were detected. We considered the idea that the formation of glucyl radical 
intermediates of cellulose by MtLPMO9A [31, 32] might have oxidized the xylan backbone. This 
hypothesis, however, seemed to be unlikely since also other LPMOs cleave cellulose under the 
formation of oxidized gluco-oligosaccharides via glucyl radical intermediates, but the formation of 
oxidised xylo-oligosaccharides has not been reported [23, 28]. We showed that the oxidized xylo-
oligosaccharides detected were not from RAC only. Specifically, oxidized GlcAme-xylo-
oligosaccharides from the cleavage of BiWX and OSX were also detected, but only if RAC was 
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incubated together with BiWX or OSX (Figures 2.4 and 2.5). Hence, we hypothesize that MtLPMO9A 
uses the cellulose to bind while oxidizing neighbouring xylan-chains. This idea is strengthened by the 
observation that in contrast to RAC-BiWX and RAC-OSX-mixtures, oxidized xylo-oligosaccharides are 
not formed with RAC-WAX mixtures. Unlike WAX, both BiWX and OSX consist of large sequences of 
unsubstituted xylosyl residues [4, 38]. Such long linear unsubstituted xylans are reported to 
associate with cellulose via hydrogen-bonding [2, 4]. WAX, on the other hand, has a high degree of 
arabinosyl-substituents present on the β-(1→4)-linked xylan backbone [39], which has been shown 
to prevent association with cellulose-chains [4]. Here, we show for the first time a LPMO, which 
benefits from the strong interaction between low substituted linear xylan and cellulose. The 
discovered activity of MtLPMO9A provides a new paradigm in the understanding of the degradation 
of xylan-coated cellulose. 
Table 2.1 MtLPMO9A oxidation on various polysaccharide substrates 
Substrate Occurrence of oxidation 
 without Ascorbic Acid with 1 mM Ascorbic Acid 
 GlcOSn
# * a XOSn
# * b GlcOSn
# * XOSn
# * 
Cellulose     
Avicelc - - + + 
RACc - - + + 
Hemicellulose     
Glucan     
Xyloglucand - - + - 
β-Glucan barley - - + - 
β-Glucan oat spelt - - + - 
Xylan     
OSXe - - - - 
BiWXe - - - - 
WAXe - - - - 
Oligosaccharides     
Gluco-oligosaccharidesf - - - - 
Xylo-oligosaccharidesf - - - - 
Galactomannang - - - - 
RAC/Hemicellulose combination     
RAC + BiWX - - + + 
RAC + OSX - - + + 
RAC + WAX - - +h - 
a Gluco-oligosaccharides oxidized at the C1 (GlcOSn#) or C4 position (GlcOSn*) 
b Xylo-oligosaccharides oxidized at the C1 (XOSn#) or C4 position (XOSn*) 
c Regenerate amorphous cellulose (RAC), crystalline cellulose (Avicel) 
d Xyloglucan from tamarind seed 
e Oat spelt xylan (OSX), birch wood xylan (BiWX), wheat arabinoxylan (WAX)  
f β-(1→4)-linked gluco- and xylo-oligosaccharides, degree of polymerisation 2-5 
g β-(1→4)-linked-D-mannosyl backbone from guar (medium viscosity), purchased from 
Megazyme (Bray, Ireland) 
h Corrected, published as (-) 
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Recently, NcLPMO9C from N. crassa expressed in P. pastoris was described to have an activity on 
hemicellulosic β-(1→4)-linked glucans [24]. We found that MtLPMO9A showed a similar mode of 
action on hemicellulosic β-(1→4)-linked glucans and β-(1→3, 1→4)-linked glucans (Additional 
Figure 2.6-2.7). However, formation of oxidized xylo-oligosaccharides so far has only been observed 
for MtLPMO9A. 
Based on their amino acids in the substrate binding site, LPMOs of the AA9 class are further divided 
into the subgroups PMOI, PMOII and PMOIII [30]. MtLPMO9A shows most similarity with subgroup 
PMOI and has the highest amino acid sequence identity with TtPMO1 (75%). Like TtPMO1 [29], 
MtLPMO9A considerably enhances glucose release from cellulose when added to a cellulase-
cocktail. Additionally, MtLPMO9A shows a strong synergistic effect with EGI on amorphous cellulose 
as shown in the present study. During enzyme purification, the oxidative activity of MtLPMO9A was 
separated from a strong hydrolytic activity towards cellulose (data not shown). Probably, 
MtLPMO9A and the enzyme responsible for this hydrolytic activity are closely working together in 
vivo. Possibly, during the evolution of fungi, the development of enzymes containing both oxidative 
activities and synergism with hydrolases enabled a more efficient degradation of a wider range of 
substrates present in nature. 
 
2.4  Conclusions 
 
The enzymatic degradation of cellulose and xylan rich agricultural and industrial food by-products 
into monosaccharides is seen as a basis for the production of biofuels and bio-based chemicals. 
Now, for the first time, we demonstrate the activity of a lytic polysaccharide monooxygenase 
(MtLPMO9A), that shows oxidative cleavage of xylan in addition to cellulose and that acts in 
synergism with endoglucanase I. The ability of MtLPMO9A to cleave the xylan coated cellulose 
regions is considered to be important for loosening the rigid plant polysaccharide matrix in plant 
biomass, enabling an increased accessibility for hydrolytic enzymes. This discovery provides new 
insights in how fungi degrade plant cell wall structures by using both oxidative activity and 
synergism with hydrolases and, in addition, how to boost hydrolytic enzyme cocktails for biorefinery 
applications. 
 
2.5  Methods 
 
2.5.1  Enzyme expression, production and purification 
MtLPMO9A from Myceliophthora thermomphila C1 (UniProt: KP901251) was over-expressed in a 
protease/(hemi-)cellulase free C1-expression host (LC strain) [40, 41]. The C1-strain was grown 
aerobically in 2-L fermentors using a medium containing glucose and ammonium sulfate, and 
enriched with essential salts [41]. Enzyme production was performed under glucose limitation in a 
fed-batch process (pH 6.0; 32°C) as described previously [40] and resulted in an MtLPMO9A-rich 
crude enzyme extract. The crude enzyme extract was dialyzed against 10 mM potassium phosphate 
buffer (pH 7.0). MtLPMO9A was purified using an AKTA-Explorer preparative chromatography 
system (GE Healthcare, Uppsala, Sweden). As a first step, 3 g of the dialyzed crude enzyme mixture 
(50 mg mL-1) was subjected to a self-packed Source15Q column (100 x 70 mm internal diameter, GE 
Healthcare), pre-equilibrated in 20 mM potassium phosphate buffer (pH 7.0). After protein 
 
44 
Combined oxidative cleavage of plant xylan and cellulose by a new LPMO 
 
 
application, the column was washed with 3 column volumes of 20 mM potassium phosphate buffer 
(pH 7.0). Elution was performed with a linear gradient of 0-1 M NaCl in 20 mM potassium phosphate 
buffer (pH 7.0) over five column volumes at 25 mL min-1. The eluate was monitored at 220 and 280 
nm. Fractions (20 mL) were collected and immediately stored on ice. Peak fractions were pooled and 
concentrated using ultrafiltration (Amicon Ultra, molecular mass cut-off of 3 kDa, Merck Millipore, 
Cork, Ireland) at 4°C. The concentrated pools were subjected to SDS-PAGE (Additional Figure 2.1). 
For further purification (2nd step), the MtLPMO9A-containing pool (fraction AEC-I, Additional Figure 
2.1) was loaded onto a self-packed Superdex TM-75 column (100 x 3 cm internal diameter, GE 
Healthcare) and eluted at 5 mL min-1 with a 10 mM potassium phosphate buffer (pH 7.0) containing 
150 mM NaCl. Fractions (5 mL) were immediately stored on ice. Peak fractions were pooled and 
concentrated by ultrafiltration as described above. 
The MtLPMO9A preparation thus obtained (partially purified fraction SEC-I; Additional Figure 2.1) 
was further subjected (3rd step) to a Resource Q column (30 x 16 mm internal diameter, GE 
Healthcare), pre-equilibrated in 20 mM potassium phosphate buffer (pH 7.0). After protein 
application, the column was washed with 20 column volumes of starting buffer. Elution at 6 mL  
min-1 was performed with a linear gradient of 0-1 M NaCl in 20 mM potassium phosphate buffer (pH 
7.0) over 20 column volumes. Elution was monitored at 220 and 280 nm. Fractions (3 mL) were 
immediately stored on ice. Peak fractions were pooled and concentrated by ultrafiltration as 
described above. 
2.5.2  Protein identification 
Sequencing of the MtLPMO9A coding sequence was carried out by The Scripps Research Institute, 
USA. 
2.5.3  Protein content 
To analyze protein contents the BCA Protein Assay Kit (Thermo Scientific, Rockford, IL, USA) was 
used with bovine serum albumin (BSA) as calibration. 
2.5.4  SDS-PAGE 
The protein purity was analyzed by using sodium dodecyl sulfate polyacrylamide gel electrophoresis 
(SDS-PAGE). Therefore, proteins were reduced with β-mercaptoethanol, heated for 10 min and 
loaded on 12% polyacrylamide gels (Mini-PROTEAN TGX Gels, Bio-Rad Laboratories, Hempel 
Hempstead, UK). In addition, a protein marker (Protein All Blue Standards, Bio-Rad Laboratories) 
was loaded for mass calibration. Gels were stained with the EZBlue Gel Staining Reagent (Sigma 
Aldrich, Steinheim, Germany). 
2.5.5  LC/ESI-MS 
Purified MtLPMO9A (2.5 mg mL-1 in 0.1% (v/v) trifluoroacetic acid (TFA) in H2O) was analyzed by 
liquid chromatography/electronspray ionization-mass spectrometry (LC/ESI-MS) using an ACQUITY 
UPLC separation system (Waters, Milford, MA, USA) equipped with a C4-reversed phase column 
(UPLC BEH C4 1.7 µm, 2.1 x 100 mm, Waters) coupled to a PLC LG 500 photodiode array detector 
(Waters) and to a SYNAPT G2-Si High Definition Mass Spectrometer (Waters). Gradient elution with 
eluent A (H2O + 1% (v/v) acetonitrile + 0.1% (v/v) TFA) and eluent B (acetonitrile + 0.1% (v/v) TFA) 
was performed according to the following steps: From 0 to 2 min isocratic 90% A, from 2 to 12 min 
gradient from 90% A to 25% A, from 12 to 15 min gradient from 25% A to 100% B, from 12 to 15 min 
isocratic at 100% B, then re-equilibration to the initial conditions. The flow rate and the injection 
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volume were 0.35 mL min-1 and 2 µL, respectively. The photodiode array detector was operated at a 
sampling rate of 40 points sec-1 in the range 200-400 nm, resolution 1.2 nm. The SYNAPT mass 
spectrometer was operated in the positive ion mode (resolution mode), capillary voltage 3 kV, 
sampling cone 30 V, source temperature 150°C, desolvation temperature 500°C, cone gas flow (N2) 
200 L h-1, desolvation gas flow (N2) 800 L h
-1, acquisition in the full scan mode, scan time 0.3 sec, 
interscan time 0.015 sec, acquisition range 150-4000 m/z. 
2.5.6  Substrates incubated with MtLPMO9A 
OSX, BiWX, Avicel PH-101, xylo-oligosaccharides (DP1-5) and β-(1→4)-linked gluco-oligosaccharides 
(DP1-5) were obtained from Sigma-Aldrich (Steinheim, Germany). WAX (medium viscosity), β-(1→3, 
1→4)-linked-glucan from barley (medium viscosity) and oat spelt (medium viscosity) were 
purchased from Megazyme (Bray, Ireland). Xyloglucan (XG; from tamarind seed) was obtained from 
Dainippon Sumitomo Pharma (Osaka, Japan). Regenerated amorphous cellulose (RAC) was prepared 
from Avicel PH-101 by adapting a method described elsewhere [42]. Briefly, Avicel PH-101 (100 mg) 
was moistened with 0.6 mL water. Next, 10 mL 86.2% (w/v) ortho-phosphoric acid was slowly added 
followed by rigorously stirring for 30 min until the cellulose was completely dissolved. The dissolved 
cellulose precipitated during step-wise addition of 40 mL water. After centrifugation (4000 x g, 12 
min, 4°C), the pellet obtained was washed twice with water and neutralized (pH 7.0) with 2 M 
sodium carbonate. The pellet was washed again with water (three times) and the final pellet was 
suspended in water to a dry matter content of 1.4 ± 0.1% (w/w) RAC suspension. 
2.5.7  MtLPMO9A activity assays 
Substrates (1-2 mg mL-1, see Figure captions) were dissolved in 50 mM ammonium acetate buffer 
(pH 5.0), with or without addition of ascorbic acid (final concentration of 1 mM). MtLPMO9A was 
added (12.5 µg mg-1 substrate) and incubated for 24 h at 50°C in a head-over-tail rotator in portions 
of 1 mL total volume (Stuart rotator, Bibby Scientific, Stone, UK) at 20 rpm. Supernatants of all 
incubations, including substrates incubated with and without ascorbic acid in the absence of 
MtLPMO9A, were analyzed by HPAEC and MALDI-TOF MS. 
2.5.8  Structural modelling 
An alignment was made of the amino acid sequence of MtLPMO9A and the amino acid sequence of 
PMO1 from Thielavia terrestis, which scored highest in a Blast search using the MtLPMO9A 
sequence against the Protein Data Bank (75% amino acid identity). Using this alignment and the 
available structure of TtPMO1 (PDB-id: 3EII) as template, structural models were obtained for 
MtLPMO9A using the Modeller program version 9.14 [43]. Thirty comparative models were 
generated, after which the model with lowest corresponding DOPE score [44] was selected for 
image generation using Pymol (Pymol, The PyMOL Molecular Graphics System, Version 1.5.0.4 
Schrödinger, LLC, New York, NY, USA). 
2.5.9  Oligosaccharides analysis 
Oligosaccharides were analyzed by high-performance anion-exchange chromatography (HPAEC) 
with pulsed amperometric detection (PAD). The HPAEC system (ICS-5000, Dionex, Sunnyvale, CA, 
USA) was equipped with a combination of a CarboPac PA1 guard column (50 mm x 2 mm i.d., 
Dionex) and a CarboPac PA1 analytical column (250 mm x 2 mm i.d., Dionex). The flow rate was 0.3 
mL min-1 (20°C). Samples were kept at 6°C in the autosampler and the injection volume was 10 µL. 
Elution was performed by using two mobile phases: 0.1 M NaOH and 1 M NaOAc in 0.1 M NaOH. 
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The gradient elution program was as follows: 0-30 min, linear gradient 0-400 mM NaOAc; 30-40 min 
linear gradient 400-1000 mM NaOAc; followed by a cleaning step and equilibration (15 min) of the 
column with the starting conditions. Soluble gluco- and xylo-oligosaccharides (degree of 
polymerisation 1-5) as well as glucuronic and gluconic acid were used as standards (Sigma-Aldrich).  
2.5.10  MALDI-TOF MS 
For matrix-assisted laser desorption ionization – time of flight mass spectrometry (MALDI-TOF MS), 
an Ultraflex workstation using FlexControl 3.3 (Bruker Daltonics) equipped with a nitrogen laser of 
337nm was used. The pulsed ion extraction was set on 80 ns. Ions were accelerated to a kinetic 
energy of 25 kV and detected in positive reflector mode with a set reflector voltage of 26 kV. The 
lowest laser energy required was used to obtain a good signal-to-noise ratio. A total of 200 spectra 
were collected for each measurement. The mass spectrometer was calibrated by using a mixture of 
maltodextrins (Avebe, Veendam, The Netherlands) in a mass range (m/z) of 500-2500. The peak 
spectra were processed by using FlexAnalysis software version 3.3 (Bruker Daltonics). Prior to 
analysis, samples were desalted by adding AG 50W-X8 Resin (Bio-Rad Laboratories). To obtain 
lithium (Li)-adducts, the supernatant was dried under nitrogen and re-suspended in 20 mM LiCl [28]. 
Each lithium-enriched sample of a volume of 1 µL was mixed with 1 µL of matrix solution (12 mg  
mL-1 2,5-dihydroxy-benzoic acid (Bruker Daltonics) in 30% (v/v) acetonitrile in H2O), applied on a 
MTP 384 massive target plate (Bruker Daltonics) and dried under a stream of warm air. 
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Additional Figure 2.1 a Anion exchange chromatography (AEC) elution profile (step 1) of crude enzyme extract 
containing expressed MtLPMO9A. b Size exclusion chromatography (SEC) elution profile of Pool AEC-I (step 2). 
The framed columns indicate the MtLPMO9A-containing fractions pooled and concentrated for further analysis.  
c SDS-PAGE of marker (lane 1; Precision Plus Protein, Bio-Rad Laboratories), the crude enzyme extract (lane 2), 
pooled fraction AEC-I (lane 3) and partially purified fraction SEC-I (lane 4). Protein bands corresponding to 
MtLPMO9A are indicated by an arrow. For more details about protein purification see Methods. 
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Additional Figure 2.2 Regenerated amorphous cellulose a (RAC; 2 mg mL-1) before and after incubation with 
MtLPMO9A (12.5 mg g-1 substrate). Samples were incubated in a 50 mM ammonium acetate buffer (pH 5.0) for 
24 h at 52°C, either with ascorbic acid addition (1 mM) or without. In the presence of MtLPMO9A and ascorbic 
acid, non-oxidized gluco-oligomers (GlcOSn) and gluco-oligomers oxidized at C1 (GlcOSn#) and C4 (GlcOSn*) are 
formed from RAC. Neither non-oxidized nor oxidized gluco-oligomers were formed by MtLPMO9A in the absence 
of ascorbic acid. In both incubations of RAC with MtLPMO9A, either with or without ascorbic acid, traces of non-
oxidized xylo-oligomers were formed (XOSn). b MALDI-TOF mass spectrum of RAC incubated with MtLPMO9A 
with ascorbic acid. Clusters of oxidized gluco-oligomers are determined as their lithium (Li) adducts. See Figure 
2.3 for more details.  
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Additional Figure 2.3 Wheat arabinoxylan a (WAX), birchwood b (BiWX) and oat spelt c (OSX) xylan (2 mg mL-1) 
after incubation with MtLPMO9A (12.5 mg g-1 substrate). Samples were incubated in a 50 mM ammonium 
acetate buffer (pH 5.0) containing ascorbic acid addition (1 mM) for 24 h at 52°C. In all three incubations, 
MtLPMO9A released non-oxidized xylo-oligomers (XOSn). a incubation of WAX with MtLPMO9A; formation of 
non-oxidized xylo-oligomers and traces of acetylated (acetylXOSn) xylo-oligomers (+42 Da). b incubation of BiWX 
with MtLPMO9A; formation of non-oxidized xylo-oligomers and xylo-oligomers (GlcmeXOSn) substituted with 4-O-
methyl-glucoronic acid (+191 Da). c incubation of OSX with MtLPMO9A releases non-oxidized xylo-oligomers 
only. Masses represents lithium (Li) adducts only. 
 
Additional Figure 2.4 Birchwood xylan (BiWX), oat spelt xylan (OSX) and wheat arabinoxylan (WAX) (2 mg mL-1) 
before and after incubation with MtLPMO9A (12.5 mg g-1 substrate). Samples were incubated in a 50 mM 
ammonium acetate buffer (pH 5.0) containing ascorbic acid addition (1 mM) for 24 h at 52°C. Incubation with 
MtLPMO9A results in the formation of non-oxidized linear xylo-oligomers (XOSn) and substituted xylo-oligomers 
(black dashed arrow).  
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Additional Figure 2.5 Birchwood xylan a (BiWX), oat spelt xylan b (OSX) and wheat arabinoxylan c (WAX) (2 mg 
mL-1) in the presence and absence of regenerated amorphous cellulose (RAC; 2 mg mL-1) before and after 
incubation with MtLPMO9A (12.5 mg g-1 substrate). Samples were incubated in a 50 mM ammonium acetate 
buffer (pH 5.0) with ascorbic acid addition (1 mM) or without for 24 h at 52°C. Incubation with MtLPMO9A of all 
three xylans and xylan-RAC-mixtures, in the presence or absence of ascorbic acid, results in the formation of non-
oxidized linear xylo-oligomers (XOSn) and substituted xylo-oligomers (black dashed arrow). Incubation of xylan-
RAC-mixtures with MtLPMO9A in the presence of ascorbic acid results in the formation of non-oxidized gluco-
oligomers (GlcOSn) and C1-oxidized gluco-oligomers (GlcOSn#). a + b The incubation of MtLPMO9A with BiWX-
RAC- and OSX-RAC-mixture in the presence of ascorbic acid results in the formation of numerous products (black 
arrow), which are not present if MtLPMO9A is incubated with BiWX, OSX or RAC alone. The results of MALDI-TOF 
MS analysis of BiWX-RAC- and OSX-RAC-mixture incubated with MtLPMO9A in the presence of ascorbic acid are 
shown in Figure 2.4. 
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Additional Figure 2.6 HPAEC elution pattern a OS β-glucan before and after incubation with partially purified 
MtLPMO9A fraction SEC-I (Additional Figure 2.1; 12.5 mg g-1 substrate), with addition of 1 mM ascorbic acid or 
without. a In the presence and absence of ascorbic acid, various non-oxidized β-gluco-oligomers (GlcOSn) are 
formed by the partially purified MtLPMO9A fraction. Incubation of oat spelt β-glucan with MtLPMO9A in the 
presence of ascorbic acid results in the formation of oxidized gluco-oligomers (GlcOSn#, GlcOSn*). b MALDI-TOF 
mass spectrum of partially purified MtLPMO9A incubated with oat spelt β-glucan in the presence of 1 mM 
ascorbic acid. Clusters of non-oxidized gluco-oligomers and gluco-oligomers, oxidized at C1 (GlcOSn#) and C4 
(GlcOSn*) are determined. Enlargement c shows the presence of non-oxidized gluco-oligomers and gluco-
oligomers, oxidized at C1 with an aldonic acid (#) and at C4 with a keto-group (*). Masses represent lithium (Li) 
adducts only.  
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Additional Figure 2.7 HPAEC elution pattern a of xyloglucan from tamarind seed (2 mg mL-1) after incubation 
with partially purified MtLPMO9A fraction SEC-I (Additional Figure 2.1; 12.5 mg g-1 substrate). Samples were 
incubated in 50 mM ammonium acetate buffer (pH 5.0) for 24 h at 52°C, either with ascorbic acid addition (1 
mM) or without. Numerous various non-oxidized xyloglucan-derived oligomers were formed if xyloglucan was 
incubated with MtLPMO9A, either with ascorbic acid addition (1 mM) or without. b MALDI-TOF mass spectrum 
of xyloglucan incubated with MtLPMO9A with 1 mM ascorbic acid addition. Clusters of non-oxidized and oxidized 
xyloglucan-derived oligomers are formed. c (enlargement of b) - In the presence of MtLPMO9A and ascorbic acid, 
next to non-oxidized xyloglucan-derived oligomers, oligomers oxidized at the C1 (#) and C4 (*) position are 
formed. Masses represent lithium (Li) adducts only. 
 
Additional Figure 2.8 HPAEC elution patterns of Avicel incubations with a cellulase cocktail (Dyadic, Wageningen, 
The Nederlands) with and without partially purified MtLPMO9A addition (2.5 mg protein g-1 Avicel). The addition 
of MtLPMO9A to a cellulase cocktail (5 mg protein g-1 Avicel) results in a 60% higher release of glucose (based on 
HPAEC-area) compared to the glucose release from Avicel by the cellulase cocktail alone. Samples were 
incubated in 50 mM acetate buffer (pH 5.0) at 52°C with ascorbic acid addition (1 mM). 
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Abstract 
 
Lytic polysaccharide monooxgygenases (LPMOs) are known to boost the hydrolytic breakdown of 
lignocellulosic biomass, especially cellulose, due to their oxidative mechanism. For their activity, 
LPMOs require an electron donor for reducing the divalent copper cofactor. LPMO activities are 
mainly investigated with ascorbic acid as a reducing agent, but little is known about the effect of 
plant-derived reducing agents on LPMOs activity. 
Here, we show that three LPMOs from the fungus Myceliophthora thermophila C1, MtLPMO9A, 
MtLPMO9B and MtLPMO9C, differ in their substrate preference, C1-/C4-regioselectivity and 
reducing agent specificity. MtLPMO9A generated C1- and C4-oxidized, MtLPMO9B C1-oxidized and 
MtLPMO9C C4-oxidized gluco-oligosaccharides from cellulose. The recently published MtLPMO9A 
oxidized, next to cellulose, xylan, β-(1→3, 1→4)-glucan and xyloglucan. In addition, MtLPMO9C 
oxidized, to a minor extent, xyloglucan and β-(1→3, 1→4)-glucan from oat spelt at the C4 position. 
In total, 34 reducing agents, mainly plant-derived flavonoids and lignin building blocks, were studied 
for their ability to promote LPMO activity. Reducing agents with a 1,2-benzenediol or 1,2,3-
benzenetriol moiety gave the highest release of oxidized and non-oxidized gluco-oligosaccharides 
from cellulose for all three MtLPMOs. Low activities towards cellulose were observed in the 
presence of monophenols and sulfur-containing compounds. 
Several of the most powerful LPMO reducing agents of this study serve as lignin building blocks or 
protective flavonoids in plant biomass. Our findings support the hypothesis that LPMOs do not only 
vary in their C1-/C4-regioselectivity and substrate specificity, but also in their reducing agent 
specificity. This work strongly supports the idea that the activity of LPMOs towards lignocellulosic 
biomass does not only depend on the ability to degrade plant polysaccharides like cellulose, but also 
on their specificity towards plant-derived reducing agents in situ. 
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3.1 Background 
 
Plant biomass utilization is considered to be a green approach for the production of renewable 
biofuels and biochemicals. Hereto, current developments aim at the effective degradation of the 
plant biomass polysaccharides, mostly embedded in a lignocellulosic complex, into monosaccharides 
by using enzyme cocktails. These commercial enzyme preparations usually originate from fungi such 
as Aspergillus and Trichoderma strains. Alternatively, the ascomycete Myceliophthora thermophila 
C1 is used to produce plant polysaccharide degrading enzymes [1-3]. 
Lignocellulosic plant biomass is composed of the aromatic heteropolymer lignin and 
polysaccharides, such as hemicellulose and cellulose. In this research, we focus on the degradation 
of the highly recalcitrant polysaccharide cellulose. Cellulose is a homogenous polymer consisting of 
β-(1→4)-linked glucosyl chains. The interactions of these glucosyl chains via hydrogen bondings and 
van der Waal forces lead to the formation of crystalline cellulose regions [4]. These crystalline 
regions are difficult to access for most of the known hydrolytic cellulases listed in the Carbohydrate-
Active enZyme (CAZy, [5]) database. The recently discovered lytic polysaccharide monooxygenases 
(LPMOs) are able to improve the hydrolytic breakdown of crystalline cellulose regions by their 
oxidative mechanisms [6, 7]. It has also been shown that certain LPMOs oxidize chitin, hemicellulosic 
glucan, soluble cellodextrins, xylan or starch [2, 8-12]. LPMOs are classified as “auxiliary activities” 
(AA) and are divided, based on their sequence similarity, into four CAZy subgroups: AA9, AA10, AA11 
and AA13 [5]. 
The AA9 classified fungal LPMOs exhibit the oxidative cleavage of cellulose yielding products with 
either the C1- (lactones) or C4- (ketoaldoses) position oxidized, or mixtures of the two [6, 13-15]. 
The oxidative cleavage of substrates by LPMOs requires a divalent copper ion in the active site in 
addition to molecular oxygen and a reducing agent to oxidize one β-(1→4)-linkage between the 
glucosyl residues [15]. 
Most studies on the activity of LPMOs published so far have been carried out with ascorbic acid as 
reducing agent [2, 6, 10, 16, 17]. Besides ascorbic acid, other small molecular weight reducing agents 
have been described to donate electrons to LPMOs, such as hydroquinone, catechin, and gallic acid 
and the macromolecule lignin [9, 13, 14, 18-20]. Interestingly, it has been shown that reducing 
agents, especially the plant-derived diphenols, can be regenerated by GMC oxidoreductases [20]. 
Furthermore, flavocytochrome dependent cellobiose dehydrogenases (CDHs) are reported to 
provide LPMOs with electrons and, more recently, light excited photosynthetic pigments [21-23]. 
Literature is, however, ambiguous whether the type of reducing agent also influences the LPMO 
activity. On the one hand it has been shown that the addition of different reducing agents influences 
the amount of released oxidized and non-oxidized gluco-oligosaccharides from PASC (phosphoric 
acid swollen cellulose) incubated with LPMO [19, 20]. On the other hand, the addition of three 
different reducing agents to PASC incubated with PcGH61D did not affect the amounts of products 
released [7]. Therefore, it remains unknown whether different LPMOs share the same preference 
for the same type of reducing agent. In addition, for fungi it has been shown that polysaccharide 
sources used for fungal growth influence the expression of LPMO-encoding genes [3]. Hence, we 
hypothesize that different LPMOs from M. thermophila C1 do not only vary in their C1-/C4-
regioselectivity and substrate specificity, but also in their reducing agent specificity [3]. Therefore, 
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we investigated the effect of 34 different reducing agents, in particular plant-derived reducing 
agents, such as flavonoids or lignin building blocks, on the cellulose-degrading activity of three 
LPMOs from M. thermophila C1. One of these LPMOs is MtLPMO9A, which has been shown to 
oxidize cellulose at the C1- and C4 position [2]. For the two other LPMOs, MtLPMO9B and 
MtLPMO9C, we also characterized the C1-/C4-regioselectivity and substrate specificity. Based on 
their chemical structure, all reducing agents were classified into five groups, partly reflecting their 
effect on the LPMO activity. 
 
3.2  Results 
 
3.2.1  Purification of MtLPMO9B and MtLPMO9C 
MtLPMO9B and MtLPMO9C were produced in the homologous host M. thermophila C1 and purified 
from the culture broth supernatant in either three (MtLPMO9B) or four (MtLPMO9C) steps. Both 
final MtLPMO9B and MtLPMO9C preparations showed single bands on SDS-PAGE (Additional Figure 
3.1) with apparent subunit molecular masses of 32 kDa and 25 kDa, respectively. The purified 
MtLPMO9B and MtLPMO9C preparations were further analyzed by LC/UV/ESI-MS. The weighted 
average masses of MtLPMO9B and MtLPMO9C were 32,765 Da and 24,640 Da, respectively. These 
values are somewhat higher than the theoretical molecular masses (30.6 kDa and 23.5 kDa, 
respectively) calculated from the respective amino acid sequences. However, ESI-MS spectra (m/z 
values) of MtLPMO9B and MtLPMO9C showed that both LPMOs were glycosylated by hexoses. In 
particular, up to 13 and 5 glycosyl units were attached to MtLPMO9B and MtLPMO9C, respectively 
(Additional Figure 3.2). 
3.2.2  Mode of action of MtLPMO9B and MtLPMO9C on amorphous cellulose 
The activities of the pure MtLPMO9B and MtLPMO9C enzymes were tested on regenerated 
amorphous cellulose (RAC), in both the presence and absence of ascorbic acid. Incubation of RAC in 
the presence and absence of ascorbic acid without LPMO addition did not cause auto-oxidation of 
RAC since no non-oxidized or oxidized gluco-oligosaccharides were detected by using HPAEC and 
MALDI-TOF MS. The products released from RAC, after incubation with MtLPMO9B or MtLPMO9C 
are shown in Figure 3.1. Besides non-oxidized gluco-oligosaccharides (GlcOSn), only C1-oxidized 
gluco-oligosaccharides (GlcOSn
#) were formed upon incubation of RAC with MtLPMO9B in the 
presence of ascorbic acid (Figure 3.1b). In contrast, RAC incubated with MtLPMO9C in the presence 
of ascorbic acid yielded only C4-oxidized gluco-oligosaccharides (GlcOSn*), besides non-oxidized 
gluco-oligosaccharides (GlcOSn) (Figure 3.1c). For both enzymes, neither oxidized nor non-oxidized 
gluco-oligosaccharides were released from RAC in the absence of ascorbic acid, which showed that 
cellulolytic activity was completely absent (Figures 3.1b and 3.1c). MALDI-TOF MS confirmed the 
annotation of the HPAEC eluted gluco-oligosaccharides (Figures 3.1d and 3.1e, Additional Figures 
3.3a, 3.3b). For example, incubation of RAC with MtLPMO9B released non-oxidized cellohexaose 
with a mass of 997 Da (lithium adduct) and C1-oxidized cellohexaose appeared either as a lactone 
(995 Da) or as the corresponding aldonic acid (1013 Da) (Figure 3.1d). Masses of lactonic acid double 
substituted with lithium were also detected (1019 and 1017 Da, probably due to double oxidation). 
In contrast, RAC incubated with MtLPMO9C only formed the C4-oxidized ketoaldose (995 Da) of 
cellohexaose and non-oxidized cellohexaose (997 Da, Figure 3.1e). In summary, MtLPMO9B oxidizes 
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cellulose at the C1- and MtLPMO9C at the C4-position, while the previously characterized 
MtLPMO9A oxidizes cellulose at the C1- and C4-positon [2]. 
 
Figure 3.1 Activity of MtLPMO9B and MtLPMO9C on regenerated amorphous cellulose. a Structure and 
nomenclature of released non-oxidized and C1- and C4-oxidized gluco-oligosaccharides (GlcOSn, GlcOSn#, 
GlcOSn*, respectively). HPAEC elution pattern of regenerated amorphous cellulose (RAC; 2 mg mL-1) incubated 
with b MtLPMO9B (10 mg g-1 substrate) and c MtLPMO9C (10 mg g-1 substrate), in the presence (1 mM, red line) 
and absence of ascorbic acid (black line). A different gradient was used for the separation of b C1- and c C4-
oxidised gluco-oligosaccharides (See Methods). The C4-oxidized gluco-oligosaccharides are known to be unstable 
under the alkaline conditions present during HPAEC analysis and undergo further derivatization to gemdiols, 
which are actually annotated as C4-oxidized gluco-oligosaccharides (GlcOSn*) [34]. MALDI-TOF mass spectrum 
(m/z values) of RAC incubated with d MtLPMO9B or e MtLPMO9C, in the presence of ascorbic acid. d Double Li- 
adducts of C1-oxidized gluco-oligosaccharides are marked with §. d Oxidation of the C1-carbon atom results in 
the formation non-oxidized gluco-oligosaccharides (GlcOSn) and C1-oxidized gluco-oligosaccharides present as a 
δ-lactone (-2 Da, marked as GlcOSn#). Lactones are unstable and convert to aldonic acids by the addition of water, 
leading to a 16 Da higher mass compared to the non-oxidized gluco-oligosaccharide (+16 Da, marked as GlcOSn#). 
Double Li- adducts of C1-oxidized gluco-oligosaccharides are marked with § (GlcOS6#§, 1019.9 Da and 1017.9 Da, 
probably due to double oxidation). e Oxidation of the C4-carbon atom results in the formation of non-oxidized 
gluco-oligosaccharides (GlcOSn) and C4-oxidized gluco-oligosaccharides present as ketoaldoses (-2 Da, marked as 
GlcOSn*). No gemdiols were formed. For more information see Methods. 
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3.2.3  Structure-based sequence alignment of MtLPMO9A, MtLPMO9B and 
MtLPMO9C and structural models of MtLPMO9B and MtLPMO9C 
Structure-based sequence alignments of MtLPMO9A, MtLPMO9B and MtLPMO9C were constructed, 
based on the sequences of a C1- (PcLPMO9D; PDB ID code 4B5Q), C4- (NcLPMO9C; PDB ID code 
4D7U) and C1- and C4- (TaLPMO9A; PDB ID code 3ZUD) oxidizing LPMO as presented by Borisova et 
al. (Figure 3.2) [10, 14, 24, 25]. The three-dimensional structural models of MtLPMO9B and 
MtLPMO9C (Figures 3.3a and 3.3b) were generated based on the available structure of NcLPMO9C 
from Neurospora crassa [25] (Protein Data Bank entry: 4D7U). MtLPMO9B is, unlike MtLPMO9C and 
the previously published MtLPMO9A [2], linked at the C-terminal end to a Carbohydrate Binding 
Module 1 (CBM1), which is not presented in the structural model of MtLPMO9B. The sequences 
used for the structural-based alignments and models do not include the signal peptides and start 
from the N-terminal histidine (His1). The overall sequence identity of MtLPMO9A, MtLPMO9B and 
MtLPMO9C ranges from 41 – 46%. All three MtLPMOs share the LPMO typical β-sheet core, but 
differ in their loop regions L2 (10-49), LS (114-128) and LC (176-226) that are involved in shaping the 
substrate-binding surface (Figure 3.2) [2, 25, 26]. Interestingly, MtLPMO9C and partly MtLPMO9B 
contain an insertion, which forms the L3 (64-78) loop region (Figure 3.2). This L3 region is a typical 
structural characteristic of C4-oxidizing AA9 LPMOs [25-27]. Based on the model, MtLPMO9B 
contains distal from the coordinated copper sphere an additional loop (Gly115-Asn121), which is not 
present in MtLPMO9A and MtLPMO9C (Figures 3.2a and 3.2b). The copper ion in MtLPMO9A, 
MtLPMO9B and MtLPMO9C is coordinated by His1-His68-Tyr153, His1-His79-Tyr170 and His1-His84-
Tyr166, respectively (Figure 3.2 and 3.3)[2]. All three MtLPMOs share two putative disulfide bridges, 
presumably involved in stabilizing the different loops regions such as Cys126–Cys208 (LS – LC) for 
MtLPMO9A and Cys28-Cys178 (L2 – LC) for MtLPMO9B (Figure 3.3)[2]. In addition, it is likely that the 
neighboring Cys18 and Cys49 of MtLPMO9B form a second disulfide bond (L2 – L2) (Figure 3.3). The 
putative disulfide bridges of MtLPMO9C between Cys39-Cys169 and Cys139-Cys221 are not 
expected to be involved in interlinking any of the four described loop regions (Figure 3.2). All three 
MtLPMOs share the presence of several aromatic amino acid residues in the substrate binding 
surface, which were formerly used for classifying the AA9s into subgroups (Figure 3.2 and 3.3) [2, 28, 
29]. 
3.2.4  Activity of MtLPMO9B and MtLPMO9C with various soluble and insoluble 
polysaccharides 
Various soluble and insoluble substrates were incubated with purified MtLPMO9B or MtLPMO9C in 
the presence of ascorbic acid. The overview of the activities observed is presented in Table 3.1, 
which, for comparison, includes the activities of the previously published MtLPMO9A [2]. Of all 
substrates tested, MtLPMO9B showed only oxidative activity towards RAC, releasing C1-oxidized and 
non-oxidized gluco-oligosaccharides (Figure 3.1b). MtLPMO9C oxidized RAC (Figure 3.1c) releasing 
C4-oxidized and non-oxidized gluco-oligosaccharides and showed also activity towards β-(1→3, 
1→4)-glucan from oat spelt or xyloglucan from tamarind seed under the formation of C4-oxidized 
gluco-oligosaccharides and substituted C4-oxidized gluco-oligosaccharides (Additional Figures 3.4, 
3.5, 3.6). No oxidized gluco-oligosaccharides were released from β-(1→3, 1→4)-glucan from barley 
incubated with MtLPMO9B or MtLPMO9C. 
MtLPMO9A has been described to cleave xylan associated with cellulose [2] forming oxidized xylo-
oligosaccharides and oxidized gluco-oligosaccharides (Table 3.1). Hence, MtLPMO9B and MtLPMO9C 
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were also studied for their activity towards RAC-xylan-mixtures, in particular, RAC mixed with either 
birchwood xylan, oat spelt xylan or wheat arabinoxylan, in the presence and absence of ascorbic 
acid (Table 3.1). No oxidized xylo-oligosaccharides were released by MtLPMO9B and MtLPMO9C, 
which discriminates these enzymes from MtLPMO9A. 
 
Figure 3.2 Structure-based sequence alignment of MtLPMO9A, MtLPMO9B and MtLPMO9C. The structure-based 
sequence alignments of MtLPMO9A, MtLPMO9B and MtLPMO9C were made by using three known sequences of 
a C1-(PcLPMO9D; PDB ID code 4B5Q), C4-(NcLPMO9C; PDB ID code 4D7U) and C1- and C4-(TaLPMO9A; PDB ID 
code 3ZUD) oxidizing LPMO based on Borisova et al. [10, 14, 24, 25]. The β-strands (black arrow) and α-helices 
(black helix) are based on NcLPMO9C and shown above the columns [25]. The bold colored lines below the 
columns are highlighting the amino acids of the four loop regions L2 (blue), L3 (yellow), Ls (red) and LC (purple), 
which are involved in shaping the substrate-binding site. The highly conserved amino acid residues are presented 
as white letters on a red background. Amino acid residues that have comparable chemical and physical 
properties are presented as red letters within blue frames. Sequences are presented without the signal sequence 
and start from the N-terminal histidine (His1). The structure-based sequence alignment was obtained by using 
ESPript [48]. 
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Figure 3.3 Structural models of MtLPMO9B and MtLPMO9C. The structural model of a MtLPMO9B was generated 
based on the available structure of NcLPMO9C from Neurospora crassa [25] (PDB entry: 4D7U). The amino acid 
sequence identity of MtLPMO9B and MtLPMO9C were, compared to NcLPMO9C, 41% and 46%, respectively. The 
copper ion (blue) is coordinated by His1, His 79 and Tyr170 (orange). A disulfide bridge is located between Cys28-
Cys178 (yellow) and it is likely that the neighboring Cys18 and Cys49 form a second disulfide bridge. The 
structural model of b MtLPMO9C was, like MtLPMO9B, generated based on NcLPMO9C [25] (PDB entry: 4D7U). 
The copper ion (blue) is coordinated by His1, His84 and Tyr166 (orange). MtLPMO9C contains two disulfide 
bridges between Cys39-Cys169 and Cys139-Cys221 (yellow). The highly conserved Gly-Pro-Gly triad (magenta) of 
MtLPMO9B and MtLPMO9C is located between Pro216-Pro218 and Pro205-Pro207, respectively. MtLPMO9B 
contains, unlike MtLPMO9C, an additional loop between Gly-115-Asn121 (brown). 
3.2.5  Electron donor specificities of MtLPMO9A, MtLPMO9B and MtLPMO9C 
Based on the structural similarities of functional groups, the 34 reducing agents tested were 
classified into five groups (Figure 3.4). Monophenols, like sinapic acid (no. 5), are classified as group 
I. Group II comprises compounds with a benzenediol moiety, which represent the ortho-isomer 1,2-
benzenediol, the meta-isomer 1,3-benzenediol and the para-isomer 1,4-benzenediol (Figure 3.4). 
Reducing agents with a 1,2,3-benzenetriol moiety are classified as group III. Reducing agents of 
group IV are sulfur-containing compounds, such as glutathione (no. 29) or L-cysteine (no. 30). 
Reducing agents of group V neither have a phenolic ring nor a sulfur atom. 
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Figure 3.4 Structural classification of reducing agents into five groups. Group I, monophenols. Group II, ortho-, 
meta- or para-isomers of compounds bearing a benzenediol moiety. Group III, reducing agents with a 1,2,3-
benzenetriol moiety. Group IV, sulfur-containing compounds. Group V, compounds with neither have a phenolic 
ring nor a sulfur atom. 
An overview of the effect of 34 different reducing agents with corresponding codes (no.) on the 
amounts of oxidized and non-oxidized gluco-oligosaccharides released from RAC incubated with 
MtLPMO9A, MtLPMO9B or MtLPMO9C is presented in Table 3.2. First, we determined from the 
HPAEC profiles the amounts, expressed as peak areas, of C1-oxidised gluco-oligosaccharides, C4-
oxidized gluco-oligosaccharides and non-oxidized gluco-oligosaccharides formed (Figure 3.5). 
Subsequently, these amounts were presented as percentage of the corresponding amounts 
obtained by the same incubation, but with ascorbic acid (no. 33), which was set to 100% (Table 3.2). 
All 34 reducing agents were also incubated with RAC alone, which did not result in the release of 
oxidized or non-oxidized gluco-oligosaccharides, confirming the absence of auto-oxidation in the 
presence of the reducing agents, only. 
Fourteen reducing agents (Table 3.2, bold), including ascorbic acid, were able to donate electrons to 
all three MtLPMOs enabling the oxidative cleavage of RAC. Nevertheless, the LPMO activity based on 
the amounts of oxidized gluco-oligosaccharides formed, varied per reducing agent (Figure 3.5; Table 
3.2). For all three MtLPMOs, ascorbic acid was one of the best electron donors (Table 3.2). Besides 
ascorbic acid, compounds bearing a 1,2-benzenediol moiety (3-methylcatechol (no. 14), 3,4-
dihydroxyphenylalanine (no. 21)) or 1,2,3-benzenetriol moiety (gallic acid (no. 26), epigallocatechin-
gallate (no. 27)), gave the highest formation of oxidized and non-oxidized gluco-oligosaccharides. 
Interestingly, dopamine (no. 21) turned out to be one of the best electron donors for MtLPMO9A 
(93% of the activity compared to ascorbic acid), but was a less efficient electron donor for 
MtLPMO9B and MtLPMO9C (46% and 6% compared to ascorbic acid, respectively). Some 
compounds bearing a 1,2-benzenediol moiety, for example quercetin or taxifolin (no. 23), and the 
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benzenetriol tannic acid (no. 28) did not donate electrons to all three MtLPMOs. Out of seven 
monophenols, only sinapic acid (no. 5) acted as electron donor for all three MtLPMOs, but less 
efficient (4-23%) compared to ascorbic acid (no. 33). A poor electron donating capacity was also 
found for sulfur-containing compounds, such as reduced glutathione (no. 29) and L-cysteine (no. 30) 
(Table 3.2). Both thiol compounds have already been described as LPMO electron donors in 
literature [7, 30]. In summary, the presence of different reducing agents strongly influences the 
release of oxidized and non-oxidized gluco-oligosaccharides from RAC for all three MtLPMOs. Based 
on these findings, we conclude that MtLPMO9A, MtLPMO9B and MtLPMO9C differ in their 
specificity towards reducingagents. 
 
Figure 3.5 Released oligosaccharides from RAC incubated with three different MtLPMOs. RAC was incubated with 
a MtLPMO9A, b MtLPMO9B and c MtLPMO9C using different reducing agents. The total sum is shown of 
integrated peak areas of released C1- (red), C4- (yellow) oxidized and non-oxidized (blue) gluco-oligosaccharides 
after incubation of MtLPMO9A, MtLPMO9B and MtLPMO9C (2.5, 5 and 2.5 mg g-1 substrate, respectively) with 
regenerated amorphous cellulose (RAC; 1.5 mg mL-1) based on HPAEC. The reducing agents (1 mM) are 
numbered (X-axes) and specified in Table 3.2. Vertical dotted lines separate reducing agents of the 5 structural 
groups (Figure 3.4). Threshold (horizontal dashed dotted line) is set to 70% of the released products from RAC 
incubated with the MtLPMOs in the presence of ascorbic acid (no. 33) (Table 3.2). See Methods for data analysis. 
All incubations were performed in duplicates, and the standard deviation is represented by error bars, which 
correspond to one cumulated SD (error bar = ± SDtot; with SDtot = √SD1
2 + SD22 + ...). 
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3.3  Discussion 
 
The recently discovered LPMOs play a crucial role in the enzymatic degradation of lignocellulosic 
plant biomass. Here, we purified the C1-oxidizing MtLPMO9B and C4-oxidizing MtLPMO9C, two 
novel LPMOs from the filamentous fungus M. thermophila C1, and compared their catalytic 
properties with those of the C1- and C4-oxidizing MtLPMO9A [2]. 
3.3.1 Protein mass 
The difference in molecular mass between MtLPMO9B and MtLPMO9C results from the CBM1 linked 
to MtLPMO9B. This CBM1 has a predicted mass, calculated from the amino acid sequence of 6811 
Da. The weighted average mass of the purified MtLPMO9B linked to CBM1 and MtLPMO9C enzymes 
(32.765 Da and 24.640 Da, respectively), differ slightly from the predicted masses, calculated from 
the amino acid sequences (30.633 Da and 23.449 Da, respectively). Both MtLPMO9B and MtLPMO9C 
contain multiple glycosylations that were determined as hexoses based on LC/ESI-MS (Additional 
Figure 3.2). It is known that LPMOs can feature glycosylation in the substrate-binding site, though 
the glycosylation could also appear at the serine/threonine containing linker between the 
carbohydrate-binding module (CBM), the C-terminal end of the LPMO or at the binding site of the 
CBM [29, 31, 32]. 
3.3.2  Activity on cellulose 
The total amount of released oxidized and non-oxidized gluco-oligosaccharides from RAC incubated 
with MtLPMO9B is approximately three-times higher (based on total AUC) compared to the released 
products from RAC by the MtLPMO9A using ascorbic acid as a reducing agent (Figure 3.5). We 
suggest that the CBM1 attached to MtLPMO9B has a strong affinity to cellulose and supports the 
activity of MtLPMO9B through the positioning of the MtLPMO9B to the cellulose. Our finding is 
supported by previous studies which showed that LPMOs linked to a CBM release more oxidized 
gluco-oligosaccharides from cellulose compared to LPMOs without a CBM [17, 33]. In addition, it has 
been hypothesized that glycosylation could affect the binding to cellulose, altering the enzyme 
activity [29]. So far, it has only been demonstrated for CBMs that the glycosylation of proteins with 
mannose in the planar face can increase the substrate binding strength towards cellulose, and not 
yet for LPMOs [29, 32]. However, it has been reported that the removal of a CBM1 linked to 
NcLPMO9C did not show any effect on the degradation rate of amorphous cellulose [25]. Still, a 
direct comparison of all three LPMOs regarding their activity on cellulose would require the absolute 
quantification of the released C1- and C4-oxidized gluco-oligosaccharides, which is so far not 
possible due to the lack of standards. Especially the quantification of C4-oxidized products has its 
limits due to the instability of these compounds under alkaline conditions during HPAEC analysis 
[34]. The release of high amounts of non-oxidized gluco-oligosaccharides observed in the HPAEC 
spectra is likely to derive, to a certain extent, from the decomposition of these labile C4-oxidized 
gluco-oligosaccharides into non-oxidized compounds (Figure 3.1) [34]. 
3.3.3  Substrate specificity and C1-/C4-regioselectivity 
MtLPMO9A, MtLPMO9B and MtLPMO9C were compared regarding their substrate specificity and 
C1-/C4-regioselectivity of oxidation using a wide range of polysaccharides (Table 3.1). The activity of 
MtLPMO9A towards various polysaccharides has already been investigated previously, showing that 
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MtLPMO9A oxidizes cellulose, besides β-(1→3, 1→4)-glucan from oat spelt or barley and xyloglucan 
from tamarind seed, at the C1 and C4 position. In addition, MtLPMO9A also oxidized xylan in the 
presence of cellulose [2]. MtLPMO9B oxidized RAC at the C1 position. The presence of the CBM1 
linked to MtLPMO9B is not expected to have an impact on the substrate specificity of MtLPMO9B. It 
has been shown that the removal of a CBM1 linked to NcLPMO9C, which has a broad substrate 
specificity, does not affect the ability to oxidize different polysaccharides such as cellulose, 
cellopentaose or xyloglucan [25]. Besides that, MtLPMO9B shows a typical insertion, which forms 
the L3 loop region in C4-oxidizing AA9 LPMOs. Compared to the solely C4-oxidizing NcLPMO9C, 
MtLPMO9B shares within this L3 loop only a low sequence identity [10, 25]. The L3 loop is known to 
be an extension of the surface-binding site and involved in the binding of soluble polysaccharides 
such as xyloglucan and cello-oligosaccharides [25-27]. MtLPMO9C also contains the L3 loop and is, 
like NcLPMO9C, a C4-oxidizing AA9 LPMO (Figure 3.2). In addition to cellulose, MtLPMO9C oxidizes 
to a lower extent hemicellulose like β-(1→3, 1→4)-glucan from oat spelt and xyloglucan from 
tamarind seed at the C4 position (Additional Figures 3.4, 3.5, 3.6). The previously published 
NcLPMO9D (PDB-id: 4EIR) from N. crassa shares the highest sequence identity (83%) with 
MtLPMO9C, but unlike MtLPMO9C, it has not been tested if NcLPMO9D is active on hemicellulose 
such as (1→3, 1→4)-glucan [15, 29]. 
3.3.4  Reducing agent specificity 
We show here that three LPMOs from the same organism differ in their reducing agent specificity. 
Importantly, all three LPMOs are able to utilize various natural phenolic compounds as reducing 
agents. Most of these reducing agents are present in plants, either free or as lignin building blocks, 
such as sinapic acid (no. 5), or as flavonoids such as catechin (no. 9) and dopamine (no. 20). This 
finding is of high relevance as these reducing agents can act as intrinsic electron donors in plant 
biomass biorefinery [35].  
For all three MtLPMOs, phenolic compounds with 1,2-benzenediol and 1,2,3-benzenetriol moieties 
yielded the highest release of oxidized and non-oxidized gluco-oligosaccharides from cellulose 
compared to monophenols or sulfur containing compounds (Figure 3.5, Table 3.2). This observation 
may be related to the fact that the donation of an electron by one hydroxyl group leads to a 
dislocation of the π-electron sextet, which is energetically unfavorable. It has been shown that 
monophenols have a higher oxidation potential compared to compounds with 1,2-benzenediol and 
1,2,3-benzenetriol moieties [20]. This high oxidation potential of monophenols hinders the 
reduction of the active site copper of LPMOs. In contrast to monophenols, phenolic compounds with 
1,2-benzenediol and 1,2,3-benzenetriol moieties can stabilize the dislocation of π-electrons by their 
additional(s) hydroxyl groups due to the resonance effect [36]. Compared to monophenols, these 
compounds have a low reduction potential and are able to reduce the active site copper of the 
LPMOs [20]. In addition, the ability of such compounds to donate electrons is also influenced by 
other electron-donating or electron-withdrawing substituents attached to the aromatic ring [37, 38]. 
Remarkably, the number of reducing agents, that gave an activity of 70% or higher of the LPMO 
activity obtained with ascorbic acid, differed between the three LPMOs (Figure 3.5, Table 3.2). For 
MtLPMO9A this number was eight (compounds with a benzenediol and benzenetriol moiety), but 
for MtLPMO9B, this number was only two (Figure 3.5, Table 3.2). MtLPMO9C oxidizes RAC in the 
presence of several reducing agents, but, in comparison to MtLPMO9A and MtLPMO9B, none of the 
reducing agents tested gave an activity of 70% or higher of the MtLPMO9C-activity obtained with 
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ascorbic acid. Remarkably, we also found reducing agents with a 1,2-benzenediol moiety that are 
not able to reduce the active site copper of all three MtLPMOs tested (Table 3.2). These findings 
cannot be explained by the oxidation potential of the reducing agents alone. Another explanation 
for the reducing agent preferences among the three LPMOs may result from differences in the 
protein structure. It has been formerly hypothesized that the binding site of electron donating 
proteins, such as CDHs, is located in the surface patch centered around the Pro-Gly-Pro triad, which 
is highly conserved within the LPMO family [21, 29]. However, recent analysis based on CDH docking 
studies and NMR revealed a direct interaction of the CDH with the LPMO involving a narrow surface 
patch around the His1, Ala80, His83 and His155 of NcLPMO9C [21, 26]. Indeed, the surface charge 
distribution obtained from the homology models differs widely among the three MtLPMOs, 
including shape and charge in the vicinity of the above described surface patch (Figure 3.6, 
Additional Figure 3.7). MtLPMO9A is strongly positively charged in the vicinity of the copper ion 
compared to MtLPMO9B and MtLPMO9C (pH 5.0). The charge differences in the vicinity of the 
copper ion might contribute to the different electron donor specificities of the MtLPMOs. 
 
Figure 3.6 Cartoons of the surface charge distribution of the structural models of a MtLPMO9A, b MtLPMO9B 
and c MtLPMO9C. Protein orientation: the flat substrate-binding site (Figure 3.3) is located to the front of all 
three LPMOs and the copper ion is indicated by the black arrow. Recent NMR studies revealed a direct 
interaction of the reductant CDH with a narrow surface patch in vicinity to the copper ion [26]. MtLPMO9A is 
strongly positively charged in the vicinity of the copper ion compared to MtLPMO9B and MtLPMO9C based on 
the surface charge distribution (pH 5.0). The scaling from the negative and positive electrostatic potential regions 
are -5 for blue and +5 for the red regions. The electrostatic map was obtained from APBS plugin from PyMOL.  
The incubations performed in this work have been conducted at a single time point (24 h) and at one 
pH (5.0). This pH plays an important role for the LPMO application due to the fact that cellulose 
cleaving cocktails produced by M. thermophila C1 have their pH optimum around pH 5.0. It can be 
expected that this pH does not represent the optimal condition for each reducing agent tested since 
redox potentials of reducing agents are pH dependent [37]. Furthermore, the product release 
determined at a single time point (24 h) does not give information about the progress of the LPMO 
reaction. The time point of 24 hours could lay in the initial rate period or already at the endpoint of 
the LPMO reaction, which highly depends on the reducing agents present during the reaction [17, 
33]. We do not expect a release of non-oxidized or oxidized gluco-oligosaccharides after 24 h if no 
products have been released from RAC incubated with LPMOs before that time point (Table 3.2). 
Finally, the conditions chosen for all three LPMOs have been the same, which allows the comparison 
of the LPMO activity in the presence of different reducing agents and the chosen conditions can be 
considered as industrial relevant. 
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3.4  Conclusions 
 
Our findings support the hypothesis that LPMOs do not only vary in their C1-/C4-regioselectivity and 
substrate specificity, but also in their reducing agent specificity. The mode of action of LPMOs is 
usually investigated in the presence of ascorbic acid. Here, we found that several reducing agents 
can donate electrons to the LPMOs with a similar efficiency as the commonly used ascorbic acid. Our 
findings are of high interest for industrial applications as most of these reducing agents are present 
in plant biomass and can act as intrinsic mediators in biorefinery processes. 
 
3.5  Methods 
 
3.5.1  Enzyme expression, production and purification 
The purification and activity of MtLPMO9A has been previously described [2]. The homologous 
expression of MtLPMO9B and MtLPMO9C was performed by using a low protease/low  
(hemi-)cellulose producing Myceliophthora thermophila C1 strain, which has been described 
elsewhere [39, 40]. The crude enzyme preparations obtained from the fermentation broth were 
dialyzed against 10 mM potassium phosphate buffer (pH 7.0). MtLPMO9B and MtLPMO9C were 
purified from the corresponding dialyzed enzyme preparations by using an ÄKTA-Explorer 
preparative chromatography system (GE Healthcare, Uppsala, Sweden).  
MtLPMO9B was purified in three subsequent chromatographic steps. For the first anion exchange 
step, the MtLPMO9B-containing enzyme preparation was loaded on a Source 30Q column (50ml, GE 
Healthcare). A 20 mM potassium phosphate buffer (pH 7.8) was used to pre-equilibrate the column. 
Elution was performed using a linear gradient from 0 to 1 M NaCl in 20 mM potassium phosphate 
buffer (pH 7.8) at a flow rate of 10 mL min-1 and monitored at 220 and 280 nm. All fractions were 
collected and immediately stored on ice. Peak fractions were, based on UV (280 nm), pooled and 
concentrated by ultrafiltration (Amicon Ultra, molecular mass cut-off of 3 kDa, Merck Millipore, 
Cork, Ireland) at 4°C. The concentrated pools were analyzed by SDS-PAGE to determine the 
MtLPMO9B-containing pool (expected molecular mass 30.6 kDa). After the first purification step, 
cation exchange chromatography purification was applied. The MtLPMO9B containing pool was 
subjected to a Source 30S column (50 mL, GE Healthcare) for further purification (second step). A 20 
mM sodium acetate buffer (pH 5.0) was used to pre-equilibrate the column. The elution was 
performed by using a linear gradient from 0 to 1 M NaCl in 20 mM sodium acetate (pH 5.0) at a flow 
rate of 5 mL min-1. Elution was monitored at 220 and 280 nm. Fractions obtained (10 mL) were 
immediately stored on ice. Peak fractions were pooled, concentrated and analyzed by SDS-PAGE as 
described above. In a third purification step, the MtLPMO9B-containing fraction was bound to a 
Source 30S column (50 mL, GE Healthcare) using a 10 mM sodium acetate buffer (pH 5.0) after pre-
equilibration. After protein application, the column was washed with 20 column volumes of starting 
buffer. Elution was performed using a linear gradient from 0 to 1 M KCl in 20 mM sodium acetate 
(pH 5.0) at a flow rate of 5 mL min-1 and monitored at 220 and 280 nm. Fractions (3 mL) were 
immediately stored on ice. Peak fractions were pooled, concentrated and analyzed by SDS-PAGE as 
described above. 
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MtLPMO9C was purified in four subsequent chromatographic steps. As a first size exclusion 
chromatography (SEC) purification step, the MtLPMO9C-rich enzyme preparation (40 mg mL-1) was 
loaded onto a self-packed Superdex TM-75 column (100 x 3 cm internal diameter, GE Healthcare) 
and eluted at 5 mL min-1 with a 10 mM potassium phosphate buffer (pH 7.0). Fractions (5 mL) were 
immediately stored on ice. Peak fractions were, based on UV (280 nm), pooled and concentrated by 
ultrafiltration as described above. The concentrated pools were analyzed by SDS-PAGE to determine 
the MtLPMO9C-containing pool (expected molecular mass 23.5 kDa). For the second SEC purification 
step, the MtLPMO9C-containing pool was loaded again on the Superdex TM-75 column under the 
same conditions. Fractions (5 mL) were immediately stored on ice. Peak fractions were pooled, 
concentrated and analyzed by SDS-PAGE to determine the MtLPMO9C-containing pool as described 
above. The MtLPMO9C-containing pool was dialyzed against a 20 mM Tris-HCl buffer (pH 8.4) using 
ultrafiltration (Amicon Ultra, molecular mass cut-off of 3 kDa). The dialyzed MtLPMO9C fraction was, 
for the third purification step, subjected to a Resource Q column (30 x 16 mm internal diameter, GE 
Healthcare), which was pre-equilibrated in 20 mM Tris-HCl buffer (pH 8.4) (third step). Elution was 
performed with a linear gradient from 0 to1 M NaCl in 20 mM Tris-HCl (pH 8.4) over 20 column 
volumes at 6 mL min-1. Fractions (3 mL) were immediately stored on ice. Peak fractions were pooled, 
concentrated and analyzed by SDS-PAGE to determine the MtLPMO9C-containing pool as described 
above. The MtLPMO9C containing fraction was dialyzed against a 20 mM potassium phosphate 
buffer (pH 7.0) using ultrafiltration (Amicon Ultra, molecular mass cut-off of 3 kDa) and subjected to 
a Resource Q column (30 x 16 mm internal diameter, GE Healthcare). The column was equilibrated 
using a 20 mM potassium phosphate buffer (pH 7.0) and elution was performed using a linear 
gradient over 20 column volumes at 6 mL min-1. Fractions (3 mL) were immediately stored on ice. 
Peak fractions were pooled, concentrated and analyzed by SDS-PAGE as described above. 
3.5.2  Protein analysis 
The protein content of MtLPMO9B and MtLPMO9C was determined as described previously using a 
BCA Protein Assay Kit [2]. Furthermore, the purity of the enzymes was analyzed by sodium dodecyl 
sulfate polyacrylamide gel electrophoresis (SDS-PAGE) as described before [2]. Pure MtLPMO9B and 
MtLPMO9C fractions were analyzed by LC-mass spectrometry confirming the presence of the 2 
LPMOs by ‘The Scripps Research Institute’ (San Diego, CA, USA). 
3.5.3  LC/ESI-MS 
Purified MtLPMO9B- and MtLPMO9C-preparations (2.5 mg mL-1 in 0.1% (v/v) trifluoroacetic acid) 
were analyzed by using a liquid chromatography/electron spray ionization-mass spectrometry 
(LC/ESI-MS) as described previously [2]. 
3.5.4  Reducing agents 
Reducing agents were supplied by Sigma-Aldrich (Steinheim, Germany), unless stated otherwise. 
Taxifolin was purchased from Extrasynthese (Genay, France), catechol hydrate and chlorogenic acid 
from Thermo Fisher Scientific (Waltham, MA USA), tannic acid from BDH Chemical Ltd. (Poole, 
England) and naringin from Fluka Chemie (Buches, Switzerland).  
3.5.4  Carbohydrates 
OSX, BiWX, Avicel PH-101, xylo-oligosaccharides (DP1-5), β-(1→4)-linked gluco-oligosaccharides 
(DP1-5) were supplied by Sigma-Aldrich. WAX, β-(1→3, 1→4)-glucan from barley and oat spelt (both 
medium viscosity) were purchased from Megazyme (Bray, Ireland). Xyloglucan from tamarind seed 
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was obtained from Dainippon Sumitomo Pharma (Osaka, Japan). Regenerated amorphous cellulose 
(RAC) was prepared from Avicel PH-101 as described [2, 41]. Gluconic acid was purchased from 
Sigma-Aldrich and cellobionic acid ammonium salt from Toronto Research Chemicals (Toronto, 
Ontario, Canada). 
3.5.5  MtLPMO9A, MtLPMO9B and MtLPMO9C activity assays 
Substrates (see figure captions) were dissolved in 50 mM ammonium acetate buffer (pH 5.0) to a 
concentration of 1-2 mg mL-1, with or without addition of reducing agents listed in Table 3.1 (final 
concentration of 1 mM). MtLPMO9A, MtLPMO9B or MtLPMO9C were added (2.5-10.0 µg of protein 
mg-1 substrate, for details see figure captions) and incubated for 24 h at 50°C in a head-over-tail 
Stuart rotator in portions of 1 mL total volume (Bibby Scientific, Stone, UK) at 20 rpm. Supernatants 
of all incubations with and without reducing agent in the presence of LPMOs and of substrates 
incubated with and without reducing agents in the absence of LPMOs, were analyzed by HPAEC and 
MALDI-TOF MS. The enzyme reactions were stopped by storing samples at -24°C. All following 
sample treatments were performed on ice. 
3.5.6  Structural modelling 
The structural model of MtLPMO9B was made using the available structure of NcLPMO9C from 
Neurospora crassa [25] (Protein Data Bank entry: 4D7U) as a template, which scored highest in the 
BLAST search of MtLPMO9B against the Protein Data Bank (41% amino acid identity). MtLPMO9C 
was, like MtLPMO9B, generated based on NcLPMO9C [25] (PDB entry: 4D7U, 46% amino acid 
identity). All models were created by using Modeller version 9.14 [42]. Multiple comparative models 
were generated, after which the model with lowest corresponding DOPE score [43] was selected for 
image generation using Pymol (Pymol, The PyMOL Molecular Graphics System, Version 1.5.0.4 
Schrödinger, New York, NY, USA). The following settings were applied to model the surface charge 
distribution of the LPMOs: The protonation states of the titratable groups at pH 5.0 of MtLPMO9A, 
MtLPMO9B and MtLPMO9C, respectively, were calculated using H++-server with default settings [44-
47]. The server pdb-ouput files were used to generate a surface image colored by charge (range 
between -5 and 5) using the Pymol APBS-tool (Version 1.4r1 L, Schrödinger). 
3.5.7  HPAEC 
Enzyme digests were analyzed by high performance anion-exchange chromatography (HPAEC) with 
pulsed amperometric detection (PAD) using a HPAEC system (ICS-5000, Dionex, Sunnyvale, CA, USA) 
as described previously [2]. The temperature of the auto sampler was set to 6°C. For the analysis of 
C4-oxidized gluco-oligosaccharides released by MtLPMO9C, a longer gradient was used. The gradient 
elution program was as follows: 0–45 min, linear gradient 0–250 mM NaOAc; 45–52 min isocratic 
gradient 400–1,000 mM NaOAc; followed by equilibration (13 min) of the column with the starting 
conditions. The assignment of the C1- and C4-oxidized gluco-oligosaccharides using HPAEC is based 
on previous publications [2, 8, 15, 17], while gluconic and cellobionic acids were assigned by 
available standards (See Methods). All incubations were performed in duplicates. Areas were 
analyzed to determine the effect of the reducing agents on the release of oxidized and non-oxidized 
gluco-oligosaccharides from RAC incubated with MtLPMO9A MtLPMO9B or MtLPMO9C. Standard 
deviations are represented (Figure 3.5) by error bars, which correspond to one cumulated SD (error 
bar = ± SDtot; with SDtot = √SD12 + SD22 + ...). 
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3.5.8  MALDI-TOF MS 
The analysis of substrates incubated with either MtLPMO9B and MtLPMO9C was performed using 
Matrix-assisted laser desorption ionization – time of flight mass spectrometry (MALDI-TOF MS, 
Bruker Daltonics) as described previously [2]. Masses of lithium-adducted C1- or C4- oxidized gluco-
oligosaccharides for RAC incubated with MtLPMO9B or MtLPMO9C, respectively, were determined 
and assigned as described previously [2]. 
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Additional Files 
 
 
Additional Figure 3.1 SDS-PAGE of MtLPMO9B and MtLPMO9C fractions during enzyme purification. MtLPMO9B 
and MtLPMO9C were purified by multiple chromatographic steps from the crude enzyme extract of MtLPMO9B 
(lane 1) and MtLPMO9C (lane 2). The pools of MtLPMO9B (lane 4) or MtLPMO9C (lane 5), used for various 
experiments, showed a single protein band with apparent molecular masses of 32 and 25 kDa, respectively (black 
arrows). The Precision Plus Protein (Bio-Rad Laboratories) was used as a marker. (lane 3 and 6). For more details 
about protein purification see Methods. 
 
Additional Figure 3.2 LC/ESI-MS analysis of MtLPMO9B and MtLPMO9C. The purified a MtLPMO9B- and b 
MtLPMO9C-preparation was analyzed by LC/UV/ESI-MS using an AQUITY UPLC separation system and a SYNAPT 
ion mobiltiy mass spectrometer. The weighted average mass of MtLPMO9B and MtLPMO9C were 32,765 Da and 
24,640 Da, respectively. ESI MS spectras (m/z values) of MtLPMO9B and MtLPMO9C show the presence of 
multiple glycations (+162 Da, hexose (180 Da) – water (18 Da)) of both LPMOs. Up to 13 and 5 glycosyl units are 
attached to MtLPMO9B and MtLPMO9C, respectively.  
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Additional Figure 3.3 MALDI-TOF mass spectrum of RAC incubated with MtLPMO9B and MtLPMO9C in the 
presence of ascorbic acid. a MtLPMO9B incubated with RAC (RAC; 2 mg g-1) in the presence of ascorbic acid. 
Clusters of C1-oxidized (GlcOSn#) and non-oxidized (GlcOSn) gluco-oligosaccharides were determined as their 
lithium (Li) adducts. Double Li-adducts are formed by exchanging a H+ ion for another Li+ ion (marked as 
GlcOSn#§). b MtLPMO9C incubated with RAC (RAC; 2 mg g-1) in the presence of ascorbic acid. Clusters of gluco-
oligosaccharides oxidized at the C4 position (GlcOSn*) and non-oxidized gluco-oligosaccharides (GlcOSn) were 
determined as their lithium adducts. a and b Clusters of non-oxidized and oxidized gluco-oligosaccharides differ 
by a mass difference of one glucose unit (GluOS1, 180 Da – 16 Da = 162 Da). See Figure 3.1 for more details. 
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Additional Figure 3.4 HPAEC elution patterns of β-(1→3, 1→4)-glucan from oat spelt and xyloglucan incubated 
with MtLPMO9C. Incubation of a oat spelt β-(1→3, 1→4)-glucan (2 mg mL-1) and b xyloglucan from tamarind 
seed (XG; 2 mg mL-1) with MtLPMO9C (10 mg g-1 substrate) with ascorbic acid (1 mM) or without. Samples were 
incubated in a 50 mM ammonium acetate (pH 5.0) for 24 h at 52°C. a Numerous products (black arrows) were 
formed from oat spelt β-(1→3, 1→4)-glucan incubated with MtLPMO9C in the presence of ascorbic acid 
compared to oat spelt β-(1→3, 1→4)-glucan without MtLPMO9C addition in the presence of ascorbic acid. No 
oligosaccharides were released if oat spelt β-(1→3, 1→4)-glucan was incubated with MtLPMO9C in the absence 
of ascorbic acid. b Incubation of XG with MtLPMO9C in the presence of ascorbic acid released numerous 
products (black arrows) which were not present if XG was incubated with MtLPMO9C in the absence of ascorbic 
acid. No oligosaccharides were formed from XG incubated with MtLPMO9C in the absence of ascorbic acid. 
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Additional Figure 3.5 MALDI-TOF mass spectrum of β-(1→3, 1→4)-glucan from oat spelt incubated with 
MtLPMO9C. a MtLPMO9B incubated with oat spelt β-(1→3, 1→4)-glucan (2 mg mL-1) in the presence of ascorbic 
acid. Clusters of C4-oxidized (GlcOSn*) and non-oxidized (GlcOSn) gluco-oligosaccharides were determined as 
their lithium (Li) adducts. Clusters of non-oxidized and C4-oxidized gluco-oligosaccharides differ by a mass 
difference of one glucose unit (GluOS1, 180 Da – 16 Da = 162 Da). b (enlargement of a) Several additional peaks 
were determined showing the characteristic 2 Da lower mass as reported for C4-oxidized products (GluOSn* = 
GluOSn – 2 Da). See Methods for more details. 
 
Additional Figure 3.6 MALDI-TOF mass spectrum of xyloglucan incubated with MtLPMO9C. a MtLPMO9C 
incubated with xyloglucan (2 mg mL-1) in the presence of ascorbic acid. Xyloglucan oligosacchairde (XG-OS) 
clusters of C4-oxidized (XG-OSn*) and non-oxidized (XG-OSn) oligosaccharides were determined (m/z values) as 
their lithium (Li) adducts. b (enlargement of a) Several additional peaks were annotated showing the 
characteristic 2 Da lower mass as reported for C4-oxidized products (GluOSn* = GluOSn – 2 Da). An identification 
of non-oxidized and C4-oxidized gluco-oligosaccharides of different substituted xyloglucan oligosaccharides 
based on Fry et al. (1993) remains limited due to the low amounts of products released from xyloglucan 
incubated with MtLPMO9C (Additional Figure 3.4) and the therefore impossible MS2-fragmentation [49]. 
Compounds annotated as GluOSnXOSn indicate the number of expected hexoses and pentoses to be present in 
xyloglucan oligosaccharides. Samples were incubated in 50 mM ammonium acetate buffer (pH 5.0) containing  
1 mM ascorbic acid for 24 h at 52°C. See Methods for more details. 
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Additional Figure 3.7 Cartoons of the highly conserved surface patch near the Gly-Pro-Gly triad. Surface charge 
distribution and enlargement (in brackets) of a MtLPMO9A (d), b MtLPMO9B (e) and c MtLPMO9C (f) emphasize 
the highly conserved surface patch near the Gly-Pro-Gly triad, positioned in the amino acid sequence around 
residue number 200 [21, 29]. The scaling from the negative and positive electrostatic potential regions are -5 for 
blue and +5 for the red regions. The electrostatic map was obtained from APBS plugin from PyMOL. Protein 
orientation: the flat substrate-binding site is located at the bottom of all three LPMOs indicated by the black 
arrow.  
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RP-UHPLC-UV-ESI-MS/MS analysis of LPMO generated 
C4-oxidised gluco-oligosaccharides after non-
reductive labeling with 2-aminobenzamide 
 
 
 
 
 
 
 
 
 
Based on: Frommhagen M, van Erven G, Sanders M, van Berkel WJH, Kabel MA, Gruppen H. RP-
UHPLC-UV-ESI-MS/MS analysis of LPMO generated C4-oxidised gluco-oligosaccharides after non-
reductive labeling with 2-aminobenzamide. Carbohydrate Research. 2017; 448:191-199. 
  
IV
CHAPTER IV 
 
 
Abstract 
 
Lytic polysaccharide monooxygenases (LPMOs) are able to cleave recalcitrant polysaccharides, such 
as cellulose, by oxidizing the C1 and/or C4 atoms. The analysis of the resulting products requires a 
variety of analytical techniques. Up to now, these techniques mainly focused on the identification of 
non-oxidized and C1-oxidized oligosaccharides. The analysis of C4-oxidized gluco-oligosaccharides is 
mostly performed by using high pressure anion exchange chromatography (HPAEC). However, the 
alkaline conditions used during HPAEC analysis lead to tautomerization of C4-oxidized gluco-
oligosaccharides, which limits the use of this technique. Here, we describe the use of reverse phase-
ultra high-performance liquid chromatography (RP-UHPLC) in combination with non-reductive 2-
aminobenzamide (2-AB) labeling. Non-reductive 2-AB labeling enabled separation of C4-oxidized 
gluco-oligosaccharides from their non-oxidized counterparts. Moreover, RP-UHPLC does not require 
buffered mobile phases, which reduce mass spectrometry (MS) sensitivity. The latter is seen as an 
advantage over other techniques such as hydrophilic interaction liquid chromatography and porous 
graphitized carbon coupled to MS. RP-UHPLC coupled to UV detection and mass spectrometry 
allowed the identification of both labeled non-oxidized and C4-oxidized oligosaccharides. Non-
reductive labeling kept the ketone at the C4-position of LPMO oxidized oligosaccharides intact, while 
selective reducing agents such as sodium triacetoxyborohydride (STAB) reduced this ketone group. 
Our results show that RP-UHPLC-UV-ESI-MS in combination with non-reductively 2-AB labeling is a 
suitable technique for the separation and identification of LPMO-generated C4-oxidized gluco-
oligosaccharides. 
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4.1  Background 
 
The use of lignocellulosic biomass, such as agricultural byproducts, is considered to be a green 
approach for the production of biofuels and biochemicals. Hereto, the (hemi)cellulose 
polysaccharides, which are the major constituents in addition to lignin, need to be degraded 
enzymatically to monosaccharides in one of the first steps of the biorefinery process. This enzymatic 
conversion has shown to be boosted by recently discovered lytic polysaccharide monooxygenases 
(LPMOs) [1]. 
Based on their regioselectivity, cellulose active LPMOs oxidize β-(1→4)-linked glucan chains at either 
the C1 or C4 position, or at both of these positions [1-5]. The oxidation of C1-atoms leads to 
formation of labile δ-lactones, which dissociate in water into aldonic acids. These compounds can be 
well separated by common oligosaccharide analysis methods, such as high-performance anion 
exchange chromatography (HPAEC) [3, 4, 6]. In contrast, LPMO-mediated C4-oxidation results in 4-
ketoaldoses, which are present as their corresponding hydrates, geminal diols, in aqueous solutions 
[7, 8]. Unlike C1-oxidised oligosaccharides, C4-oxidised oligosaccharides undergo tautomerization in 
alkaline conditions and that limits their analysis by commonly used HPAEC, which requires alkaline 
eluents [6, 9]. Both C1- and C4-oxidised compounds are further identified by nuclear magnetic 
resonance (NMR) spectroscopy, by off-line mass spectrometric techniques, such as matrix-assisted 
laser desorption ionization-time of flight mass spectrometry (MALDI-TOF MS), or by direct infusion 
MS/MSn [8-11] Nevertheless, for complex oligosaccharides mixtures a separation step prior to 
MS/MSn improves identification [12-15]. 
So far, porous graphitized carbon liquid chromatography (PGC-LC) coupled to MS and charged 
aerosol detection (CAD) enabled identification of C4-oxidized gluco-oligosaccharides. This method 
allowed separation of non-oxidized and C4-oxidized gluco-oligosaccharides with a degree of 
polymerization up to 5 [8]. Still, the use of buffered mobile phases led to formation of multiple salt 
adducts and reduced MS sensitivity. Furthermore, C4-oxidized gluco-oligosaccharides could only be 
determined as geminal diols, but not as 4-ketoaldoses [8]. Alternatively, hydrophilic interaction 
liquid chromatography coupled to mass spectrometry (HILIC-MS) has been investigated, but resulted 
in co-elution of C4-oxidized gluco-oligosaccharides with their non-oxidized counterparts [8]. Hence, 
alternative methods are needed for the separation and identification of C4-oxidised 
oligosaccharides, which do not require the use of buffered eluents. In this work we propose RP-
UHPLC-MS by using non-buffered eluents as an alternative technique for PGC-LC-MS and HILIC-MS. 
To improve column affinity and enable UV-detection and MSn-identification of oligosaccharides, 
labeling via reductive amination of sugar aldehydes has been shown to be a suitable procedure [15, 
16]. Via reductive amination, an aldehyde, such as the reducing end of an oligosaccharide, reacts 
with a primary amine to which a chromophore or fluorophore is attached [17]. First, an imine (Schiff 
base) is formed that can isomerize into a glycosylamine [17]. Since these non-reduced intermediates 
are relatively unstable, selective reducing agents are used to convert the intermediates into stable 
secondary amines. Common reducing agents employed for this purpose are sodium 
cyanoborohydride (NaBH3CN) and 2-picoline borane (pic-BH3) [16, 17]. However, when reductive 
amination with common reducing agents is applied to label the reducing end of C4-oxidised 
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oligosaccharides, the ketone-group of C4-oxidized oligosaccharides will be reduced as well [18, 19]. 
Possibly, the milder reducing agent sodium triacetoxyborohydride (STAB, NaBH(OAc)3), which has 
been reported to be unable to reduce ketones, has the ability to keep the C4-ketone intact [18]. So 
far, STAB has never been studied in relation with C4-oxidized oligosaccharide labeling. 
Separation and identification of C4-oxidised oligosaccharides by using reversed phase coupled to MS 
with and without reductive amination has never been described. Here, we show how non-oxidized 
and C4-oxidized gluco-oligosaccharides can be identified by using non-reductive 2-AB labeling and 
RP-UHPLC-UV-ESI-MS. Furthermore, the developed method allows a clear separation of C4-oxidized 
gluco-oligosaccharides from there non-oxidized counterparts by using non-buffered eluents. In 
addition, alternative labeling approaches including the use of STAB and deuterated sodium 
borohydride are discussed. 
 
4.2  Results and Discussion 
 
4.2.1 Release of gluco-oligosaccharides from RAC incubated with MtLPMO9C 
In the absence of reducing agents, MtLPMO9C is not active towards RAC [20]. Release of gluco-
oligosaccharides from RAC incubated with MtLPMO9C in the presence of 1 mM ascorbic acid was 
analyzed over an incubation-time of 72 h by using HPAEC. In the first 6 h of the incubation hardly 
any products were detected (Figure 4.1). An increase of released C4-oxidized gluco-oligosaccharides 
was observed after 6 h (Figure 4.1c), which reached a maximum between 18 to 30 h. The amount of 
C4-oxidized gluco-oligosaccharides with a higher degree of polymerization (GluOSn+3*–GluOSn+6*, 
annotation based on [20]) decreased after 30 h of incubation (Figure 4.1b), which has also been 
observed for other LPMOs [21]. After 6 h, the amount of non-oxidized gluco-oligosaccharides 
steadily increased the end of the incubation (Figure 4.1b). 
The decrease of GluOSn+3*–GluOSn+6* is not expected to derive from the decomposition of these 
compounds due to the high pH used during HPAEC analysis. It is likely that MtLPMO9C shows a low 
activity towards C4-oxidized gluco-oligosaccharides with a higher DP [20], although we did not 
determine any activity of MtLPMO9C towards soluble cello-oligosaccharides with a degree of 
polymerization (DP) up to 5 [20]. In addition, after long incubation times the solubility of C4-oxidized 
gluco-oligosaccharides with longer DP could have decreased due to, for example, non-covalent 
interactions between these compounds and the remaining RAC material [14, 22]. This hypothesis 
was further studied by incubating non-oxidized gluco-oligosaccharides (DP3, DP4 and DP5) with RAC 
for 24, 48 and 72 h (Additional Figure 4.1). In particular, the amount of gluco-oligosaccharides with 
a longer DP, such as DP5, decreased significantly (up to 40%) when incubated with RAC for 72 h. This 
finding underpins the possible interaction of C4-oxidized gluco-oligosaccharides with a longer DP 
and RAC. Still, the decomposition of C4-oxidized gluco-oligosaccharides at high pH limits the use of 
HPAEC [8]. Therefore, we investigated the use of reversed phase UHPLC-MS as a suitable alternative. 
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Figure 4.1 Activity of MtLPMO9C on regenerated amorphous cellulose in time. a HPAEC elution pattern of 
regenerated amorphous cellulose (RAC; 2 mg mL-1) incubated with MtLPMO9C (15 mg g-1 substrate) in the 
presence of ascorbic acid (1 mM). The oxidation of the C4 carbon atom results in the formation of non-oxidized 
(GlcOSn) and C4-oxidized gluco-oligosaccharides (GlcOSn*). b Gluco-oligosaccharide concentration of released 
cellobiose, cellotriose, cellotetraose and cellopentaose from RAC incubated with MtLPMO9C throughout 72 h. 
Minor amounts of released cellohexaose and cellopentaose were not quantified. c The total sum of integrated 
peak areas of released C4-oxidized gluco-oligosaccharides (GlcOSn* - GlcOSn+6*, annotation based on [20]) after 
incubation of RAC with MtLPMO9C throughout 72 h based on HPAEC. Details are described in Methods. 
4.2.2  2-AB labeling of non-oxidized and C4-oxidized gluco-oligosaccharides by 
reductive amination 
Reductive labeling of gluco-oligosaccharides by using 2-AB has already been described before [16, 
23]. Here, we applied this technique for the analysis of released gluco-oligosaccharides from RAC 
incubated with MtLPMO9C. Therefore, a mixture of MtLPMO9C-generated non-oxidized and C4-
oxidized gluco-oligosaccharides and β-(1→4)-linked gluco-oligosaccharides standards (DP1-5) were 
labeled with 2-AB via reductive amination by using the mild reducing agent sodium 
triacetoxyborohydride (STAB). Labeled oligosaccharide mixtures were analyzed by using RP-UHPLC-
UV-ESI-MS (Figure 4.2).  
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Clearly, labeled β-(1→4)-linked gluco-oligosaccharides standards from DP2 till 5 were well separated 
and well detectable by both UV and MS (Figure 4.2a). Glucose, although present in the mixture, was 
not detected because the 2-AB labeled form of this monosaccharide was not retained during the 
solid phase extraction (SPE) clean-up step of the samples prior to analysis (no further data shown). 
Positive mode MS and MS2 analysis confirmed the presence of 2-AB labeled β-(1→4)-linked gluco-
oligosaccharides of DP2-5 (DP2-AB, m/z 463; DP3-AB, m/z 625; DP4-AB, m/z 787; DP5-AB; m/z 949) 
(Table 4.1, Figure 4.2). The MS2 fragmentation (Figures 4.2c and d; nomenclature based on [24]) 
showed sugar residue losses of m/z 162, which is typical for 2-AB labeled β-(1→4)-linked gluco-
oligosaccharides. As an example, 2-AB labeled cellotetraose had a molecular weight of 786 (parent 
ion [M+H]+ m/z 787). The m/z 162 sugar residue losses resulted in fragments of m/z 625, 463 and 
301 (Figure 4.2c). The abundance of Y1-ions (m/z 301, glycosyl unit attached to 2-AB) indicated that 
the β-(1→4)-linkages closest to the label were most susceptible to break in the positive mode of 
MS2 analysis (Figure 4.2). 
The MtLPMO9C-generated non-oxidized gluco-oligosaccharides were also 2-AB labeled and, 
compared to the standards, their elution and MS/MS2 spectra were similar (Figures 4.2b-d). 
Unfortunately, quantification of non-oxidized oligosaccharides was not possible due to the decrease 
of UV response with increasing DP (DP2-AB until DP6-AB), while molar amounts used during labeling 
were kept constant (0.5 µmol). Thus, quantification requires the use of calibration curves for each 
standard to overcome possible limitations such as a decreased solubility of gluco-oligosaccharides 
with a higher DP, which affects the labeling yield, or a decreased solubility of labeled gluco-
oligosaccharides prior to analysis. The use of standards would also allow quantification of labeled 
gluco-oligosaccharides, which have different UV response factors (Figure 4.2). 
In contrast to the detection of non-oxidized gluco-oligosaccharides, no 2-AB labeled C4-oxidized 
gluco-oligosaccharides were detected by RP-UHPLC-UV-ESI-MS in the supernatant of RAC incubated 
with MtLPMO9C. Masses of the in previous research determined geminal diols of C4-oxidized gluco-
oligosaccharides were also not detected. These results indicated that a reduction of the 4-
ketoaldose occurred during the labeling. Apparently, STAB reduced ketones at the C4 position of 
oxidized gluco-oligosaccharides. The reduction of these ketones was further investigated by 
incubating MtLPMO9C-generated non-oxidized and C4-oxidized gluco-oligosaccharides with STAB 
followed by HPAEC analysis. Only non-oxidized gluco-oligosaccharides were detected after STAB 
treatment in the HPAEC elution profile, as no peaks were present in the region where C4-oxidized 
gluco-oligosaccharides normally elute (based on Figure 4.1 28-40 min, data not shown). The 
proposed reaction pathway of the reduction of 4-ketoaldoses by STAB during 2-AB labeling is 
presented in Additional Figure 4.2. The effect of STAB on the reduction of 2-AB-labeled C4-oxidized 
gluco-oligosaccharides was further investigated by using 10 to 100 times lower concentrations of 
STAB. Low amounts of 2-AB labeled C4-oxidized gluco-oligosaccharides were only detected at the 
lowest STAB concentration used (Additional Figure 4.3). 
The lowest concentration of STAB used also resulted in the formation of increasing amounts of non-
reductively 2-AB labeled non-oxidized gluco-oligosaccharides, which could be identified as imines 
due to the determined two Da lower m/z of the Y-fragments compared to the reductively 2-AB 
labeled non-oxidized counterparts (Table 4.1). The two Da lower m/z of all fragments indicated that 
the m/z loss was positioned on the labeled sugar side and confirmed the presence of imines (m/z 
299) instead of secondary amines (m/z 301)  (Table 4.1). In addition, imines of non-reductively 2-AB 
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labeled C4-oxidized gluco-oligosaccharides were detected, which had the expected 2 Da lower m/z 
compared to their non-reductively 2-AB labeled non-oxidized counterparts (Table 4.1). However, 
MS2 fragmentation was not possible due to the low abundance of these compounds. 
 
Figure 4.2 Identification of reductively labeled non-oxidized gluco-oligosaccharides. The reductively (in the 
presence of STAB) 2-AB labeled non-oxidized gluco-oligosaccharides were analyzed by RP-UHPLC-UV-ESI-MS a 
Upper graph – Extracted ion chromatogram (EIC) of reductively 2-AB labeled cellobiose (DP2-2AB), cellotriose 
(DP3-2AB), cellotetraose (DP4-2AB) and cellopentaose (DP5-2AB) with the m/z values of 463, 625, 787 and 949, 
respectively (Table 4.1) from a prepared standard (DP1-DP5). Lower graph – Elution profile of the four gluco-
oligosaccharides based on UV (254 nm). b Upper graph – EIC of reductively 2-AB labeled cellobiose, cellotriose, 
cellotetraose and cellopentaose with the m/z values of 463, 625, 787 and 949, respectively (Table 4.1) from the 
supernatant of RAC incubated with MtLPMO9C in the presence of ascorbic acid (48 h). Lower graph – Elution 
profile of the four gluco-oligosaccharides based on UV (254 nm). c MSn spectrum, recorded in positive mode, 
showing determined B- and Y-fragments of reductively labeled cellotetraose (DP4-2AB, m/z 787). d 
Fragmentation pattern of reductively labeled cellotetraose based on determined MSn fragments. See Methods 
for labeling procedure and RP-UHPLC-UV-ESI-MS determination.  
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Based on the strong reduction potential of STAB, the milder reducing agent ascorbic acid was used. 
Ascorbic acid has been previously described to be able to reduce imines to secondary amines [25]. 
Surprisingly, 2-AB labeled C4-oxidized gluco-oligosaccharides were detected as imines and not as 
expected secondary amines. Moreover, upon ascorbic acid addition, the formation of imines was 
clearly improved (Additional Figure 4.3). This raised the question if ascorbic acid improves or 
stabilizes the 2-AB labeling of non-oxidized gluco-oligosaccharides. 
Until now, carbohydrate derivatization for MS analysis is mostly performed by reductive amination. 
Over 60 different amines have already been described to allow identification and characterization of 
labeled carbohydrates by this technique [17]. As an alternative to reductive amination, carbohydrate 
derivatization has also been performed with omitting the reduction step, allowing the detection of 
the imine form of labeled carbohydrates. Although these imines (Schiff base) are considered to be 
unstable, they have already been analyzed by using different techniques such as LC-MS and MALDI-
TOF MS [17]. For instance, maltodextrins have been labeled by PFBAB (pentafluorobenzyl 
aminobenzoate) enabling MS analysis of very low concentrations (fmol) [26]. Another approach was 
the non-reductive amination of N-linked glycans by using aniline and the formed imines were stable 
enough to allow analysis by MALDI-TOF MS [27]. Although rarely applied, the given examples 
stimulated the development of a method that enabled the identification of C4-oxidized gluco-
oligosaccharides as 2-AB imines after non-reductive labeling. 
4.2.3  Identification of non-reductively 2-AB labeled non-oxidized and C4-
oxidized gluco-oligosaccharides 
Reductive labeling resulted in the loss of the C4-ketone of LPMO-generated C4-oxidised gluco-
oligosaccharides. Still, intermediates of 2-AB labeled imines of C4-ketones were detected in the 
absence of a reduction step and became even more pronounced after ascorbic acid addition prior to 
labeling. Hence, this non-reductively labeling approach was tested with released non-oxidized and 
C4-oxidized gluco-oligosaccharides from RAC incubated with MtLPMO9C and the RP-UHPLC-UV-ESI-
MS results are shown in Figure 4.3. 
All non-reductively 2-AB labeled non-oxidized oligosaccharides showed a complete baseline 
separation and their masses were confirmed by positive mode MS analysis (DP2-AB-NR, m/z 461; 
DP3-AB-NR, m/z 623; DP4-AB-NR, m/z 785; DP5-AB-NR; m/z 947) (Table 4.1). These determined m/z 
values were 2 Da lower compared to their reductively 2-AB labeled counterparts (with STAB 
addition) (Table 4.1). The 2 Da lower mass confirmed the formation of imines, which were not 
further reduced to amines due to the absence of STAB (Additional Figure 4.2). The addition of 
ascorbic acid prior to labeling did not reduce the formed imines into amines. Positive mode MS2 
fragmentation patterns of non-reductively 2-AB labeled non-oxidized gluco-oligosaccharides 
corresponded to their reductively labeled counterparts and showed the same typical sugar residue 
loss of m/z 162 (Figures 4.2 and 4.3). 
Subsequently, non-reductively 2-AB labeled C4-oxidised oligosaccharides were analyzed by RP-
UHPLC-UV-ESI-MS (Figures 4.3 and 4.4). Based on EIC (Figure 4.4), both non-reductively 2-AB 
labeled C4-oxidized cellotetraose (DP4-C4-ox-2AB-NR, m/z 783; Table 4.1) and cellopentaose (DP4-
C4-ox-2AB-NR, m/z 945; Table 4.1) were identified. MSn analysis of Y-fragments showed a sugar 
residue loss of m/z 162, which was also observed for above described non-oxidized gluco-
 
88 
RP-UHPLC-UV-ESI-MS/MS analysis of C4-oxidised gluco-oligosaccharides 
 
oligosaccharides (Figures 4.4b and c). Hence, our approach succeeded to identify the formation of 
C4-oxidised gluco-oligosaccharides as catalyzed by MtLPMO9C. 
 
Figure 4.3 Identification of non-reductively labeled non-oxidized gluco-oligosaccharides. The non-reductively 
labeled non-oxidized gluco-oligosaccharides were analyzed by RP-UHPLC-UV-ESI-MS a Upper graph – EIC of non-
reductively 2-AB labeled cellobiose (DP2-2AB-NR), cellotriose (DP3-2AB-NR), cellotetraose (DP4-2AB-NR) and 
cellopentaose (DP5-2AB-NR) with the m/z values of 461, 623, 785 and 947, respectively (Table 4.1). Lower graph 
– Elution profile of the four gluco-oligosaccharides based on UV (254 nm). b MSn spectrum, recorded in positive 
mode, showing determined B- and Y-fragments of non-reductively labeled cellotetraose (DP4-2AB-NR, m/z 785). 
c Fragmentation pattern of non-reductively labeled cellotetraose based on determined MSn fragments. See 
Methods for labeling procedure and RP-UHPLC-UV-ESI-MS determination. 
The abundance of 2-AB labeled C4-oxidised oligosaccharides is much lower compared to their non-
oxidized counterparts (Figures 4.3 and 4.4). Moreover, this low abundance of 2-AB labeled C4-
oxidized gluco-oligosaccharides is also reflected by the UV signal, which hardly exceeded the 
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baseline noise. The low MS sensitivity for non-reductively 2-AB labeled C4-oxidized gluco-
oligosaccharides likely results from the use of reductively 2-AB labeled cellobiose for MS 
optimization, which led to non-optimal MS settings. In the developed RP-UHPLC-MS method, the 
presence of the rather small 4-keto group (of 2-AB labeled C4-oxidized gluco-oligosaccharides) 
determined the elution time to a larger extent than the DP (Figures 4.3a and 4.4a). Hence, it was 
concluded that the 4-keto group had considerable effects on structure, and presumably also on 
conformation, which might have further influenced MS detection. Improvement of this detection 
might be achieved by MS optimization with non-reductively 2-AB labeled C4-oxized gluco-
oligosaccharide standards, which can be obtained via the method described by Westereng et al. [8]. 
 
Figure 4.4 Identification of non-reductively labeled C4-oxidized gluco-oligosaccharides. The non-reductively 
labeled C4-oxidized gluco-oligosaccharides were analyzed by RP-UHPLC-UV-MS/MS a EIC of non-reductively 2-AB 
labeled C4-oxidized cellotetraose (upper graph, DP4-C4-ox-2AB-NR) and cellopentaose (lower graph, DP5-C4-ox-
2AB-NR) with the m/z values of 783 and 945, respectively (Table 4.1). b MSn spectrum, recorded in positive 
mode, showing determined B- and Y-fragments of non-reductively labeled C4-oxidized cellotetraose (DP4-C4-ox-
2AB-NR, m/z 783). c Fragmentation pattern of non-reductively labeled C4-oxidized cellotetraose based on 
determined MSn fragments. See Methods for labeling procedure and RP-UHPLC-UV-MS/MS determination. 
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Nevertheless, the unambiguous identification of C4-oxidised gluco-oligosaccharides was achieved by 
using this novel non-reductively labeling method. Similar to PGC-LC, we only determined C4-oxidised 
gluco-oligosaccharides with a lower DP [8]. A possible solution would be the addition of a β-
glucosidase, which is able to hydrolyze the β-(1→4)-linkage from the reducing end and thereby 
forming C4-oxidized gluco-oligosaccharides with a lower DP. The separation of non-oxidized and C4-
oxidized gluco-oligosaccharide using RP-UHPLC did not require, as described for the PGC-LC method, 
the use of buffered mobile phases and therefore, multiple salt adduct formation and reduced MS 
sensitivity could be limited [8]. In addition, the combination of 2-AB labeling and RP-UHPLC-MS 
allows, compared to the use of HILIC-MS only, a clear separation of C4-oxidised gluco-
oligosaccharides from their non-oxidized counterparts [8]. This challenging separation has been, so 
far, a limiting factor for the analysis of C4-oxidised gluco-oligosaccharides [8]. 
Hence, 2-AB labeling can be applied to LPMO reaction mixtures, in which identification of C4-
oxidized oligosaccharides is required. An example is LPMO activity towards xyloglucan, where 
identification of C4-oxidised branched oligosaccharides is required to understand LPMO-cleavage 
patterns. Here, our method could be a potential alternative to the so far used MALDI-TOF MS 
method or direct injection in combination with UHPLC-MS [11, 28]. Nevertheless, to allow 
quantification of LPMO-generated C4-oxidised oligosaccharides, alternative or optimized procedures 
are still needed.  
We considered other labeling compounds, such as phenylhydrazine labeling, which does not require 
an additional reduction step [29]. However, (over) reactivity of phenylhydrazine was observed: a 
single gluco-oligosaccharide resulted in numerous singly or multiply labeled gluco-oligosaccharides 
(data not shown). Therefore, this method was not further developed. Another considered 
alternative approach was the use of deuterated borohydride (BD4) instead of STAB for the reductive 
amination of gluco-oligosaccharides with 2-AB. BD4 reacted with the 4-keto group of C4-oxized 
gluco-oligosaccharides following a similar mechanism as STAB (Additional Figure 4.2). In the 
presence of STAB, C4-oxized gluco-oligosaccharides were reduced to their non-oxidized 
counterparts, identical to the products of hydrolytic cleavage. By BD4 reduction a deuterium ion is 
inserted into C4-oxidized gluco-oligosaccharides, which led to the formation of non-oxidized gluco-
oligosaccharide with a 1 Da higher mass compared to ‘normal’ non-oxidized gluco-oligosaccharides. 
Hence, both non-oxidized and ‘modified deuterated C4-oxidized’ 2-AB labeled gluco-
oligosaccharides could be distinguished by RP-UHPLC-UV-ESI-MS. However, the strong reducing 
capacity of BD4 led to the formation of alditols (data not shown) that cannot be labeled anymore. 
Therefore, we suggest a ‘two-step-labeling-approach’, where in a first step C4-oxidized gluco-
oligosaccharides are 2-AB labeled and in a second step BD4 is added in equimolar amounts of 
expected imines. 
Finally, we conclude that 2-AB labeling by selective deuterated reducing agents combined with RP-
UHPLC-MS analysis could be a good approach for both identification and, when optimized further, 
quantification.  
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Table 4.1 Identification of 2-AB labeled non-oxidized and C4-oxidized gluco-oligosaccharides by RP-
UHPLC-UV-ESI-MS. 
Gluco-oligosaccharide 
 
Abbreviation 
 
 
[M+H]+ 
(m/z) 
Signature fragments 
(MSn) 
positive mode 
Reductively 2-AB     
labeleda    
Non-oxidized    
Cellobiose DP2-2AB 463.2 301.1, 284.1, 248.1 
Cellotriose DP3-2AB 625.2 463.2, 301.1, 284.1, 248.1 
Cellotetraose DP4-2AB 787.3 625.2, 463.2, 301.1 
Cellopentaose DP5-2AB 949.4 787.3, 625.2, 463.2, 301.1 
C4-oxidized    
n.d.b n.d. b n.d. b n.d. b 
Non-reductively    
2-AB labeledc    
Non-oxidized    
Cellobiose DP2-2AB-NR 461.1 299.1, 263.1, 215.0 
Cellotriose DP3-2AB-NR 623.2 461.1, 299.1, 263.1, 215.0 
Cellotetraose DP4-2AB-NR 785.2 623.4, 461.3, 299.2 
Cellopentaose DP5-2AB-NR 947.3 767.3, 623.4, 461.3, 299.1 
C4-oxidized    
4-keto-cellotetraose DP4-C4-ox-2AB-NR 783.3 623.1, 461.2, 299.1 
4-keto-cellopentaose DP5-C4-ox-2AB-NR 945.3 783.4, 623.1, 461.3, 299.1 
a Gluco-oligosaccharide labeled in the presence of STAB and 2-AB in DMSO:acetic acid (85:15, v/v) 
b n.d., not determined by RP-UHPLC-UV-ESI-MS due to reduction of the C4 position of the 4-ketoladose by STAB 
(Additional Figure 4.2) 
c Gluco-oligosaccharide labeled in the absence of STAB and 2-AB in DMSO:acetic acid (85:15, v/v) with 1 M 
ascorbic acid addition during labeling 
 
4.3.  Conclusions 
 
Here, we describe the use of non-reductive 2-AB labeling for the separation and identification of 
non-oxidized and C4-oxidized gluco-oligosaccharides in combination with RP-UHPLC-UV-ESI-MS 
detection. Non-oxidized and C4-oxidized gluco-oligosaccharides were separated by using non-
buffered eluents. The imines formed allowed identification by UV and mass spectrometry. The 
addition of non-selective reducing agents such as STAB during 2-AB labeling led to loss of the ketone 
of the C4 carbon atom of C4-oxidized gluco-oligosaccharides. Ascorbic acid addition prior to labeling 
improved the yield of determined non-reductively labeled non-oxidized and C4-oxidized gluco-
oligosaccharides. Our results show that the combination of RP-UHPLC-UV-ESI-MS and non-
reductively 2-AB labeling is a suitable technique for the separation and identification of LPMO-
generated C4-oxidized gluco-oligosaccharides. 
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4.4.  Methods 
 
4.4.1  Enzyme expression, production and purification 
MtLPMO9C was expressed and purified according to a previously described procedure [20]. 
4.4.2  Cellulose substrate, standards and labeling chemicals 
Regenerated amorphous cellulose (RAC) was prepared from Avicel PH-101 as described previously 
[20]. Ascorbic acid, glucose, cellobiose, sodium triacetoxyborohydride (STAB) and deuterated 
sodium borohydride were purchased from Sigma-Aldrich (Steinheim, Germany). Cellotriose, 
cellotetraose, cellopentaose and cellohexaose were purchased from Megazyme (Bray, Ireland). 
Phenylhydrazine hydrochloride, 2-aminobenzamide (2-AB) and dried dimethyl sulfoxide (DMSO) 
were purchased from VWR International (Radnor, PA, USA). 
4.4.3  Incubation conditions for MtLPMO9C 
Regenerated amorphous cellulose (2 mg mL-1) was dissolved in 50 mM ammonium acetate buffer 
(pH 5.0), with or without addition of ascorbic acid (final concentration 1 mM). The enzyme 
concentration of MtLPMO9C was 15.0 µg protein per mg-1 of substrate. Samples were incubated in 
triplicate for various time points (0, 3, 6, 18, 24, 30, 48 and 72 h) at 50°C in a head-over-tail rotator 
in portions of 5 mL of total volume (Stuart rotator, Bibby Scientific, Stone, UK) at 20 rpm.  
4.4.4  Oligosaccharide analysis 
Oligosaccharides were analyzed by high-performance anion-exchange chromatography (HPAEC) 
with pulsed amperometric detection (PAD) using a HPAEC system (ICS-5000, Dionex, Sunnyvale, CA, 
USA) as described previously [20]. 
4.4.5 2-AB labeling of non-oxidized and C4-oxidized gluco-oligosaccharides by 
using reductive amination 
Non-oxidized and C4-oxidized gluco-oligosaccharides were reductively 2-AB labeled as previously 
described [16, 30] by using a modified protocol [23]. The supernatant (250 μL) obtained from the 
incubation of RAC with MtLPMO9C in the presence of ascorbic acid after 48 h was used for the 
reductive labeling by 2-AB. In addition, an equimolar stock solution of a 10 μL mixture of glucose, 
cellobiose, cellotriose, cellotetraose and cellopentaose (DP1-DP5) was prepared at total amount of 
0.5 µmol (0.1 µmol per compound). Duplicates of the standard stock solution and the 250 μL 
supernatant from the RAC- MtLPMO9C-incubation were dried by using a SpeedVac Savant ISS110 
concentrator (Thermo Scientific, San Jose, CA, USA). The dried samples were mixed with a freshly 
prepared 2-AB solution 12.5 μL (191 mg mL-1 DMSO containing 15% (v/v) acetic acid). Subsequently, 
37.5 μL of STAB (143 mg mL
-1 DMSO containing 15% (v/v) acetic acid) was added. The final molar 
ratio of gluco-oligosaccharides and 2-AB was 1:35 during labeling (10 mM and 350 mM, 
respectively). All samples were vortexed for 30 sec and centrifuged (3 min, 15,000 x g, 20°C) to 
ensure liquid concentration at the bottom of the tube. All samples were incubated for 2 h at 65°C 
under continuous shaking at 750 rpm (ThermoMixer Comfort, Eppendorf, Hamburg, Germany). After 
incubation, samples were cooled to room temperature (20°C), centrifuged (1 min, 15,000 x g, 20°C) 
and dried overnight (SpeedVac Savant ISS110 concentrator). 
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The dried samples were dissolved in 1 mL 90% (v/v) acetonitrile in water before solid phase 
extraction (SPE) clean-up with Bond Elut Cellulose columns (300 mg, 3 mL; Agilent, Santa Clara, CA, 
USA) according to a previous method [16, 30], which was modified. Briefly, the column was 
conditioned with 2 x 2 mL water and afterwards equilibrated with 3 x 2 mL 90% (v/v) acetonitrile in 
water. Samples (500 μL) were subsequently loaded. Vacuum was applied 2 min after the first loading 
and 5 min after the second loading. The column was subsequently washed with 2 x 3 mL 90% (v/v) 
acetonitrile in water before the analytes were eluted with 2 x 2 mL water with 5 min gravitational 
elution before vacuum was applied. Obtained samples (4 mL) were dried under a stream of nitrogen 
overnight at room temperature (20°C). Subsequently, samples were wetted with methanol (1 μL), 
vortexed for 0.5 min and centrifuged (1 min, 15,000 x g, 20°C) and dissolved in 100 μL water. 
Samples were 10 times diluted prior to RP-UHPLC-UV-ESI-MS analysis. 
4.4.6 Non-reductive 2-AB labeling of non-oxidized and C4-oxidized gluco-
oligosaccharides 
Aliquots of 250 μL supernatant containing non-oxidized and C4-oxidized gluco-oligosaccharides from 
the incubation of RAC with MtLPMO9C (48 h, Figure 4.1) were prepared by using two different 
sample preparations. One preparation included 250 μL of the RAC-MtLPMO9C-incubation 
supernatant without additional ascorbic acid addition. The other sample preparation was enriched 
to yield an ascorbic acid concentration of 1 M during labeling, by addition of fresh ascorbic acid prior 
to labeling. The same protocol as described above was used for sample preparation with the 
following modifications: 1) After drying, all samples were mixed with 50 μL freshly prepared 2-AB 
solution without addition of STAB. 2) Samples were not diluted prior to RP-UHPLC-UV-ESI-MS 
analysis. 
4.4.7 RP-UHPLC-UV-ESI-MS analysis of reductively 2-AB labeled non-oxidized 
and C4-oxidized gluco-oligosaccharides 
All samples were subjected to an Accela reversed phase high-performance liquid chromatography 
(RP-UHPLC) system coupled to electron spray ionization (ESI) mass spectrometry (Thermo Scientific, 
San Jose, CA, USA). Injected samples (5 μL) were separated using a Aquidity BEH C18 (2.1 x 150 mm, 
1.7 μm particle size) coupled to an Acquity UHPLC BEH C18 Vanguard guard column (2.1 x 5 mm, 1.7 
μm particle size). Both columns were purchased from Waters (Milford, MA, USA). Elution with 
eluent A (H2O + 0.1% (v/v) formic acid) and eluent B (methanol + 0.1% (v/v) formic acid) was 
performed according to the following steps: From 0 to 1 min an isocratic elution of 5% B, from 1 to 
31 min a linear gradient to 20% B, from 31 to 32 min a linear gradient to 100% B, from 31 to 36 min 
an isocratic elution of 100% B, from 36 to 37 min a linear gradient to 5% B and from 37 to 45 an 
isocratic elution of 5% B. A flow rate of 300 μL min-1 was used. The oven and tray temperature were 
set at 25°C and 20°C, respectively. The photodiode array detector (PDA) measured a wavelength 
range of 200-600 nm. UV-absorbance at 254 nm was used for analysis of 2-AB labeled gluco-
oligosaccharides. 
Samples were further analyzed using an LTQ-Velos mass spectrometer (Thermo Scientific) equipped 
with an ESI-MS. Data was collected over a m/z range of 90 to 1500 in positive (PI) mode. MS settings 
were optimized with LTQ-tune. Therefore, a 2-AB labeled cellobiose solution (see section above) was 
diluted 100 times in the correct elution conditions (12.5% (v/v) B). A splitter was used to combine 
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the flow of sample (10 μL min
-1
) to the flow of mobile phases (12.5% (v/v) B at 290 μL min
-1). The ion 
optics were optimized on m/z 463.1. A capillary temperature of 250°C, a source heater temperature 
of 200°C, a sheath gas flow rate of 42, an auxiliary gas flow rate of 10, a sweep gas flow rate of 0 and 
ion spray voltage of 4.0 kV were determined to be optimal. 
4.4.8  Identification of non-reductively 2-AB labeling of non-oxidized and C4-
oxidized gluco-oligosaccharides 
Samples were analyzed by using RP-UHPLC-UV-ESI-MS as described above with a modified elution 
profile: From 0 to 1 min an isocratic elution of 2% (v/v) B, from 1 to 31 min a linear gradient to 18% 
(v/v) B, from 31 to 36 min a linear gradient to 100% (v/v) B, from 36 to 37 min an isocratic elution of 
100% (v/v) B, from 36 to 37 min a linear gradient to 2% (v/v) B and from 37 to 45 an isocratic elution 
of 2% (v/v) B. MS settings were used as described above. 
4.4.9 Reductive amination of 2-AB labeled C4-oxidised gluco-oligosaccharides 
using deuterated borohydride 
The supernatant (500 μL) obtained from the incubation of RAC incubated with MtLPMO9C was dried 
under vacuum and labeled according to the protocol of reductive labeling as described above with 
the following changes. The dried samples were mixed with a freshly prepared 2-AB solution 12.5 μL 
(19.1 mg mL-1 DMSO containing 60% (v/v) acetic acid). Subsequently, 37.5 μL of NaBD4 (1 mg mL
-1 
DMSO only) was added. Upon mixing of the reducing agent solution (37.5 µL) and 2-AB solution 
(12.5 µL) a final DMSO:acetic acid  ratio equal to 85:15 was achieved. Samples were incubated and 
further purified by using Bond Elute cellulose columns as described above. Samples were analyzed 
by using RP-UHPLC-UV-ESI-MS as described above with a modified elution profile: From 0 to 1 min 
an isocratic elution of 5% (v/v) B, from 1 to 31 min a linear gradient to 50% (v/v) B, from 31 to 32 
min a linear gradient to 100% (v/v) B, from 32 to 36 min an isocratic elution of 100% (v/v) B, from 36 
to 37 min a linear gradient to 5% (v/v) B and from 37 to 45 an isocratic elution of 5% (v/v) B. MS 
settings were used as described above. 
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Additional Files 
 
 
Additional Figure 4.1. Gluco-oligosaccharides incubated with cellulose. Regenerated amorphous cellulose (RAC, 
1 mg mL-1) was incubated with either cellotriose, cellotetraose or cellopentaose (2.5 µg mL-1) in the presence of 
ascorbic acid (1 mM) for 24, 48 and 72 h. The percentages indicate the remaining gluco-oligosaccharide 
concentrations after an incubation time of 24, 48 and 72 h compared to non-incubated samples (0 h). Samples 
were incubated in an ammonium acetate buffer pH 5.0 at 50°C. Samples were prepared in duplicate and 
analyzed by HPAEC (see Methods). 
 
Additional Figure 4.2. Proposed reaction pathways of reductive 2-AB labeling of cellobiose and C4-oxidised 
cellobiose with STAB as a reducing agent. a C4-oxidised cellobiose; b cellobiose; c non-reduced 2-AB labeled 
cellobiose; imine; d 2-AB labeled C4-oxidized cellobiose; imine; e reduced 2-AB labeled C4-oxidized cellobiose; 
amine; f reduced 2-AB labeled cellobiose; amine. Reactive groups are enlarged and indicated in bold. 
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Additional Figure 4.3. Effect of STAB and ascorbic acid on the formation of non-reductively 2-AB labeled C4-
oxidized gluco-oligosaccharides. The formed imines of non-reductively 2-AB labeled C4-oxidized gluco-
oligosaccharides were analyzed by RP-UHPLC-UV-MS/MS. The areas were obtained from the extracted ion 
chromatogram (EIC) of non-reductively 2-AB labeled C4-oxidized cellotetraose (grey bar, DP4-C4-ox-2AB-NR, m/z 
783) and cellopentaose (shaded grey bar, DP5-C4-ox-2AB-NR, m/z 945), respectively. In the first experiment, 500 
µL of the supernatant from RAC incubated with MtLPMO9C was labeled with 2-AB in the presence of different 
STAB concentrations (100, 10 and 0 mM). In a second experiment, 250 µL of the supernatant was labeled with 2-
AB in the absence of STAB (0 mM, with and without ascorbic acid addition (1 mM)) and the injection volume was 
50% compared to the first experiment (marked with *). The results of the two experiments are separated by the 
dashed line. 
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Abstract 
 
Many fungi boost the deconstruction of lignocellulosic plant biomass via oxidation by using lytic 
polysaccharide monooxygenases (LPMOs). The application of LPMOs is expected to contribute to 
ecologically friendly conversion of biomass into fuels and chemicals. Moreover, applications of 
LPMO-modified cellulose-based products may be envisaged within the food or material industry. 
Here, we show an up to 75-fold improvement in LPMO-driven cellulose degradation by using 
polyphenol oxidase-activated lignin building blocks. This concerted enzymatic process involves the 
initial conversion of monophenols into diphenols by the polyphenol oxidase MtPPO7 from 
Myceliophthora thermophila C1, and the subsequent oxidation of cellulose by MtLPMO9B. 
Interestingly, MtPPO7 shows preference towards lignin-derived methoxylated monophenols. 
Sequence analysis of genomes of 336 Ascomycota and 208 Basidiomycota reveals a high correlation 
between MtPPO7 and AA9 LPMO genes.  
The activity towards methoxylated phenolic compounds distinguishes MtPPO7 from well-known 
PPOs, such as tyrosinases, and ensures that MtPPO7 is an excellent redox partner of LPMOs. The 
correlation between MtPPO7 and AA9 LPMO genes is indicative for the importance of the coupled 
action of different monooxygenases in the concerted degradation of lignocellulosic biomass. These 
results will contribute to a better understanding in both lignin deconstruction and enzymatic 
lignocellulose oxidation and potentially improve the exploration of eco-friendly routes for biomass 
utilization in a circular economy. 
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5.1  Background 
 
Fungal carbohydrate converting enzymes are considered important for eco-friendly application in 
plant biomass degradation. The resulting carbohydrates are sources for the production of 
biochemicals or biofuels and new enzymatically modified cellulose-based products are envisaged for 
the future.  
Next to carbohydrates, phenolic compounds are also major components of lignocellulosic plant 
biomass. Phenolic compounds are present either as free molecules or in conjugated form as part of 
lignin or bound to carbohydrates. Lignin is one of the major constituents of (secondary) plant cell 
walls, together with the polysaccharides cellulose and hemicellulose. Lignin is composed of the 
three aromatic monolignol units: coniferyl, sinapyl and para-coumaryl alcohol. Cellulose consists of 
β-(1→4)-linked glucosyl chains that interact with each other via hydrogen bonds and van der Waals 
forces, which results in the formation of crystalline cellulose fibrils. Unlike cellulose, hemicellulose is 
a heteropolymer varying in its monosaccharide composition and linkages between the 
monosaccharides. Examples are xylan, mannan or β-(1→3, 1→4)-linked β-glucan. Hemicellulose 
interacts with lignin through ester and ether linkages, thereby forming a network that embeds the 
cellulose microfibrils [1, 2]. 
Recent studies focused on the function of lytic polysaccharide monooxygenases (LPMOs) have 
confirmed that these enzymes drive the oxidative degradation of cellulose, and they are considered 
important for the enzymatic degradation of plant biomass [3]. LPMOs are classified based on their 
sequence in the Carbohydrate Active enzyme (CAZy;[4]) database as auxiliary activity (AA) families 
AA9, AA10, AA11 and AA13. In brief, LPMOs have been reported to oxidize β-(1→4)-linked glucan 
chains at either the C1- or C4-carbon position or both, resulting in the cleavage of glucan chains [3, 
5, 6]. Other LPMOs of these AA families have been described to oxidize the (1→4)-linkage of chitin, 
xylan, hemicellulose such as xyloglucan and glucomannan, soluble cellodextrines and starch [7-11]. 
In order to oxidize polysaccharides, LPMOs demand electrons to activate molecular oxygen in their 
copper-containing active site [3, 5, 6]. The electrons can be donated by reducing agents, like low 
molecular weight compounds (ascorbic acid, gallic acid) or the macromolecule lignin [12-14]. Other 
ways of providing LPMOs with electrons have been reported, such as flavocytochrome-dependent 
cellobiose dehydrogenases (CDHs), light induced pigments, light-driven chemical oxidation of water 
or diphenol regenerating GMC-(glucose-methanol-choline-oxidase/dehydrogenase) oxidoreductases 
[5, 12, 15, 16]. The mechanistic understanding of electron donation systems is highly relevant in 
order to enable optimization of LPMO activity, and, thereby, plant biomass degradation. 
Phenolic compounds, including small molecular weight compounds that serve as lignin building 
blocks and lignin, are intrinsically present in plant biomass and are natural electron donors for LPMO 
activity. However, monophenols are not optimal electron donors for LPMO activity, because of their 
relatively high redox potential [12]. Compounds with a 1,2-benzenediol or a 1,2,3-benzenetriol 
moiety have, compared to monophenols, a lower redox potential [13]. Their low redox potential 
enables them to reduce the copper ion in the active site of LPMOs and enhance the LPMO activity 
[12]. 
 
101 
V
CHAPTER V 
 
The enzymatic oxidation of phenolic compounds is a well-known reaction in many natural 
environments. For example, it causes browning of food products, contributes to taste in tea 
fermentation and plays a role in plant biomass decomposition [17-19]. These oxidative systems 
involve the activity of laccases (EC.1.10.3.2), peroxidases (EC.1.11.1), tyrosinases (EC.1.14.18.1) and 
catechol oxidases (EC 1.10.3.1) [18-20]. In particular tyrosinases, also often referred to as 
polyphenol oxidases, are of interest due to their ability to hydroxylate phenolic compounds [21]. 
This so-called monophenolase activity typically involves the ortho-hydroxylation of monophenols 
into ortho-diphenols, compounds that comprise a 1,2-benzenediol moiety. Tyrosinases also exhibit 
diphenolase activity, which is characterized by the oxidation of these ortho-diphenols into ortho-
quinones [22]. With respect to biomass degradation, the diphenolase activity of polyphenol oxidases 
is not conductive to polysaccharides oxidation since ortho-quinones cannot be utilized by LPMOs 
[12]. Based on their monophenolase activity, tyrosinases have been shown to use non-methoxylated 
monophenols as substrates, rather than using methoxylated monophenols, that are the 
predominant structural units of lignin [23]. 
In this study we investigated if polyphenol oxidases, in particular tyrosinases, can enhance LPMO 
activity. Therefore, the tyrosinase MtPPO7 from Myceliophthora thermophila C1 was used, which 
showed activity towards phenolic compounds and was obtained from DuPont Industrial Biosciences. 
In addition, we used the commercially available tyrosinase AbPPO from the white button mushroom 
Agaricus bisporus. Both tyrosinases were each incubated with the previously described MtLPMO9B 
in the presence of various plant phenolic compounds and cellulose [13, 24]. We found that MtPPO7 
is highly active towards methoxylated monophenols, including monomeric lignin building blocks. 
This activity can strongly boost the release of oxidized gluco-oligosaccharides as catalyzed by 
MtLPMO9B and thereby the degradation of cellulose. In addition, we found a strong correlation 
between genes encoding MtPPO like proteins and AA9 LPMOs in fungal genomes of 336 Ascomycota 
and 208 Basidiomycota. 
 
5.2  Results 
 
5.2.1  MtPPO7 addition improves cellulose oxidation by MtLPMO9B 
Our previous results have shown that reducing agents with a 1,2-benzenediol or 1,2,3-benzenetriol 
moiety gave the highest release of non-oxidized and C1-oxidized gluco-oligosaccharides from 
regenerated amorphous cellulose (RAC) incubated with three MtLPMOs compared to the incubation 
with compounds comprising only a single hydroxyl group [13]. Hence, in the current research we 
hypothesized that MtLPMO activity can benefit from enzymes which have hydroxylating capacity, 
such as polyphenol oxidases (Figure 5.1) [21]. We choose MtPPO7, which originates like the 
MtLPMO9B employed here, from the thermophilic filamentous fungus Myceliophthora thermophila 
C1. As a reference, the well-studied tyrosinase AbPPO from the edible mushroom Agaricus bisporus 
was used [19, 25, 26-28].  
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Figure 5.1 Schematic presentation of the concerted action of polyphenol oxidases and LPMOs. Monophenols 
with a 1-hydroxy, 2-methoxy moiety are hydroxylated by MtPPO7 from M. thermophila C1. The resulting 
methoxylated catechols are excellent electron donors for MtLPMO9B activity. In comparison to MtPPO7, the 
mushroom tyrosinase AbPPO is able to convert non-methoxylated monophenols into compounds comprising a 
1,2-benzenediol moiety. The released compounds comprising a 1,2-benzenediol moiety are able to donate 
electrons for MtLPMO9B activity. However, AbPPO exhibits a strong diphenolase activity which reduces the 
available amount of these compounds comprising a 1,2-benzenediol moiety for MtLPMO9B due to further 
oxidation of these compounds into ortho-quinones (indicated by dashed arrow). 
The activity of MtLPMO9B towards RAC, with and without addition of MtPPO7, was determined by 
using 21 phenolic compounds as potential electron donors. Many of these phenolic compounds are 
methoxylated as these are the predominant structural units of lignin. Results are presented in Table 
5.1 and Figure 5.2. The 21 different phenolic compounds used were classified into three groups and 
further divided into subgroups, as previously described [13]. In short, group I represents compounds 
comprising one hydroxyl group, group II compounds comprising a 1,2-benzenediol moiety and group 
III compounds comprising a 1,2,3-benzenetriol moiety (Figure 5.2, Table 5.1). 
As expected, from our previous research [13], monophenols (group Ia) are less efficient electron 
donors for MtLPMO9B, with the exception of 4-hydroxybenzoic acid (no. 1). The low MtLPMO9B 
activity towards RAC resulted in a very small amount of released non-oxidized and C1-oxidized 
gluco-oligosaccharides (Figure 5.2, Table 5.1, Additional Figure 5.1). The addition of MtPPO7 to RAC 
incubated with MtLPMO9B did not increase the electron donor capacities of this group Ia 
compounds, except for para-coumaric acid (no. 3). In contrast, the addition of MtPPO7 to RAC 
incubated with MtLPMO9B in the presence of methoxylated monophenols (group Ib, compounds 
with a 1-hydroxy, 2-methoxy moiety) led in all cases to a high increase (up to ± 75 times, no. 5) in 
the release of non-oxidized and C1-oxidized gluco-oligosaccharides (Figure 5.2, Additional Figure 
5.1). Similarly, the oxidative cleavage of RAC incubated with MtLPMO9B increased, when MtPPO7 
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was added to group Ic compounds, which comprise a 1-hydroxy-2,6-dimethoxy moiety. For group 
IIa, IIb and III phenolic compounds, the addition of MtPPO7 to incubations of RAC with MtLPMO9B 
led to a moderate increase of non-oxidized and C1-oxidized gluco-oligosaccharides (4 to 39%), with 
one exception (no. 19) (Table 5.1, Figure 5.2). 
 
Figure 5.2 RAC incubated with MtLPMO9B with or without MtPPO7 or AbPPO addition in the presence of 21 
reducing agents. The numbers are total sums of the integrated peak areas of released non-oxidized (shaded red, 
blue and yellow) and C1-oxidized (red, blue and yellow) gluco-oligosaccharides after incubation of regenerated 
amorphous cellulose (RAC; 1.5 mg mL-1) with MtLPMO9B only (red bars) (5.0 μg mL-1), MtLPMO9B together with 
AbPPO (blue bars, 2.5 µL mL-1) or MtLPMO9B together with MtPPO7 (yellow bars) (5.0 μg mL-1) based on HPAEC. 
The reducing agents (2 mM) are numbered (X-axis) and specified in Table 5.1. Vertical dotted lines separate the 
reducing agents into groups (I, II, II) and subgroups (a, b, c). Group I, monophenols Ia, compounds with a 1-
hydroxy,2-methoxy moiety Ib or a 1-hydroxy-2,6-dimethoxy moiety Ic. Group II, compounds with 1,2-
benzenediols moiety IIa and compounds with a 1,2-dihydroxy-3-methoxy moiety IIb. Group III, reducing agents 
with a 1,2,3-benzenetriol moiety III. All incubations were performed in duplicate and the standard deviations are 
represented by error bars. See Methods for details. 
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Incubations performed with AbPPO showed deviating results from corresponding experiments with 
MtPPO7. First, unlike MtPPO7, addition of AbPPO to non-methoxylated monophenols (group Ia) 
resulted in increased levels of non-oxidized and C1-oxidized oligosaccharides during the incubation 
of RAC with MtLPMO9B. This different activity was expected on the basis of the known 
hydroxylating capacity of AbPPO towards non-methoxylated monophenolic compounds. Especially, 
the addition of AbPPO in the presence of para-coumaric acid (no. 3) increased MtLPMO9B-catalysed 
degradation of RAC compared to the incubation without AbPPO (Figure 5.2, Table 5.1). Different 
from MtPPO7, AbPPO addition to group Ib, Ic, II and III compounds did not or, compared to MtPPO7, 
improved MtLPMO9B catalyzed RAC degradation relatively moderate (5 to 361%, Table 5.1), or even 
decreased RAC degradation by 1 to 44% (Figure 5.2, Table 5.1). 
Table 5.1. RAC incubated with MtLPMO9B only and with AbPPO or MtPPO7 addition in the presence 
of 21 reducing agnetsa 
Gr. Sub- 
group 
No. Reducing agent Activity [%] 
MtLPMO9Bb 
Activity [%] 
MtLPMO9B 
+ AbPPOc 
Activity [%] 
MtLPMO9B 
+ MtPPO7c 
I a 1 4-hydroxybenzoic acid 100 119 90 
  2 ortho-cresol 100 778 2 
  3 para-coumaric acid 100 9,938 2,851 
  4 phenol 0d >0d 0d 
I b 5 3-hydroxy-4-methoxycinnamic acid 100 151 7,558 
  6 4-hydroxy-3-methoxyphenylactone 100 117 131 
  7 coniferyl aldehyde 100 128 562 
  8 ferulic acid 100 107 231 
  9 guaiacol 100 461 5,143 
  10 hesperidin 100 56 771 
  11 homovanillic acid 100 156 580 
  12 vanillic acid 100 196 495 
I c 13 4-allyl-2,4-methoxyphenol 100 89 108 
  14 sinapic acid 100 110 195 
  15 syringic acid 100 107 142 
II a 16 3,4-dihydroxybenzoic acid 100 99 139 
  17 3-methylcatechol 100 58 104 
  18 caffeic acid 100 55 122 
II b 19 3,4-dihydroxy-5-methoxybenzoic acid 100 99 22 
  20 3,4-dihydroxy-5-methoxycinnamic acid 100 99 116 
III  21 gallic acid 100 105 124 
aDivision based on functional groups of reducing agents (Figure 5.2). 
bTotal release of non-oxidized and C1-oxidized gluco-oligosaccharides from RAC incubated with MtLPMO9B set to 
100% 
cIncreased (bold ≥ 50% increase) or decreased percentage of released non-oxidized and C1-oxidized gluco-
oligosaccharides from RAC incubated with MtLPMO9B with addition of either AbPPO or MtPPO7 compared to 
the release of non-oxidized and C1-oxidized gluco-oligosaccharides from RAC incubated with MtLPMO9B alone. 
Sum of areas of released non-oxidized and C1-oxidized gluco-oligosaccharides are shown in Figure 5.2. See 
Methods for more information.  
dNo reference due to absent activity of MtLPMO9B towards RAC in the presence of phenol (Figure 5.2) 
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5.2.2  MtLPMO9B-mediated cellulose oxidation in the presence of MtPPO7 by 
using time-dependent incubations 
The ability of MtPPO7 to convert methoxylated phenolic compounds and to increase the oxidative 
degradation of RAC by MtLPMO9B was further investigated by using time-dependent incubations 
(24 h). These incubations were performed in the presence of two methoxylated monophenols 
(guaiacol and ferulic acid, group Ib), as well as in the presence of a non-methoxylated ortho-
diphenol (3-methylcatechol, group IIa) (Figure 5.3, Additional Figure 5.2). After 4 hours of 
incubation, a steady MtPPO7-induced oxidation of guaiacol (no. 9) was observed (Additional Figure 
5.3). At the same time, the amounts of released non-oxidized and C1-oxidized gluco-
oligosaccharides by MtLPMO9B from RAC also increased steadily (Figure 5.3c). A similar trend for 
the release of non-oxidized and C1-oxidized gluco-oligosaccharides was shown for the incubation 
with ferulic acid (no. 8, Additional Figure 5.2). MtPPO7 showed a relatively low efficiency towards 3-
methylcatechol (no. 17) compared to guaiacol (Table 5.1, Additional Figure 5.3). As reported above, 
no significant increase of MtLPMO9B released non-oxidized and C1-oxidized gluco-oligosaccharides 
from RAC was observed when comparing incubations with and without MtPPO7 (Figure 5.3d). In 
presence of MtPPO7 though, the initial rate (0 – 6 h) of released non-oxidized and C1-oxidized gluco-
oligosaccharides was lower compared to the incubation without MtPPO7 (Figure 5.3d). 
5.2.3  Activity of MtPPO7 towards methoxylated phenolic compounds 
The most striking observation from the experiments described above is the conversion of 
methoxylated phenolic compounds by MtPPO7 into products, which enhance the oxidative 
degradation of cellulose by MtLPMO9B. The fate of these phenolic compounds upon MtPPO7 
incubation was further studied in the absence of MtLPMO9B by using UHPLC-UV-MSn.  
Based on UV measurements, non-methoxylated phenolic compounds of group Ia, group IIa and 
group III remained constant in concentration during MtPPO7 incubation, showing that MtPPO7 has a 
low activity towards compounds comprising a 1,2-benzenediol moiety (Figure 5.4, Additional Table 
5.1). Different from MtPPO7, in previous research AbPPO has been reported to be highly active 
towards these types compounds [19, 24, 25]. 
MtPPO7 was active towards all eight methoxylated monophenols (group Ib) tested. Based on UV, 
the concentrations of group Ib compounds decreased during MtPPO7 incubation between 28% and 
67% compared to the same compounds incubated without MtPPO7 (Figure 5.4). Three types of 
MtPPO7 reactions were observed based on mass differences between substrate and products 
formed (Additional Table 5.1): A) hydroxylation (m/z + 16; e.g. no. 5 and 7), B) decarboxylation (m/z 
-44, e.g. no. 8) and C) demethylation (m/z -14, e.g. no. 11). Especially the hydroxylation of 
methoxylated phenolic compounds is a key reaction, since the products formed comprise a second 
hydroxyl group. The formed ortho-diphenols are known to be efficient electron donors for LPMOs. 
Decarboxylation and demethylation occurred either in the presence of MtPPO7 or as a result of 
polymerization reactions in both the presence and absence of MtPPO7. Several group Ib compounds 
spontaneously formed dimers in the absence of MtPPO7 (no. 8 or no. 11). These dimers were almost 
absent when group Ib compounds were incubated with MtPPO7 (Additional Table 5.1). Similar to 
group Ib compounds, the concentrations of compounds comprising a 1-hydroxyl-2,6-dimethoxy 
moiety (group Ic) incubated with MtPPO7 decreased, based on UV, between 6% and 64% compared 
to the incubation without MtPPO7 (Figure 5.4, Additional Table 5.1. Again, masses indicating 
decarboxylation (-44 Da) and demethylation (-14 Da) reactions were formed. MtPPO7 was also able 
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to convert group IIb compounds (up to 87% substrate conversion, no. 20) that comprise a 1,2-
dihydroxy-3-methoxy moiety (Figure 5.4). The reactions observed were decarboxylation (m/z -44, 
e.g. no. 19) and dimerization (e.g. no. 20) of group IIb compounds based on masses formed 
(Additional Table 5.1). 
 
Figure 5.3 Activity of MtLPMO9B towards amorphous cellulose in the presence and absence of MtPPO7. HPAEC 
elution pattern of regenerated amorphous cellulose (RAC; 1.5 mg mL-1) incubated with MtLPMO9B (5.0 μg mL-1) 
with (yellow) and without (red) MtPPO7 (5.0 μg mL-1) addition in the presence of a guaiacol (no. 9 specified in 
Table 5.1, 2 mM) and b 3-methylcatechol (no. 17 specified in Table 5.1, 2 mM) after 24 h. The incubation of RAC 
with MtLPMO9B results in the formation of non-oxidized gluco-oligosaccharides (GlcOSn) and C1-oxidized gluco-
oligosaccharides (GlcOSn#). Based on HPAEC, integrated peak areas are shown as the total sum of released non-
oxidized (shaded red and yellow) and C1-oxidized (red and yellow) gluco-oligosaccharides after incubation of RAC 
(1.5 mg mL-1) with MtLPMO9B only (red bars, 5.0 μg mL-1) and MtLPMO9B together with MtPPO7 (yellow bars, 
5.0 μg mL-1) in the presence of c guaiacol and d 3-methylcatechol. All incubations were performed in duplicate, 
and the standard deviations are presented as error bars. See Methods for data analysis and details. 
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Figure 5.4 UV response areas of 21 reducing agents incubated in the presence and absence of MtPPO7. The total 
sum is shown of integrated peak areas of 21 reducing agents (2 mM) with (yellow bar) and without (red bar) 
addition of MtPPO7 (5.0 μg mL-1). The reducing agents are numbered (bold on the left) and specified in Table 5.1. 
Samples were incubated in a 50 mM potassium phosphate buffer (pH 6.0) containing 2.5 µM copper(II)-chloride 
for 24 h at 50°C and measured by UHPLC-UV (280 nm). Bold numbers on the right: reducing agents conversion 
(%) by MtPPO7, which is based on the difference of integrated peak areas (UV 280 nm) of the reducing agents 
incubated with MtPPO7 compared to the incubation of reducing agents only. All incubations were performed in 
duplicate. See Methods for details. 
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In general, most phenolic compounds (such as no. 17 and no. 21) that were incubated with MtPPO7 
formed insoluble complexes, which likely result from polymerization reactions of ortho-quinones 
formed. These insoluble complexes were not determined by UHPLC-UV-MSn. The complexation of 
ortho-quinones resulted, obviously, in a decrease of the UV signal of the substrates (Figure 5.4, 
Additional Figure 5.4). 
5.2.4  Conversion of guaiacol and 3-methylcatechol by MtPPO7 
For a better discrimination between monophenolase and diphenolase activity, MtPPO7 conversion 
of guaiacol and 3-methylcatechol was monitored over a period of 24 hours by UHPLC-UV-MSn. The 
conversion of guaiacol by MtPPO7 resulted in the initial formation of 3-methoxycatechol (Additional 
Table 5.1, Additional Figure 5.4 and 5.5). Further reactions resulted in the formation of brown 
pigments indicating that 3-methoxycatechol was oxidized into ortho-quinones, which are likely to 
polymerize and form insoluble complexes. Other masses determined by UHPLC-UV-MSn indicated 
the polymerization of guaiacol and compounds originating from the oxidation of guaiacol by 
MtPPO7 into trimers (m/z 399, 401, 415). Based on the masses detected (Additional Table 5.1 and 
Additional Figure 5.4), a scheme is presented of possible reaction pathways of guaiacol occurring 
during MtPPO7 incubation (Additional Figure 5.5). 
The oxidation of guaiacol by MtPPO7 mainly occurred between 4 to 8 hours of incubation, whereas 
3-methylcatechol showed to be oxidized by MtPPO7 within the first two hours. During the 
incubation of 3-methylcatechol with MtPPO7 pink pigments are formed, which precipitate after 
sample centrifugation. Based on MSn, masses of 3-methylcatechol (m/z 123) and masses indicating 
the dimerization of 3-methylcatechol (m/z 245) were detected upon incubation of both 3-
methylcatechol with MtPPO7 and 3-methylcatechol alone (Additional Table 5.1). No detectable 
amounts of new products were formed during the incubation of 3-methylcatechol with MtPPO7 
compared to the incubation of 3-methylcatechol only (Additional Table 5.1).  
5.2.5  Structural model of MtPPO7 
A structural model of MtPPO7 was generated based on the available structure of a catechol oxidase 
from Aspergillus oryzae (AoCO4, Protein Data Bank entry: 4j3p) (Figure 5.5). MtPPO7 and AoCO4 
share 38% amino acid sequence identity. The structural model of MtPPO7 shows a four-helix bundle 
fold with the presence of six conserved histidines coordinating the two copper ions in the active site, 
which is typical for PPO-like tyrosinases and catechol oxidases. Six of the seven cysteines are 
involved in conserved disulfide bridges (Cys47-Cys393, Cys75-Cys134 and Cys196-Cys234) and 
expected to be relevant for the thermo-tolerance of MtPPO7 (Figure 5.5). Based on the model, the 
large distance (10.5 Å) between the sulfur atom of Cys302 and Cɛ-atom of His110 prevents 
formation of a thioether bond, which is present in other PPOs such as AbPPO3 and AbPPO4 [25]. 
Characteristics of the amino acid sequence and structural model of MtPPO7 are further described in 
the Discussion section. 
5.2.6  Genome-wide analysis of AA9 LPMO, AbPPO and MtPPO7 
Sequence annotations of 336 Ascomycota and 208 Basidiomycota genomes [29] were used in this 
analysis. Some of the numbers of genes obtained encoding AA9 LPMOs, were verified by comparison 
with published data. For example, we have identified 22 and 18 genes encoding AA9 LPMOs in M. 
thermophila and T. terrestis, respectively, which is similar to previously reported results [30]. In 
total, 277 Ascomycota genomes and 178 Basidiomycota genomes contained AA9 LPMOs encoding 
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genes (Figure 5.6). The two PPOs used in this work are regarded as two different proteins due to 
their low sequence identity of 12%. The two PPO classes used for the genome analysis were not 
further divided into short and long tyrosinases [31]. Over 90% of the Ascomycota that comprise 
genes encoding AA9 LPMOs showed also the presence of genes encoding either AbPPO-like, 
MtPPO7-like proteins or both (Figure 5.6a). In contrast, only around 40% of the AA9 LPMOs 
encoding Basidiomycota contained genes that encode AbPPO-like, MtPPO7-like proteins or both. 
The percentage of Ascomycota and Basidiomycota genomes studied that contained neither genes 
encoding AA9 LPMOs, AbPPOs nor MtPPO7s, were 15% and 8%, respectively (Figure 5.6a). The 
average number of genes found per genome encoding AA9 LPMOs was higher in Ascomycota (13.0) 
than in Basidiomycota (10.6) (Figures 5.6b and 5.6c). Both the total and the average number of 
genes encoding AbPPO-like and MtPPO7-like proteins were also higher in Ascomycota compared to 
Basidiomycota (Figures 5.6b and 5.6c). 
 
Figure 5.5 Structural model of MtPPO7. The structural model of MtPPO7 was generated based on the crystal 
structure of a catechol oxidase from Aspergillus oryzae (AoCO4, Protein Data Bank entry: 4j3p)[42]. MtPPO7 and 
AoCO4 share an amino acid sequence identity of 38%. The MtPPO7 model is predominantly α-helical with the 
catalytic copper site situated in the four-helix bundle. The coordination of the two copper atoms (blue) by six 
histidine residues (orange) is strictly conserved. The three disulfide bridges Cys47-Cys398, Cys75-Cys134 and 
Cys196-Cys234 (yellow) are also conserved. 
Principal Component Analysis (PCA) was performed on all 336 Ascomycota and 208 Basidiomycota. 
In addition, we used the numbers which describe the presence of AA9 LPMO, MtPPO7s and AbPPOs 
encoding genes in each fungal species. The first two components of the PCA explained 69.8% and 
19.7% variation in the data, respectively. Correlations of 0.75 and 0.5 were observed between the 
presence of genes encoding AA9 LPMOs and MtPPO7s in Ascomycota and Basidiomycota, 
respectively. (Figure 5.7b). Lower correlations of 0.59 and 0.34 were observed in the genes encoding 
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AA9 LPMOs and AbPPOs. No correlation (correlation ≤ 0.25) was observed between AbPPOs and 
MtPPO7, for both Ascomycota and Basidiomycota. Based on the presence of at least 10 annotated 
genes that encode cellulose degrading enzymes per fungus, 27 Ascomycota and 23 Basidiomycota 
genomes were selected (Additional Table 5.2, Additional Table 5.3) [32]. The selected 27 
Ascomycota genomes showed a higher correlation (0.60) between genes encoding AA9 LPMOs and 
MtPPO7s compared to the 23 selected Basidiomycota (0.53) (Figure 5.7c). Also, no correlation was 
found between genes encoding MtPPO7- and AbPPO-like genes in the selected Basidiomycota 
species (Figure 5.7). 
 
Figure 5.6 Genome analysis of Ascomycota and Basidiomycota. The protein sequence annotations of 336 
Ascomycota and 208 Basidiomycota genomes were used for genome analysis. In total, a 277 Ascomycota and b 
178 Basidiomycota comprise AA9 LPMOs encoding genes (blue column). Next to this occurrence of AA9 LPMOs 
encoding genes in Ascomycota and Basidiomycota, the co-occurrence of both AbPPO-like and MtPPO7-like, or 
either AbPPO-like or MtPPO7-like enzymes is indicated on the right of each column. The number of Ascomycota 
and Basidiomycota without co-occurrence of AA9 LPMOs encoding genes was 59 and 30, respectively (red 
column). In total, 50 Ascomycota and 17 Basidiomycota species were determined that do not carry any genes 
encoding AA9 LPMOs, AbPPOs and MtPPO7s. c Total number of AA9 LPMOs, AbPPOs and MtPPO7s encoding 
genes annotated in 336 Ascomycota and 208 Basidiomycota genomes. d Distribution of annotated AA9 LPMOs, 
AbPPOs and MtPPO7s encoding genes within 336 Ascomycota and 208 Basidiomycota genomes. See Methods for 
details.  
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Figure 5.7 Statistical genome analysis of Ascomycota and Basidiomycota. a Principal component analysis (PCA) of 
genes encoding AA9 LPMOs, AbPPOs and MtPPO7s of 336 Ascomycota and 208 Basidiomycota genomes. The 
numbers which describe the presence of genes encoding AA9 LPMOs, MtPPO7s and AbPPOs in each fungal 
species were used as variables and are presented as principal components of Ascomycota (red dots) and 
Basidiomycota (blue dots). The first two components of the PCA explained 69.8% and 19.6% variation in the data, 
respectively. Vectors (red arrows) with a similar orientation illustrate a high correlation between the gene 
families (see b). The axis legends indicate the overall contribution of the three gene families encoding AA9 
LPMOs, AbPPOs and MtPPO7s. b Correlation between the three gene families encoding AA9 LPMOs, AbPPOs and 
MtPPO7s of 336 Ascomycota (upper triangle) and 208 Basidiomycota (lower triangle). c Correlation between 
genes encoding AA9 LPMOs, AbPPOs and MtPPO7s of 27 Ascomycota (upper triangle) and 23 Basidiomycota 
(lower triangle), which have at least ten annotated genes encoding cellulose degrading enzymes per fungus. 
Species of both fungal classes are listed in Additional Table 5.2 and Additional Table 5.3. Numerical values of the 
correlations of b and c are presented in Additional Figure 5.6. See Methods for details. 
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5.3  Discussion 
 
5.3.1  MtPPO7 enhances cellulose oxidation by MtLPMO9B 
Many PPOs, tyrosinases in particular, have been described to oxidize monophenols and various 
phenolic compounds comprising a 1,2-benzenediol or 1,2,3-benzenetriol moiety. However, none of 
these tyrosinases show a high activity towards methoxylated compounds (group Ib) such as ferulic 
acid (no. 8) [33-36]. Importantly, MtPPO7 hydroxylates methoxylated phenolic compounds (group 
Ib) and thereby improves the activity of MtLPMO9B up to 75 times (no. 5, Table 5.1). On the other 
hand, AbPPO addition to RAC incubated with MtLPMO9B in the presence non-methoxylated 
monophenols also resulted in a significant increase of the MtLPMO9B activity (up to 99 times). 
Especially the activity of MtPPO7 towards methoxylated phenolic compounds is of high relevance, as 
these compounds are abundant as structural lignin units and, therefore, intrinsically present during 
plant biomass degradation. Here, we only determined the effect of polyphenol oxidases on the 
LPMO-mediated cellulose degradation in the presence of phenolic compounds that are known as 
lignin building blocks but we did not, for example, investigate the impact of these enzymes in the 
presence of washed or unwashed pretreated biomass. In comparison to the substrate used in this 
thesis, we expect a lower effect of MtPPO7-like enzymes on the LPMO-mediated substrate oxidation 
by using pretreated biomass, since this biomass contains a mixture of multiple potential electron 
donating compounds, which were described in an earlier study [13]. 
A recent study described that H2O2, in addition to or instead of O2 (Figure 5.1), acts as a co-substrate 
for LPMOs, while reducing agents are still needed to activate the active site copper [37]. Once 
copper is activated, LPMOs oxidize substrates under the use of H2O2. The latter can be formed by 
the reduction of O2 through reducing agents [37]. Considering these recent findings, it can only be 
hypothesized how MtPPO7 increased the MtLPMO9B-mediated cellulose oxidation, which was 
investigated in our research. It is possible that the oxidation of the phenolic compounds led to the 
formation of compounds that have either an enhanced reducing efficiency on MtLPMO9B or led to 
an enhanced H2O2 generation which increased the MtLPMO9B activity. 
5.3.2  Activity of MtPPO7 towards phenolic compounds 
Based on our results, we conclude that MtPPO7 improves the activity of MtLPMO9B by two main 
reactions. First, MtPPO7 hydroxylates methoxylated monophenols at the ortho-position 
(monophenolase activity) and forms compounds comprising a 1,2-benzenediol moiety. These 
compounds have, compared to methoxylated monophenols, a lower redox potential and are known 
to be good electron donors for LPMOs [12-14]. Secondly, MtPPO7 inhibits the formation of non-
enzymatic coupling reactions, which occurred during the incubation of several cinnamic acid 
derivatives in the absence of MtPPO7, but were not formed when MtPPO7 was present during the 
incubations (Additional Table 5.1). Non-enzymatic coupling reactions of cinnamic acid derivatives of 
group I, II or III result in the formation of bulky phenolic polymers. The aliphatic acrylic acid (prop-2-
enoic acid) group present in cinnamic acid derivatives constitutes an elongation of the conjugated 
aromatic ring. This group takes part in polymerization reactions, which can be caused by radical 
formation due to the presence of copper (2.5 µM) [18, 38]. However, it remains unclear, how 
MtPPO7 prevents (reduces) the polymerization of cinnamic acid derivatives. 
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Importantly, MtPPO7 showed only a low efficiency towards non-methoxylated compounds 
comprising a 1,2-benzenediol or 1,2,3-benzenetriol moiety. In contrast to AbPPO, MtPPO7 had no 
inhibitory effect on the MtLPMO9B activity towards RAC in the presence of these phenolic 
compounds (Table 5.1). Although we did not determine the formation of ortho-quinones, it is 
possible that MtPPO7 further oxidizes methoxylated compounds comprising a 1,2-benzenediol 
moiety into ortho-quinones due to the observed pigment formation (Additional Figure 5.4, 
Additional Figure 5.5). However, this pigment formation could also partly result from non-enzymatic 
polymerization reactions or formation of metal-catechol complexes, as indicated in Figure 5.8 [39]. 
Still, based on the monophenolase activity we would consider MtPPO7 to be a tyrosinase. The low 
efficiency of MtPPO7 to convert compounds comprising a 1,2-benzenediol moiety is expected to be 
an advantage. MtLPMO9B can utilize these compounds as electron donors and improve the 
oxidative activity towards cellulose. In the case of a strong diphenolase activity, however, the 
available amount of these compounds comprising a 1,2-benzenediol moiety would rapidly decrease 
due to further oxidation of these compounds into ortho-quinones. Hence, we expect for some other 
PPOs, such as AbPPO, a negative effect on the LPMO-mediated cellulose oxidation. This effect 
results from the strong activity of these PPOs towards compounds comprising a 1,2-benzenediol or 
1,2,3-benzenetriol moiety, which are potential reducing agents for LPMOs [33, 40, 41]. The ortho-
quinones formed (no. 17 and 18) (Figure 5.2, Table 5.1) have been shown to be less efficient 
electron donors for LPMOs than their ortho-diphenol precursors [12]. 
 
Figure 5.8 Proposed reaction pathway of MtPPO7- and AbPPO-mediated oxidation of phenolic compounds. a 
Phenolic compounds comprising a 2-methoxy moiety are hydroxylated by MtPPO7 from M. thermophila C1 at 
the 6-position. Different from MtPPO7, AbPPO from A. bisporus shows a low efficiency (dotted arrows) towards 
these methoxylated monophenols. The formed compounds comprising a 1,2-dihydroxy-3-methoxy moiety have, 
compared to the methoxylated monophenols, a lower electron potential and an increased electron donating 
capacity for LPMOs. b Non-methoxylated monophenols are hydroxylated at the ortho-position by AbPPO into 
compounds comprising a 1,2-benzenediol moiety, whereas MtPPO7 shows a low efficiency (dotted arrows) 
towards non-methoxylated monophenols. The formed compounds comprising a a 1,2-dihydroxy-3-methoxy and 
b 1,2-benzenediol moiety are expected to be further oxidized into ortho-quinones by either the MtPPO7- and 
AbPPO-mediated or catalysts-mediated oxidation, such as copper which was present during the incubation. As 
indicated in Additional Figure 5.5, these ortho-quinones, including intermediate products formed by the 
oxidation of phenolic compounds, are expected to polymerize and form insoluble complexes. 
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5.3.3  Structural characteristics of MtPPO7 
The structural model of MtPPO7 shows a four-helix bundle architecture with the presence of six 
histidine residues coordinating the two copper ions in the active site, which is typical for PPO-like 
tyrosinases and catechol oxidases (Figure 5.5). We clearly showed that the preference of MtPPO7 
towards methoxylated phenolic compounds and the low activity towards diphenols is different from 
reported fungal or plant catechol oxidases and tyrosinases (Figure 5.4). Here, we further discuss the 
structure-function relationship of these PPOs in comparison with the generated model of MtPPO7. 
However, it should be noted that the structural model of MtPPO7 was generated based on a 
catechol oxidase from Aspergillus oryzae (AoCO4) and both proteins share an overall amino acid 
sequence identity of only 38% [42]. It has already been shown that marginal structural differences 
determine whether PPOs exhibit a stronger monophenolase or diphenolase activity [43]. Based on 
our model, it is possible that structural features discussed below deviate compared to the crystal 
structure which is, however, not available yet. 
Firstly, the presence of a thioether bridge between a cysteine and histidine is assumed to be 
important for the monophenolase and diphenolase activity. This bond has been described to be 
present in many fungal PPOs, such as AbPPO3/4 from A. bisporus, NcPPO from Neurospora crassa, 
and also in plant catechol oxidases, such as IbCO from Iponema batatas [26, 44, 45]. However, 
similar to AoCO4 from A. oryzae [42], MtPPO7 does not form this thioether bond (Figure 5.5). 
Secondly, MtPPO7 shows the presence of the PPO typical ‘gate residue’ (Phe300 in MtPPO7, Phe261 
in IbCO and Val299 in AoCO4). It has been hypothesized that a bulky ‘gate residue’, such as a 
phenylalanine, limits the accessibility of monophenols to the copper A ion (CuA) and therefore, 
might be a limiting factor for the monophenolase activity [44, 46]. However, in AoCO4 the bulky 
phenylalanine is replaced by Val299 and still AoCO4 shows a rather low activity towards 
monophenols [31, 42]. Our data suggests, that Phe300 in MtPPO7 does not limit the accessibility for 
(methoxylated) monophenols. Thirdly, it also has recently been proposed that the presence of 
certain amino acid residues next to the CuB-coordinating histidines indicates whether a tyrosinase 
or catechol oxidase exhibits a stronger monophenolase and a weak diphenolase activity or a weak 
monophenolase and a strong diphenolase activity [43]. However, none of the described amino acid 
residues at that specific position (Pro, Asn, Glu and Gln) is present in MtPPO7, which has a tyrosine 
(Tyr268) at the corresponding position. In MtPPO7 a tyrosine (Tyr268) occupies. Whether Tyr268 is 
responsible for the observed specificity towards methoxylated monophenols can only be 
hypothesized at this moment. Fourthly, MtPPO7 shares with tyrosinases and catechol oxidases the 
characteristic ‘tyrosine motif’ (Tyr-X-Tyr/Phe or Tyr/Phe-X-Tyr; in MtPPO7 residues 399-401). This 
motif is highly conserved among plants and fungi [31, 42, 47]. Fifthly, MtPPO7 does not contain the 
‘YG motif’ (Gly-Tyr motif), which is a typical feature of fungal tyrosinases and catechol oxidases [47]. 
In conclusion, based on substrate specificity (Figure 5.1) and modelled structure (Figure 5.5), we do 
not classify MtPPO7 as a typical tyrosinase or catechol oxidase. 
5.3.4  Genome analysis 
Based on genome analysis, we found a positive correlation between genes encoding AA9 LPMOs and 
MtPPO7-like enzymes in Ascomycota and Basidiomycota, which has not been shown previously. 
Interestingly, this correlation strengthens the evidence that fungi benefit from the concerted activity 
of AA9 LPMOs and MtPPO7-like enzymes in nature, which is in agreement with major findings 
obtained from the experimental data of this work. The proportion of annotated AA9 LPMOs within 
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Ascomycota and Basidiomycota (82 and 86%, respectively) is about 5-10% lower with the findings of 
a recent study (92% in Ascomycota and Basidiomycota), which may result from the different species 
chosen (Figure 5.6) [12]. The two PPOs (MtPPO7 and AbPPO) used in this work share only a low 
sequence identity and, therefore, are considered to belong to different subgroups of polyphenol 
oxidases. It is important to realize that active tyrosinases, such as the mushroom tyrosinase AbPPO3, 
have been described to consist of large (H) and small (L) subunits [45, 48]. We focused for the 
genome analysis on genes encoding the protein of the catalytic H subunit, which contains the highly 
conserved binuclear copper site. The function of the L subunit is so far not known [45]. All purified 
enzymes used in this work are secreted. However, we did not differentiate between secreted and 
non-secreted fungal AA9 LPMOs and PPOs in the genome analysis. It may be that most of the 
enzymes detected here take part in the external fungal metabolism, as can be deducted from the 
high abundance of the annotated MtPPO7s and AbPPOs throughout Ascomycota and 
Basidiomycota. We, therefore, specifically selected genomes of plant biomass degrading fungi that 
contain at least ten genes encoding known cellulose degrading enzymes per fungus and found again 
a similar correlation between genes encoding AA9 LPMOs, AbPPOs and MtPPO7s (Figure 5.7) [32, 
49]. In contrast to MtPPO7s, genes encoding AbPPOs showed a weak correlation with AA9 LPMOs in 
Ascomycota and Basidiomycota (Figure 5.7), especially for the selected cellulose degrading 
Basidiomycota (Figure 5.7c). One possible explanation is that a cellulose rich environment is 
associated with the abundance of lignin as seen in soft- and hardwoods. Still, there may be 
considerable variation in the substrate specificity and specific activity of PPOs within the MtPPO7- or 
AbPPO-like gene families. The latter seems to be consistent with the low sequence identity among 
PPOs and, in addition, by the diverse substrate specificities of PPOs that have only marginal 
differences in their amino acid sequence [31, 43, 50]. 
 
5.4  Conclusions 
 
For the first time, we demonstrate the importance of the coupled action of different 
monooxygenases in the concerted degradation of plant biomass. We demonstrated that MtPPO7 is 
particularly active towards methoxylated phenolic compounds that are the predominant structural 
units of lignin. This feature distinguishes MtPPO7 from the well-known mushroom tyrosinase 
AbPPO, which stimulates the LPMO activity via its ability to hydroxylate non-methoxylated 
monophenols. However, its strong diphenolase activity limits the applicability of this tyrosinase for 
producing electron donating capacity for LPMOs. In addition, we established that genes encoding 
MtPPO7-like enzymes and AA9 LPMOs are highly correlated throughout Ascomycota and 
Basidiomycota, suggesting that AA9 LPMOs benefit from the activity of MtPPO7-like enzymes in 
nature. Further understanding in both lignin deconstruction and enzymatic lignocellulose oxidation 
will lead to more eco-friendly routes for biomass utilization, which is seen as a prerequisite for a 
circular economy. 
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5.5  Methods 
 
5.5.1  Enzyme expression, production and purification 
MtPPO7 (UniProt: KX772412) was over-expressed in the a homologous Myceliophthora thermophila 
C1 strain. A low protease/low (hemi-)cellulase producing M. thermophila C1 strain was used to 
produce MtPPO7 [51, 52]. The MtPPO7-containing culture broth was fractionated to obtain a pure 
MtPPO7 preparation. This preparation was provided by DuPont Industrial Biosciences. MtLPMO9B 
was expressed and purified as described in [13]. 
5.5.2  Protein identification 
The pure MtPPO7 fraction was analyzed by LC–mass spectrometry confirming the presence of the 
MtPPO7 by ‘The Scripps Research Institute’ (San Diego, CA, USA). 
5.5.3  Purification and identification of mushroom tyrosinase 
Tyrosinase from the edible button mushroom Agaricus bisporus was purified from a commercial 
enzyme preparation (Sigma-Aldrich, Steinheim, Germany) as described previously [25]. The purified 
enzyme preparation (referred to as AbPPO) was shown to contain the isoforms PPO3 and PPO4 [25]. 
5.5.4  Cellulose substrate and reducing agents 
Regenerated amorphous cellulose (RAC) was prepared from Avicel PH-101 as described previously 
[7, 53]. All reducing agents used throughout this study (Table 5.1) were purchased from Sigma-
Aldrich (Steinheim, Germany). 
5.5.5  Incubation conditions for MtLPMO9B, MtPPO7 and AbPPO 
Regenerated amorphous cellulose (1-2 mg mL-1, see Figure captions) was dissolved in a 50 mM 
ammonium acetate buffer (pH 5.0), with or without addition of reducing agents (final concentration 
of 2 mM). The standard enzyme concentrations of MtLPMO9B, MtPPO7 and AbPPO used in this 
work were 5.0, 5.0 and 0.7 µg protein mg-1 substrate, respectively. All samples were incubated for 
20 h at 50°C in a head-over-tail rotator in portions of 1 mL total volume (Stuart rotator, Bibby 
Scientific, Stone, UK) at 20 rpm. Supernatants of all incubations were analyzed by HPAEC and RP-
UHPLC-UV-ESI-MSn. 
5.5.6  Oligosaccharide analysis 
Oligosaccharides were analyzed by high-performance anion exchange chromatography (HPAEC) with 
pulsed amperometric detection (PAD) using a HPAEC system (ICS-5000, Dionex, Sunnyvale, CA, USA) 
as described previously [7]. 
5.5.7  RP-UHPLC-UV-ESI-MSn analysis 
Supernatants of all incubations were subjected to an Accela reversed phase high-performance liquid 
chromatography (RP-UHPLC) system coupled to electron spray ionization mass spectrometry 
(Thermo Scientific, San Jose, CA, USA). Injected samples (5μL) were separated using a Aquidity C18 
column (2.1 x 150 mm, 1.7 μm particle size) with an Acquity UHPLC Shield RP18 Vanguard guard 
column (2.1 x 5 mm, 1.7 μm particle size). Both columns were purchased from Waters (Milford, MA, 
USA). Gradient elution with eluent A (H2O + 1% (v/v) acetonitrile + 0.1% (v/v) HOAc) and eluent B 
(acetonitrile + 0.1% (v/v) HOAc) was performed according to the following steps: From 0 to 17.7 min 
a linear gradient from 5% to 60% B; from 17.7 to 21.7 min, isocratic 100% B, and from 21.7 to 26 
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min, isocratic 5% B. The flow rate and the injection volume were 0.4 mL min -1 and 5 μL, respectively. 
The column temperature was set to 30°C and the photodiode array detector was operated in the 
range of 200-400 nm.  
Samples were further analyzed by using an LTQ-Velos mass spectrometer (Thermo Scientific) 
equipped with a ESI-MS. Data was collected over a m/z range of 90 to 1500 in both negative (NI) and 
positive (PI) mode. The collision energy was set to 35%. 
5.5.8  Structural modelling 
An alignment was made of the amino acid sequence of MtPPO7 and the amino acid sequence of 
catechol oxidase from Aspergillus oryzae (AoCO4), which scored highest in a Blast search using the 
MtPPO7 sequence against the Protein Data Bank (38% amino acid identity). Using this alignment and 
the available structure of AoCO4 (PDB-id: 4J3P) as template, structural models were obtained for 
MtPPO7 using the Modeller program version 9.16. One hundred comparative models were 
generated, after which the model with lowest corresponding DOPE score was selected for inspection 
and image generation using Pymol (Pymol, The PyMOL Molecular Graphics System, version 1.5.0.4 
Schrödinger, LLC, New York, NY, USA). 
5.5.9  Genome-wide analysis 
Fungal genomes were obtained from the JGI MycoCosm portal [29]. In total, protein sequence 
annotations of 336 Ascomycota and 208 Basidiomycota genomes were used. BLAST databases for 
those protein sequences were created using 'makeblastdb' program in BLAST+ v2.2.30 [54]. The 
protein BLAST was performed separately by using ten MtPPO7 sequences (PDB id: 4J3P and closely 
related MtPPO7s: Q2UNF9, Aspergillus oryzae (strain ATCC 42149); G2QC95, Myceliophthora 
thermophila (ATCC 42464); Q2H7I7, Chaetomium globosum (ATCC 6205); G0SFX8, Chaetomium 
thermophilum (DSM 1495); L7IAQ4, Magnaporthe oryzae (strain Y34); L7JMT9, Magnaporthe oryzae 
(strain P131); G4N2I5, Magnaporthe oryzae (strain 70-15); A0A084GCK1, Scedosporium 
apiospermum; A0A0C4DYF2, Magnaporthiopsis poae (ATCC 64411); J3P591, Gaeumannomyces 
graminis var. tritici (strain R3-111a-1)), ten AA9 LPMO sequences (PDB id: 4D7U and closely related 
LPMOs: Q7SHI8, Neurospora crassa (strain ATCC 24698); G2QCJ3, Myceliophthora thermophila 
(strain ATCC 42464); F7W1P4, Sordaria macrospora (strain ATCC MYA-333); G2RB73, Thielavia 
terrestris (strain ATCC 38088); Q2H8N9, Chaetomium globosum (strain ATCC 6205); G0S408, 
Chaetomium thermophilum (strain DSM 1495); F8MLY8, Neurospora tetrasperma (strain FGSC 
2508); T0L448, Colletotrichum gloeosporioides (strain Cg-14); A0A0H4K9X4 and A0A1C9CXI0, 
Myceliophthora thermophila C1) and four AbPPOs (AbPPO1, AbPPO2, AbPPO3 and AbPPO4 [55, 56]) 
as query sequences. Resulting sequences below E-value cut-off of 0.001 with query coverage above 
60% for AA9 LPMOs, 65% for MtPPO7s and 85% for AbPPOs were considered for further analysis. 
Selection of cellulase-rich Ascomycota and Basidiomycota was based on the presence of at least 10 
genes encoding cellulose degrading enzymes, which are classified in the CAZy database as glycosyl 
hydrolase families GH1, GH3, GH5, GH6, GH7, GH12, GH45. The GH gene families were selected 
based on Kubicek et al. (2014) [57]. Previous data [32] was used to determine the number of 
annotated genes encoding cellulose degrading enzymes. Based on this selection, 27 Ascomycota and 
23 Basidiomycota species were selected for the Pearson correlation analysis (Figure 5.7, Additional 
Table 5.2, Additional Table 5.3). All the statistical analyses were performed in R [58]. 
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Additional Figure 5.1 Activity of MtLPMO9B towards amorphous cellulose in the presence and absence of 
MtPPO7 or AbPPO. HPAEC elution pattern of regenerated amorphous cellulose (RAC; 1.5 mg mL-1) incubated 
with MtLPMO9B (5.0 μg mL-1) only, or with either AbPPO (2.5 µL mL-1) or MtPPO7 (5.0 μg mL-1) in the presence of 
a para-coumaric acid (no. 3 specified in Table 5.1, 2 mM) and b 3-hydroxy-4-methoxycinnamic acid (no. 5 
specified in Table 5.1, 2 mM). The incubation of RAC with MtLPMO9B results in the formation of non-oxidized 
gluco-oligosaccharides (GlcOSn) and C1-oxidized gluco-oligosaccharides (GlcOSn#). See Methods for details.  
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Additional Figure 5.2 Release of oligosaccharides from RAC incubated with MtLPMO9B in the presence and 
absence of MtPPO7 throughout 24 h. Samples were incubated in the presence of ferulic acid (no. 8 specified in 
Table 5.1). The total sum is shown as integrated peak areas of released non-oxidized (shaded light gray and 
shaded dark gray) and C1-oxidized (light gray and dark gray) gluco-oligosaccharides after incubation of 
regenerated amorphous cellulose (RAC; 1.5 mg mL-1) with MtLPMO9B only (light gray bars, 5 mg mL-1) and 
MtLPMO9B together with MtPPO7 (dark gray bars, 5 mg mL-1) based on HPAEC. All incubations were performed 
in duplicate, and the standard deviations are presented as error bars. See Methods for details. 
 
Additional Figure 5.3 Concentration of phenolic compounds incubated in the presence and absence of MtPPO7. 
a guaiacol (no. 9 specified in Table 5.1, 2 mM) and c 3-methylcatechol (no. 17 specified in Table 5.1, 2 mM) were 
incubated with MtPPO7 (dark gray bar, 5 μg mL-1) or without (light gray bar). Samples were incubated in a 50 mM 
potassium phosphate buffer (pH 6.0) containing 2.5 µM copper(II)-chloride for 24 h at 50°C. The conversion of 
guaiacol and 3-methylcatechol by MtPPO7 was calculated by subtracting the determined concentration of the 
incubation of guaiacol or 3-methylcatechol in the presence of MtPPO7 from the concentration that was 
determined by the incubation of guaiacol and 3-methylcatechol alone. This conversion was expressed as the 
relative decrease of the guaiacol and 3-methylcatechol concentration and is shown in b and d, respectively. See 
Methods for details.  
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Additional Figure 5.4 UHPLC-UV-MSn elution profile of guaiacol incubated a in the presence and b absence of 
MtPPO7. Guaiacol (no. 9 specified in Table 5.1, 2 mM) was incubated with (5 μg mL-1) or without MtPPO7. 
Samples were incubated in a 50 mM potassium phosphate buffer (pH 6.0) containing 2.5 µM copper(II)-chloride 
for 24 h at 50°C. Annotation of the peaks based on UV was done by using mass spectrometry (Additional Figure 
5.5). See Methods for details. 
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Additional Figure 5.5 Schematic presentation of possible reaction pathways of guaiacol incubated in the 
presence of MtPPO7. In short, MtPPO7 hydroxylates guaiacol (no. 9 specified in Table 5.1) into 3-
methoxycatechol (monophenolase activity). Although not determined, it is likely that 3-methoxycatechol is 
further oxidized by MtPPO7 into the corresponding ortho-quinone (diphenolase activity, dashed arrow). These 
ortho-quinones are expected to polymerize and form insoluble complexes. Guaiacol itself forms insolube 
complexes via auto-oxidation, which results from the presence of copper during the incubation for 24 h at 50°C. 
The decrease in guaiacol concentration during the incubation of guaiacol without MtPPO7 is also shown in 
Additional Figure 5.3a. The determined masses indicate the presence of multiple trimers (399.06, 401.06 and 
415.04) consisting of polymerized 3-methylcatechol and guiacol (Additional Figure 5.4). As described above, the 
polymerization reactions are expected to be catalyzed by copper during the incubation conditions applied. All 
masses were determined by UHPLC-UV-MSn after incubation of guaiacol (2 mM) with MtPPO7 (5.0 μg mL-1). 
Samples were incubated for 24 h at 50°C in 50 mM potassium phosphate, pH 6.0, containing 2.5 µM copper(II)-
chloride.  
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Additional Figure 5.6 Correlation of AA9 LPMOs, AbPPOs and MtPPO7s encoding genes in Ascomycota and 
Basidiomycota. Correlation between the three gene families encoding AA9 LPMOs, AbPPOs and MtPPO7s of a 
336 Ascomycota and b 208 Basidiomycota. Correlation between genes encoding AA9 LPMOs, AbPPOs and 
MtPPO7s of c 27 Ascomycota and d 23 Basidiomycota, which have at least ten annotated genes encoding 
cellulose degrading enzymes. Species of selected fungal classes are listed in Additional Table 5.2 and Additional 
Table 5.3. Graphical presentations of the correlations of a togehter with b and c and d are shown in Figure 5.7. 
See Methods for details. 
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Abstract 
 
Lytic polysaccharide monooxygenases (LPMOs) have recently been shown to significantly enhance 
the degradation of recalcitrant polysaccharides and are of interest for the production of 
biochemicals and bioethanol from plant biomass. The copper-containing LPMOs utilize electrons, 
provided by reducing agents, to oxidatively cleave polysaccharides. Here, we report the 
development of a β-glucosidase-assisted method to quantify the release of C1-oxidized gluco-
oligosaccharides from cellulose by two C1-oxidizing LPMOs from Myceliophthora thermophila C1. 
Based on this quantification method, we demonstrate that the catalytic performance of both 
MtLPMOs is strongly dependent on pH and temperature. Further measurements revealed that pH 
mainly affects the reducing agent dependency, whereas temperature impacts the operational 
stability of MtLPMOs. 
The obtained results indicate that the catalytic performance of LPMOs depends on the interaction of 
multiple factors, which are affected by pH and temperature. 
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1.  Introduction 
 
The enzymatic degradation of plant biomass is considered to be a green and sustainable approach 
for the production of biochemicals and biofuels. Plant biomass contains a substantial amount of the 
plant cell wall material lignocellulose, which is resistant for hydrolytic enzymatic degradation. 
Recently, studies have confirmed that lytic polysaccharide monooxygenases (LPMOs) improve the 
degradation of lignocellulose [1, 2]. Based on their amino acid sequences, LPMOs are classified as 
auxiliary activity (AA) families AA9, AA10, AA11 and AA13 in the Carbohydrate Active enZyme 
database [3]. LPMOs contain a coordinated copper atom and require external electrons for the 
molecular oxygen-driven oxidation of polysaccharides [4, 5]. Recently, also hydrogen peroxide has 
been shown to be a co-substrate of LPMOs [6]. 
Lignocellulose is mainly composed of cellulose, hemicellulose and lignin. In addition, free phenolic 
compounds and phenolic compounds conjugated to hemicellulose are part of lignocellulose. Here 
we focus on the catalytic performance of two MtLPMOs from Myceliophthora thermophila C1. Both 
MtLPMOs are active towards cellulose, a homogenous linear polymer that consist of β-(1→4)-linked 
glucosyl chains. These glucosyl chains interact with each other and form crystalline cellulose fibrils 
via hydrogen bonds and van der Waals forces [7, 8]. In general, cellulose-active LPMOs are able to 
degrade crystalline cellulose regions by oxidizing the β-(1→4)-linkages at either the C1 or C4 
position or at both of these positions [4, 5, 9]. 
Until now, LPMOs have been characterized for their catalytic mechanism, C1-/C4-regioselectivity, 
substrate specificity, protein structure and external electron donation systems [5, 6, 10-13]. 
However, the impact of pH and temperature on the catalytic performance of LPMOs has received 
little attention. One reason is the difficulty of reliable quantification of released C1- and C4-oxidized 
gluco-oligosaccharides, which differ in their degree of polymerization (DP) [14, 15]. In addition, 
commercial standards for oxidized gluco-oligosaccharides are not available. Another reason is that 
pH and temperature also influence the redox and stability properties of reducing agents [16]. 
In general, electrons for LPMOs can be provided by multiple sources, such as phenolic compounds 
(ascorbic acid, gallic acid, lignin) [5, 17, 18], cellobiose dehydrogenase (CDH) [9], photosynthetic 
pigments and light-driven water oxidation [19, 20]. Also beneficial for the oxidative activity of 
LPMOs is the co-operation with other enzymes such as GMC-oxidoreductases (glucose-methanol-
choline-oxidase/dehydrogenase), or polyphenol oxidases [16, 21]. Obviously, the synergy with other 
enzymes increases the complexity of analyzing the pH- and temperature-dependent catalytic 
properties of LPMOs. 
In this research, we describe a procedure for quantifying the catalytic performance of MtLPMO9B 
and MtLPMO9D that oxidize cellulose at the C1 position. Incubation of the released gluco-
oligosaccharide products with β-glucosidase from almonds results in a mixture of gluconic and 
cellobionic acid, which can be quantified by high-performance anion exchange chromatography. The 
newly developed method was further applied to study the catalytic performance of MtLPMO9B and 
MtLPMO9D as a function of pH and temperature. Using either ascorbic acid or 3-methylcatechol as 
electron donor, it is demonstrated that the oxidative cleavage capacity of both MtLPMOs depends 
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on their operational stability, the pH of the reaction, and the pH-dependent characteristics of the 
reducing agents. 
 
2.  Results 
 
2.1  Degradation of C1-oxidized gluco-oligosaccharides into gluconic and 
cellobionic acid 
As previously described [17], MtLPMO9B activity towards regenerated amorphous cellulose (RAC) 
results in the formation of non-oxidized and C1-oxidized gluco-oligosaccharides (Figure 6.1a). Hence, 
MtLPMO9B is characterized as a C1-oxidizing LPMO. MtLPMO9D is characterized as a C1-oxidizing 
LPMO, based on the product pattern determined by HPAEC (Additional Figure 6.1) and previous 
work [22, 23]. 
The ability of β-glucosidase to further degrade the C1-oxidized gluco-oligosaccharides was tested by 
adding β-glucosidase to the soluble part of the MtLPMO9B-incubated RAC mixture. Under the 
applied conditions (50 mM ammonium acetate buffer, pH 5.0, 37°C, 20 h), a complete degradation 
of the non-oxidized and C1-oxidized gluco-oligosaccharides into glucose (not further analyzed), 
gluconic acid and cellobionic acid was observed at a dose of 1 U of β-glucosidase (Figure 6.1b). In the 
absence of electron donors no gluconic or cellobionic acid was formed. 
 
Figure 6.1 Hydrolysis of released (oxidized) gluco-oligosaccharides with β-glucosidase. a HPAEC elution pattern of 
released non-oxidized (GlcOSn) and C1-oxidized (GlcOSn
#) gluco-oligosaccharides after incubation of RAC (2.8 mg 
mL-1) with MtLPMO9B (3 mg g-1 substrate) in the presence of 1 mM ascorbic acid. Samples were incubated in a 50 
mM ammonium acetate buffer (pH 5.0) at 50°C for 20 h. b Elution profile of the soluble supernatant (250 µL) 
described under a, which was incubated with different amounts of β-glucosidase (0.5 U and 1.0 U per sample). 
Upon addition of 1 U β-glucosidase, all C1-oxidized gluco-oligosaccharides were degraded into cellobionic acid 
(GlcOS2
#) and glucose (not shown, elution time at 5 min). Only small amounts of gluconic acid (GlcOS1#) were 
formed after the addition of β-glucosidase to the supernatant. 
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2.2  Linearity verification of the β-glucosidase-assisted method 
In order to investigate whether the β-glucosidase-assisted method can be used for the 
quantification of C1-oxidized gluco-oligosaccharides, a dilution series of the soluble part of the 
MtLPMO9B-incubated RAC mixture (30 h incubation) was prepared and subsequently incubated 
with 1 U of β-glucosidase. All non-oxidized and C1-oxidized gluco-oligosaccharides in the 
supernatant were completely degraded into glucose, gluconic and cellobionic acid. The 
concentration of gluconic acid and cellobionic acid was proportional to the dilution series from 0 to 
59.7 nmol mL-1 (R2 = 0.9945, Figure 6.2). Hence, the β-glucosidase-assisted method was seen as 
suitable to determine the total amount of C1-oxidized gluco-oligosaccharides in a range of 0 to 60 
nmol mL-1. 
 
Figure 6.2 Verification of the linearity of the β-glucosidase-assisted method. The soluble fraction obtained from 
the incubation of RAC (2.8 mg mL-1) with MtLPMO9B (3 mg g-1 substrate) in the presence of ascorbic acid after 30 
h was diluted to obtain samples with varying concentrations of gluconic acid and cellobionic acid. Each diluted 
sample was incubated with the same amount of β-glucosidase (1 U per sample). The concentration of gluconic 
acid and cellobionic acid is proportional to the dilutions series (R2 = 0.9945). 
2.3  Quantification of soluble C1-oxidized gluco-oligosaccharides and insoluble 
C1-oxidized residues formed by MtLPMO9B 
The β-glucosidase-assisted method was applied to determine the release of C1-oxidized gluco-
oligosaccharides in the soluble fraction that was obtained after RAC was incubated with MtLPMO9B 
in the presence of 1 mM ascorbic acid over a time period of 30 h. In the first 2 h, no soluble C1-
oxidized gluco-oligosaccharides were formed. From 4 to 30 h, the concentration of C1-oxidized 
gluco-oligosaccharides steadily increased up to 59.5 nmol mL-1 (Figures 6.3a and 6.3b). 
In addition to the soluble part, the insoluble part of the MtLPMO9B-incubated RAC mixture was 
degraded using a β-glucosidase-enriched cellulolytic enzyme cocktail. In contrast to soluble C1-
oxidized gluco-oligosaccharides, insoluble C1-oxidized residues were already formed within the first 
2 h of the incubation. The concentration of C1-oxidized gluco-oligosaccharides increased in the 
insoluble residue from 0 to 10 h. Between 10 and 30 h, equal concentrations of C1-oxdized gluco-
oligosaccharides were determined in the insoluble part (Figures 6.3a and 6.3b). Interestingly, the 
concentration of insoluble C1-oxidized residues was higher compared to that of the soluble residues 
until 8 h of the incubation. The incubation time point at which the concentration of soluble and 
insoluble C1-oxidized residues is identical was defined as tMF (Figure 6.3b). 
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Notably, the concentration of released C1-oxidized gluco-oligosaccharides from the incubation of 
RAC with MtLPMO9B did not reach the plateau after 30 h of incubation (Figure 6.3). Addition of 
ascorbic acid after the first 24 h did not increase the product formation (Additional Figure 6.2). In 
contrast, an extra load of MtLPMO9B increased the product formation. Hence, it was concluded that 
MtLPMO9B lost part of its catalytic performance during incubation (Additional Figure 6.2). 
 
Figure 6.3 Released gluconic acid and cellobionic acid concentration from RAC incubated with MtLPMO9B 
measured by using the β-glucosidase-assisted method. The incubation of RAC (2.8 mg mL-1) with MtLPMO9B  
(3 mg g-1 substrate) in the presence of ascorbic acid (1 mM) led to the formation of released non-oxidized and 
C1-oxidzed gluco-oligosaccharides. a Soluble fractions obtained from the incubation of RAC with MtLPMO9B 
were incubated with β-glucosidase (1 U per sample) to yield glucose (not shown), gluconic acid and cellobionic 
acid only (diamonds). A modified method based on Cannella & colleagues was used to determine the amount of 
gluconic acid and cellobionic acid in the insoluble pellet after hydrolysis (triangles) [20]. Total amounts of 
gluconic acid and cellobionic acid obtained from the hydrolysis of soluble and insoluble C1-oxidized gluco-
oligosaccharides from RAC incubated with MtLPMO9B in the presence of ascorbic acid (squares). b The 
enlargement highlights the formation of gluconic acid and cellobionic acid from RAC incubated with MtLPMO9B 
in the first 10 hours. The time point (tMF), at which the concentration of soluble and insoluble C1-oxidized gluco-
oligosaccharides is identical was determined at 8 h. 
2.4  Catalytic performance of MtLPMO9B and MtLPMO9D as a function of 
temperature 
As a first step to understand the temperature dependency of MtLPMO9B and MtLPMO9D, the β-
glucosidase-assisted method was applied to quantify soluble C1-oxidized oligosaccharides formed at 
various temperatures between 20 and 60°C (Figure 6.4). 
MtLPMO9B showed the highest release of C1-oxidized gluco-oligosaccharides at 40°C in the 
presence of ascorbic acid, while most C1-oxidized gluco-oligosaccharides were released at 60°C in 
the presence of 3-methylcatechol (Figure 6.4a). In comparison, MtLPMO9D showed an optimum at 
50°C in the presence of ascorbic acid and at 40°C in the presence of 3-methylcatechol (Figure 6.4b). 
In contrast to MtLPMO9D, the catalytic performance of MtLPMO9B between 20 and 40°C was highly 
different in the presence of ascorbic acid or 3-methylcatechol. 
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Figure 6.4 Temperature-dependent activity of MtLPMO9B and MtLPMO9D towards RAC. RAC (1.7 mg mL-1) was 
incubated with a MtLPMO9B (3 mg g-1 substrate) or b MtLPMO9D (1.5 mg g-1 substrate) in the presence of 
ascorbic acid (diamonds) or 3-methylcatechol (squares). Samples were incubated at pH 5.0 for 8 hours. Soluble 
fractions obtained from the incubation of RAC with either MtLPMO9B or MtLPMO9D were further incubated 
with β-glucosidase (1 U per sample) to yield glucose (not shown), gluconic acid and cellobionic acid only. Both 
MtLPMO9B and MtLPMO9D show a reducing agent-dependent temperature optimum. 
2.5  Catalytic performance of MtLPMO9B and MtLPMO9D as a function of pH 
The above-described incubation of RAC with MtLPMO9B in the presence of ascorbic acid showed an 
almost linear release of C1-oxidized gluco-oligosaccharides between 6 and 12 h (Figure 6.3). 
Therefore, the effect of pH on the catalytic performance of MtLPMO9B and MtLPMO9D towards 
RAC was studied within this incubation time frame. Incubations were performed in the presence of 
ascorbic acid or 3-methylcatechol at their optimum temperature as determined in Section 2.4. For 
both MtLPMOs, an increase in pH enhanced the formation of released C1-oxidized gluco-
oligosaccharides regardless of the reducing agent used (Figure 6.5). Hence, no pH optimum was 
observed within the measured pH range between 3.0 and 8.0. Between pH 3.0 and 6.0, the 
formation of C1-oxidized gluco-oligosaccharides by MtLPMO9B increased between 6 and 12 h 
(Figures 6.5a and 6.5b). At a higher pH of 7.0 and 8.0, the catalytic performance of MtLPMO9B 
already reached the maximum within the first 6 h and hardly any increase of C1-oxidized gluco-
oligosaccharides was determined thereafter (Figures 6.5a and 6.5b). The latter pattern was also 
observed for MtLPMO9D for all pH values and no increase in the release of C1-oxidized gluco-
oligosaccharides was observed between 6 and 12 h of incubation (Figures 6.5c and 6.5d). 
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Figure 6.5 MtLPMO9B and MtLPMO9D activity towards RAC at different pH values. RAC (1.7 mg mL-1) was 
incubated with MtLPMO9B (3 mg g-1 substrate) in the presence of a ascorbic acid (40°C) and b 3-methylcatechol 
(60°C). c and d – Incubation of RAC with MtLPMO9D (1.5 mg g-1 substrate) in the presence of c ascorbic acid 
(50°C) and d 3-methylcatechol (40°C). Samples were incubated at different pH values (see symbols at the top of 
the graphs) in a 50 mM McIlvaine buffer. Soluble fractions obtained from the incubation of RAC with either 
MtLPMO9B or MtLPMO9D were incubated with β-glucosidase (1 U per sample) to yield glucose (not shown), 
gluconic acid and cellobionic acid only. Optimal temperatures were determined from the incubation of RAC with 
either MtLPMO9B and MtLPMO9D in the presence of ascorbic acid or 3-methylcatechol at pH 5 for 8 h (Figure 
6.4). 
2.6  Ascorbic acid and 3-methycatechol – pH and temperature effects 
The observed effects of pH and temperature on the catalytic performance of MtLPMOs raised the 
question whether and how the reducing agents ascorbic acid and 3-methylcatechol are affected by 
pH and temperature. Hence, for these two reducing agents, both the stability and their reduction 
potential were determined at varying pH and temperatures (Figures 6.6 and 6.7). Each reducing 
agent (1000 µM) was incubated for 12 h and the remaining reducing agent concentration reflected 
its stabilty. In addition, standard calibration curves were prepared at each pH that was used to avoid 
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errors by UV quantification, since the pH is known to change the absorption maxima of e.g. ascorbic 
acid [24]. Ascorbic acid remained stable (conc. > 800 µM) between pH 3.0 to 8.0 at 20 and 30°C 
(Figure 6.6a). However, the stability of ascorbic acid decreased at increasing temperature (> 30°C) 
and at a higher pH. Above 50°C, the concentration of ascorbic acid decreased by more than 60% 
(conc. < 400 µM) at a pH above 5.0 (Figure 6.6a).  
 
Figure 6.6 Contour plot of the stability of ascorbic acid and 3-methylcatechol as a function of pH and 
temperature. Samples containing either a ascorbic acid (1 mM) or b 3-methylcatechol (1 mM) were incubated at 
different temperatures (20, 30, 40, 50 and 60°C) and pH values (3.0, 4.0, 5.0, 6.0, 7.0, and 8.0) for 12 h. The 
purple and blue regions indicate the highest ascorbic acid and 3-methylcatechol concentrations in the samples 
after 12 h of incubation. The ascorbic acid and 3-methylcatechol concentrations were analyzed by using UHPLC-
MS. The contour plot was obtained by using SigmaPlot 8.0. 
3-Methylcatechol was stable (conc. > 800 µM) between 20 and 60°C and at a pH ranging from 3.0 to 
6.0 (Figure 6.6b). However, 3-methylcatechol became instable above pH ≥ 7.0, even at low 
temperatures like 30°C and above. For instance, the 3-methylcatechol concentration decreased 
about 50% (conc. 516 µM) when incubated at 30°C and pH 8.0 for 12 h (Figure 6.6b). 
The fate of ascorbic acid and 3-methylcatechol during the incubation in the above mentioned 
conditions was not further investigated. Although not determined in our analysis, ascorbic acid is 
known to form degradation products such as furfural, 3-hydroxy-2-pyrone or 2-furoic acid, 
depending on temperature and pH [25]. In contrast to ascorbic acid, the decline in the 3-
methylcatechol concentration was accompanied by the formation of insoluble brown pigments that 
precepitated after centrifugation (15 min, 15,000 x g, 4°C). This pigment formation most likely 
resulted from the auto-oxidation and polymerization of 3-methylcatechol, which has already been 
described for other catechol compounds [26]. 
The reduction potentials of ascorbic acid and 3-methylcatechol were measured using cyclic 
voltammetry. Determined reduction potentials of electron donating compounds can be used to 
describe their reducing efficiency on LPMOs. In general, the reducing efficiency of electron-donating 
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compounds increases as the reduction potential decreases. As previously described [27], the use of 
cyclic voltammetry to determine the reduction potential of ascorbic acid is incomplete due to an 
irreversible reduction of this reducing agent. Therefore, the cathodic peak potential Epc was used to 
illustrate the impact of pH and temperature on the formal reduction potential (E°’) of ascorbic acid. 
A pH increase from 3.0 to 7.0 decreased the cathodic peak potential of ascorbic acid by about 0.25 V 
at 20°C, which was similar to the determined difference at 30, 40 and 50°C (Figure 6.7a). Thus, 
ascorbic acid has a stronger reducing efficiency on LPMOs at a higher pH. A temperature increase 
from 20 to 50°C decreased the cathodic peak potential of ascorbic acid by about 0.06 V, which was 
less compared to the pH-dependent decrease (0.25 V) (Figure 6.7b). 
For 3-methylcatechol an increase of the pH from 3.0 to 7.0 led to a decrease of up to 0.22 V of the 
reduction potential of 3-methylcatechol measured at 20, 30, 40 and 50°C (Figure 6.7c). Hence, 3-
methylcatechol has a stronger reducing efficiency on LPMOs at a higher pH, just like ascorbic acid. 
As observed for ascorbic acid, an increase of the temperature from 20 to 50°C affected the formal 
reduction potential of 3-methylcatechol only slightly (~ 0.02 V) (Figure 6.7d). 
 
Figure 6.7 Redox potentials of ascorbic acid and 3-methylcatechol. The redox potentials of ascorbic acid (1 mM) 
and 3-methylcatechol (1 mM) were measured at different pH and temperature values by using cyclic 
voltammetry. a and b – Cathodic peak potential Epc of ascorbic acid at a pH 3.0 to 7.0 and b between 20 and 
50°C. The reduction potential (E°’) of ascorbic acid was not obtained due to the non-reversible reduction of 
ascorbic acid during cyclic voltammetry. c and d – Reduction potential (E°’) of 3-methylcatechol at c pH 3.0 to 7.0 
and d between 20 and 50°C. Standard deviations (not presented) are between 0.001–0.026 (median 0.007) and 
0.001–0.004 (median 0.001) for ascorbic acid and 3-methylcatechol, respectively. All samples were measured in 
duplicate. 
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2.7  Structure-based sequence alignment of MtLPMO9B and MtLPMO9D 
MtLPMO9D shares 100% amino acid sequence identity with the recently described MtPMO3*. 
MtPMO3* is encoded by a gene (gene ID: MYCTH_92668) from M. thermophila ATCC 42464, which 
is a closely related species to M. thermophila C1. Furthermore, MtPMO3* was produced via 
heterologous gene expression in Neurospora crassa (FGSC 2489) [22], whereas MtLPMO9D was 
obtained from homologous gene expression using the native host M. thermophila C1. Span & 
colleagues also obtained the crystal structure of MtPMO3* (pdb ID code 4UFV)[22], which we used 
to construct a structure-based sequence alignment of MtLPMO9B and MtLPMO9D (Figure 6.8). In 
the alignment, both LPMOs are shown without the signal peptide, while the carbohydrate binding 
module 1, which is linked to MtLPMO9B, is also not presented. Based on the amino acid sequence, 
MtLPMO9B has a theoretical molecular weight of 23.8 kDa, whereas the appended CBM-1 has a 
molecular weight of 6.8 kDa. [17]. The overall amino acid sequence identity of MtLPMO9B (without 
appended CBM) and MtLPMO9D is 31.8%. Both MtLPMO9B and MtLPMO9D share the β-sheet core 
that is typical for LPMOs, but differ in their loop regions ‘loop 2’ (L2, Gly16-Val27), ‘loop short’ (LS, 
Gly108-Trp-126), ‘loop 8’ (L8, Gln162-Pro166) and ‘long C-terminal loop’ (LC, Gly195-Thr228) that 
are involved in shaping the substrate-binding surface [22, 28, 29]. The amino acid residues of 
MtLPMO9B and MtLPMO9D involved in the coordination of the copper are His1-His79-Tyr170 and 
His1-His75-Tyr169, respectively. Special characteristics of the amino acid sequences of MtLPMO9B 
and MtLPMO9D are further highlighted in the discussion (Section 3.4).  
 
Figure 6.8 Structure-based sequence alignment of MtLPMO9B and MtLPMO9D. The amino acid sequences of 
MtLPMO9B and MtLPMO9D were aligned with the amino acid sequence of MtPMO3* (PDB ID code 4UFV, 100% 
amino acid sequence identity with MtLPMO9D) based on [22]. Conserved amino acid residues are presented as 
white letters on a red background. Amino acid residues that have comparable chemical and physical properties 
are presented as red letters within blue frames. The secondary structures β-strands (black arrow) and α-helices 
(black helix) are based on MtPMO3* and shown above the sequences [22]. The amino acid residues of the four 
loop regions L2 (blue), L3 (yellow), LS (red) and LC (purple) are marked by colored lines below the sequences [22]. 
Sequences are presented without the signal sequence and start from the N-terminal histidine (His1). The 
structure-based sequence alignment was obtained by using ESPript [30]. 
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2.8  Conformational stability of MtLPMO9B and MtLPMO9D 
The conformational stability of MtLPMO9B and MtLPMO9D as a function of temperature was 
determined by far-UV circular dichroism (CD). The CD spectra recorded at 20°C (Figures 6.9a and 
6.9b) revealed that both MtLPMOs share a high content of antiparallel β-sheets, whereas the 
content of α-helices and β-turns is relatively low (Additional Figure 6.3). The BeStSel method was 
used because it has been reported to be a reliable tool for the estimation of the secondary structure 
composition (%) of proteins which contain high amounts of β-structures [31]. It should be noted that 
the obtained CD-spectrum of MtLPMO9B is likely to be influenced by the secondary structure of the 
appended CBM-domain. This CBM1 of MtLPMO9B shares an amino acid sequence identity of 59% 
with the C-terminal cellulose binding domain (pdb ID code: 1CBH) of a cellobiohydrolase I (CT-CBH I). 
It is noteworthy that this CT-CBH I binding domain comprises three antiparallel β-sheets, which is 
expected to be similar for the CBM I appended to MtLPMO9B [32]. 
 
Figure 6.9 Circular dichroism (CD) spectra and conformational stability as a function of temperature of 
MtLPMO9B and MtLPMO9D. CD spectra (far UV) of a MtLPMO9B (0.20 mg mL-1) and b MtLPMO9D (0.20 mg mL-1) 
at 20 and 90°C, respectively. The conformational stability of c MtLPMO9B (0.20 mg mL-1) and d MtLPMO9D (0.20 
mg mL-1) was determined from 20 to 90°C. The temperature was increased at a rate of 1°C min-1. Protein 
unfolding was monitored at 202 nm by far UV CD. The horizontal line shows the determined mean residue 
ellipticity [θ] (degree cm² dmol-1) average between 20 and 40°C, whereas vertical lines illustrate the deviations 
from this initial [θ] average. The formulas to calculate the mean residue ellipticity [θ] were used as described in 
Greenfield [33]. Both CD spectra and conformational stability of the MtLPMOs were determined by using a 10 
mM potassium phosphate buffer at pH 7.0. 
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From monitoring the change in CD signal at 202 nm upon heating, it could be deduced that the 
MtLPMO9B protein structure was stable in a temperature range between 20 and 70°C, and unfolded 
gradually at higher temperatures (Figure 6.9c). Until now it is not clear if the gradual change in CD 
signal above 70°C is related to the separate unfolding of the MtLPMO9B or appended CBM domain. 
Figure 6.9d shows that the CD spectrum of MtLPMO9D already started to change above 40°C. This 
gradual change was followed by a sharper transition around 68°C (Figure 6.9d). The impact of 
temperature on the protein structures was further illustrated by the far-UV CD spectra of 
MtLPMO9B and MtLPMO9D recorded at 90°C (Additional Figure 6.3). Both MtLPMOs comprised less 
β-sheets and α-helices at 90°C, whereas the content of β-turns and undefined secondary structures 
increased. Notably, both proteins still contained a significant amount of secondary structures, such 
as β-sheets, at this temperature (Additional Figure 6.3). A reverse temperature decrease from 90 to 
20°C did not lead to refolding of MtLPMO9B or MtLPMO9D to their native state (data not shown). 
 
3.  Discussion 
 
3.1  Quantification of soluble and insoluble C1-oxidized gluco-oligosaccharides 
In this research, we used a β-glucosidase-assisted method to quantify released C1-oxidized gluco-
oligosaccharides in order to evaluate the catalytic properties of two C1-oxidizing MtLPMOs (Figure 
6.1, Additional Figure 6.1) [17]. A comparable method has been described earlier, but was aimed at 
the quantification of released C1-oxidized chito-oligosaccharides from chitin by the AA10 CBP21 
[34]. Other studies applied multiple enzymes or enzyme cocktails to enable quantification or to ease 
the analysis of oxidized gluco-oligosaccharides released by LPMOs [15, 20, 35, 36]. So far, these 
methods have not been used to discriminate between soluble and insoluble C1-oxidized gluco-
oligosaccharides. Additionally, these methods have not been applied to investigate the pH and 
temperature dependency of LMPOs, which was the aim of the present study. Hereto, it was verified 
that our β-glucosidase-assisted method is suitable for the quantification of different C1-oxidized 
gluco-oligosaccharides in a range of 0 to 60 nmol mL-1 (Figure 6.2). The β-glucosidase from almonds, 
which was used for this method, did not show a significant activity towards cellobionic acid, since we 
only determined a minor amount of gluconic acid (Figure 6.1). In addition, a considerable dose (1 U) 
of β-glucosidase was needed to cleave released non-oxidized and C1-oxidized gluco-oligosaccharides 
into glucose, gluconic acid and cellobionic acid only. It is likely that known inhibitors of β-
glucosidases, such as glucose, 1,5-gluconolactone and gluconic acid, also suppressed the activity of 
the β-glucosidase from almonds used for this method [37, 38]. 
3.2  Time-dependent cellulose oxidation by MtLPMO9B 
We showed that the initial reaction products of MtLPMO9B-mediated oxidation of cellulose are 
insoluble and that they precede the generation of soluble C1-oxidized gluco-oligosaccharides (Figure 
6.3). In the incubations with MtLPMO9B (Figure 6.3), it took approximately 8 h until more soluble 
than insoluble C1-oxidized products were formed. This finding is in agreement with the previously 
described cleavage pattern of NcLPMO9F, which was imaged by atomic force microscopy (AFM) [39]. 
Although the activity of NcLPMO9F was tested towards crystalline cellulose, AFM imaging showed a 
degradation of non-soluble cellulose structures, followed by the formation of smaller fragments, 
which dissolved during the ongoing degradation. We studied MtLPMOs on RAC only, but it can be 
expected that the time until soluble products are released differs between LPMOs. This expectation 
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is based on the fact that LPMOs show differences in the preference for crystalline and amorphous 
regions of cellulose [39-41]. Obviously, the substrate morphology and the length of glucosyl chains 
in particular [8, 42], will influence the time-dependent release of C1-oxidized gluco-oligosaccharides. 
3.3  Catalytic performance of MtLPMO9B and MtLPMO9B as a function of pH and 
temperature 
Here, we show that the pH and temperature dependency of MtLPMO9B and MtLPMO9D is 
influenced by multiple factors such as type of reducing agent, reducing agent stability and 
operational stability of the LPMO enzyme. All these factors need to be considered when evaluating 
the catalytic properties of LPMOs. 
At pH 5.0, both MtLPMO9B and MtLPMO9D showed a reducing agent-dependent temperature 
optimum. The catalytic performance of MtLPMO9B was highest at 40 and 60°C in the presence of 
ascorbic acid and 3-methylcatechol, respectively (Figure 6.4). The decrease in the catalytic 
performance of MtLPMO9B above 50°C in the presence of ascorbic acid likely resulted from the 
accompanying decline in ascorbic acid stability (Figure 6.6a). In contrast, 3-methylcatechol was 
stable over the whole temperature range (20-60°C) and, consequently, did not influence the 
temperature optimum of MtLPMO9B (Figure 6.6b). It is noteworthy that the efficiency of both 
reducing agents was hardly affected by the temperature (Figures 6.7a and 6.7c). In addition, no 
alterations in the secondary structure of MtLPMO9B were determined between 20 and 70°C based 
of CD measurements at pH 7.0, which illustrates the conformational stability of MtLPMO9B in this 
temperature range (Figure 6.9c). In contrast to MtLPMO9B, MtLPMO9D was less active at higher 
temperatures in the presence of both reducing agents (Figure 6.4). From the observed 
conformational changes of MtLPMO9D at temperatures above 40°C (Figure 6.9d), it is most likely 
that the reduced catalytic performance at higher temperatures is determined by the relatively poor 
operational stability of this enzyme. Considering the above, quantitative results reported in 
literature with various LPMOs should be interpreted cautiously, since most of the reported 
conversions have been performed using only one single time point, at one temperature and pH 
value. 
Next to the temperature dependency, the pH dependency of the catalytic performance of MtLPMOs 
was investigated. In general, in the presence of both ascorbic acid and 3-methylcatechol, a higher pH 
enhanced the catalytic performance of MtLPMO9B and MtLPMO9D (Figure 6.5). One explanation for 
this behavior is the decrease in redox potential, and thus a stronger reducing power of both electron 
donors at higher pH (Figure 6.7). A positive relation between the reducing power of various reducing 
agents and an improved catalytic performance of LPMOs (LPMO-02916) has already been described 
before [16]. Nevertheless, as we do not know the rate-limiting step of catalysis, it is possible that 
other steps in the reaction cycle contribute to the pH dependency of the activities of both MtLPMO 
enzymes, such as the impact of pH on protonation reactions that occur during the LPMO-catalyzed 
substrate oxidation [43]. Moreover, it is not known what effect pH and temperature have on the 
reaction pathway when hydrogen peroxide (H2O2) acts as co-substrate instead of molecular oxygen 
(O2) [6]. 
Interestingly, the increase in the catalytic performance of MtLPMO9B at higher pH values was 
already at its maximum after 6 h of incubation (Figures 6.5a and 6.5b). This indicates that 
MtLPMO9B was inactivated within the first 6 h at pH values above 6.0. One possible explanation is 
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that the enhanced tendency of reducing agents to donate electrons led to an increased production 
of reactive oxygen species (ROS). Previous research already reported that the inactivation of LPMOs 
by ROS can occur within minutes [6]. It was concluded that the formation of ROS in the catalytic 
center during LPMO activity led to oxidative modification of the catalytic histidine and neighboring 
residues, which results in LPMO inactivation. In addition, the limited stability of ascorbic acid and 3-
methylcatechol above pH 7 at higher temperatures (40-60°C) also affects the catalytic performance 
of MtLPMOs (Figures 6.5 and 6.6). 
For MtLPMO9D, the incubation conditions were found to be even more critical for optimal 
performance. This enzyme was inactivated within the first 6 h of incubation at most pH values 
tested, or alternatively showed hardly any catalytic performance at a low pH (3.0-5.0; Figures 6.5c 
and 6.5d). 
3.4  Structural features of MtLPMO9B and MtLPMO9D 
Although the C1-oxidizers MtLPMO9B and MtLPMO9D originate from the same fungal M. 
thermophila C1 strain, these enzymes share only 32% sequence identity. Intriguingly, MtLPMO9D 
comprises multiple aromatic amino acid residues (1 x Tyr, 2 x Trp and 1 x Phe) within the L2 loop, 
whereas other AA9 type LPMOs have been described to contain one or two aromatic residues [44]. 
In contrast to MtLPMO9D, MtLPMO9B does not contain any aromatic amino acid in the L2 loop. 
Aromatic amino acids are known to play an important role in shaping the substrate-binding surface, 
substrate recognition and specificity of LPMOs [44]. Furthermore, it has been reported that single 
domain LPMOs comprise strong substrate-binding abilities [45-48], whereas LPMOs with CBMs show 
a decreased substrate affinity [49, 50]. Therefore, it is possible that the aromatic amino acid 
residues present in the L2 loop of MtLPMO9D enhance the substrate-binding abilities. 
Using the developed β-glucosidase-assisted method, we showed that MtLPMO9B has an about five 
times higher overall activity towards cellulose compared to MtLPMO9D (Figure 6.4). Whether this 
higher activity is related to the presence of CBM1 can only be speculated. So far, a diverse effect of 
CBMs on the catalytic performance of LPMOs has been shown and this effect seems dependent on 
the type of substrate or LPMO used [40, 51-53]. 
The structural features of the MtLPMOs are also illustrated in the far-UV CD spectra. Based on the 
BeStSel method, the calculated secondary structure composition (%) of both MtLPMOs is typical for 
AA9 LPMOs (Additional Figure 6.3) [1, 4, 13]. Both MtLPMOs share a high content of antiparallel β-
sheets and minor amounts of α-helices and β-turns, but differ significantly in their CD spectra 
(Additional Figure 6.3). 
It has been shown that proteins which comprise a high amount of β-sheets and a low amount of α-
helices have diverse far-UV CD spectral properties, whereas proteins with a high content of α-helices 
are more similar in their CD spectra [31]. Hence, we used the crystal structure of MtPMO3*, which 
shares a 100% amino acid sequence identity with MtLPMO9D to control if the secondary structure 
prediction based on the obtained CD spectra by using the BeStSel method is in agreement with the 
actual secondary structure [22]. Based on the predicted secondary structure, the percentage of 
antiparallel β-sheets was overestimated by about 20% whereas the amount of β-turns was 
underestimated (-25%) (Additional Figure 6.3) compared to the actual secondary structure of 
MtPMO3*. In contrast, the percentage of predicted α-helices corresponded to the amount of α-
helices present in MtPMO3*. The deviation between the predicted and the actual secondary 
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structure is likely to result from the limited CD spectral data obtained below 200 nm, which is of 
importance to obtain a more accurate secondary structure prediction [54]. Especially the CD 
spectrum of MtLPMO9B showed an atypical break below 200 nm, which was also observed if a 
lower protein concentration (0.1 mg mL-1) was used (data not shown). Possibly, the conditions used 
(e.g. type of buffer and or pH) were suboptimal for determining a more accurate CD spectrum of the 
MtLPMOs in the lower wavelength range (< 200 nm). Still, the accuracy of the predicted compared 
to the actual secondary structure is in agreement with values reported in the literature and, 
therefore, was further used to determine the conformational stability of the MtLPMOs upon heating 
[31]. 
Interestingly, the secondary structure of MtLPMO9B hardly altered upon heating until 70°C (Figure 
6.9c), which is indicative for the high conformational stability of this LPMO. As mentioned in the 
results section, we do not know to what degree the appended CBM I contributes to the determined 
structural changes upon heating of MtLPMO9B (Figure 6.9). MtLPMO9D on the other hand, already 
showed minor structural changes between 40 and 60°C and lost most of its native structure at 70°C 
(Figure 6.9). Still, both MtLPMOs maintain a decent amount of structure at 90°C and both CD spectra 
of MtLPMOs show a collapse in the signal around 200 nm (Figure 6.9a and 6.9b). Intriguingly, similar 
CD spectra with a strong negative band near 205 nm have been shown for poly(Pro)II helix, which 
might suggest that the MtLPMOs have turned into a kind of fibrillar state during the heat-induced 
denaturation process [55, 56]. 
 
4.  Conclusion 
 
In this research, we successfully developed a β-glucosidase-assisted method to quantify the release 
of C1-oxidized gluco-oligosaccharides from RAC incubated with MtLPMO9B and MtLPMO9C. The 
method was applied to determine the impact of pH and temperature on the catalytic performance 
of MtLPMOs in the presence of ascorbic acid or 3-methylcatechol. It is concluded that the catalytic 
performance of MtLPMO9B and MtLPMO9C depends on pH and temperature with a different 
optimum for each reducing agent. Our work demonstrates that pH affects the overall enzymatic rate 
and reducing agent dependency, while temperature mainly influences the operational stability of 
these LPMOs. 
 
5.  Methods 
 
5.1  Enzyme expression, production and purification 
MtLPMO9B was produced and purified as previously described [17]. The homologous expression of 
MtLPMO9D (UniProt: KY924631) was performed by using a low protease/low (hemi)cellulose 
producing Myceliophthora thermophila C1 strain [57, 58]. The MtLPMO9D-containing crude enzyme 
preparation from the fermentation broth was dialyzed against a 10 mM potassium phosphate buffer 
(pH 7.0). MtLPMO9D was purified from the dialyzed enzyme preparation by using an ÄKTA-Explorer 
preparative chromatography system (GE Healthcare, Uppsala, Sweden). The absorbance was 
continuously monitored at 220 and 280 nm. The protein content of MtLPMO9D-containing fractions 
was determined as previously described using a BCA Protein Assay Kit [12]. 
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MtLPMO9D was purified in five subsequent chromatographic steps. First, hydrophobic interaction 
chromatography (HIC) was applied by loading the MtLPMO9D-containing enzyme preparation on a 
self-packed Phenyl Sepharose Fast Flow column (450 mL, GE Healthcare). The column was pre-
equilibrated with 3 column volumes of a 20 mM potassium phosphate buffer (pH 7.8) containing  
0.9 M ammonium sulphate. After sample loading, a linear gradient from 0.9 to 0 M ammonium 
sulphate in a 20 mM potassium phosphate buffer (pH 7.8) was applied at a flow rate of 5 mL min-1 
over 4 column volumes. All fractions were collected and immediately stored on ice. Peak fractions 
were, based on UV (280 nm), pooled and concentrated by ultrafiltration (Amicon Ultra, molecular 
mass cut-off of 3 kDa, Merck Millipore, Cork, Ireland) at 4°C. The concentrated pools were analyzed 
by SDS-PAGE to determine the MtLPMO9D-containing pool (expected molecular mass 25.4 kDa). The 
second purification step was applied by using anion exchange chromatography (AEC). The 
MtLPMO9D-containing fraction was loaded on a Source 30 Q column (50 mL, GE Healthcare) and the 
column was equilibrated with a 20 mM potassium phosphate buffer (pH 7.8) at a flow rate of 5 mL 
min-1 for 2 column volumes. The elution was performed by using a linear gradient from 0 to 1 M 
potassium chloride in 20 mM potassium phosphate buffer (pH 7.8) at a flow rate of 5 mL min-1 for 10 
column volumes. Fractions obtained (10 mL) were immediately stored on ice. Peak fractions were 
pooled, concentrated and analyzed by SDS-PAGE as described above. In a third purification (HIC) 
step, the MtLPMO9D-containing pool was loaded on a Phenyl Sepharose Fast Flow column (50 mL, 
GE Healthcare). The column was pre-equilibrated with a 1.2 M ammonium sulphate in a 20 mM 
potassium phosphate buffer (pH 7.8). The elution was performed using a linear gradient elution 
from 1.2 to 0 mM ammonium sulphate in a 20 mM potassium phosphate buffer (pH 7.8) at a flow 
rate of 5 mL min-1 for 4 column volumes. Again, all fractions were immediately stored on ice. The 
obtained peak fractions were pooled, concentrated and analyzed by SDS-PAGE to determine the 
MtLPMO9D-containing pool as described above. As a fourth purification step, size exclusion 
chromatography (SEC) was applied. The MtLPMO9D-containing pool was subjected to a Superdex 75 
(250 mL column, GE Healthcare). The equilibration and isocratic elution (2 and 1.5 column volumes, 
respectively) was performed using a 20 mM potassium phosphate buffer at a flow rate of 3 mL  
min-1. Fractions were immediately stored on ice. Peak fractions were pooled, concentrated and 
analyzed by SDS-PAGE to determine the MtLPMO9D-containing pool as described above. In a fifth 
purification step, the MtLPMO9D-containing fraction was loaded on a Resource Q column (30 x 16 
mm internal diameter, GE Healthcare). A 20 mM potassium phosphate buffer (pH 7.0) was used to 
pre-equilibrate the column. Elution was performed using a linear gradient from 0 to 1 M NaCl in a 20 
mM potassium phosphate buffer (pH 7.0) at a flow rate of 6 mL min-1 over 20 column volumes and 
monitored at 220 and 280 nm. All fractions were collected and immediately stored on ice. The 
fractions of the most abundant peak contained purified MtLPMO9D. Finally, these fractions were 
pooled, concentrated and stored at -20°C. 
5.2  Enzymes, carbohydrates and reducing agents 
Regenerated amorphous cellulose (RAC) was prepared from Avicel PH-101 as previously described 
[12, 42]. D-glucose, D-gluconic acid, ascorbic acid and 3-methylcatechol were purchased from Sigma-
Aldrich (Steinheim, Germany). D-cellobionic acid ammonium salt was obtained from Toronto 
Research Chemicals (Toronto, Ontario, Canada). Almond β-glucosidase was purchased from Sigma-
Aldrich and had, according to the suppliers information, a specific activity of 6 U mg-1 lyophilized 
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powder. Commercial cellulase mixtures Celluclast 1.5l and Novozym 188 were obtained from 
Novozymes A/S (Bagsværd, Denmark).  
5.3  Catalytic performance of MtLPMO9B and MtLPMO9D: β-glucosidase-
assisted quantification 
Regenerated (RAC) amorphous cellulose was dissolved in a 50 mM ammonium acetate buffer (pH 
5.0) to a concentration of 2.8 mg mL-1 and incubated with MtLPMO9B (3 mg of protein mg-1 
substrate) in the absence or presence of ascorbic acid (1 mM). Samples were incubated between 0 
and 30 h at 50°C in a head-over-tail Stuart rotator (Bibby Scientific, Stone, UK) at 20 rpm. After 
incubation, all samples were heated for 10 min at 100°C in a water bath (TW20 Water Bath, JULABO 
GmbH, Seelbach, Germany) and afterwards cooled down to room temperature (20°C). 
Subsequently, all samples were centrifuged (15 min, 15,000 x g, 4°C) and 250 µL of the supernatant 
was dissolved in 750 µL of a 50 mM ammonium acetate buffer (pH 5.0). Finally, 1 U of β-glucosidase 
was added to each sample. All samples were incubated for 20 h at 37°C under continuous shaking at 
750 rpm (ThermoMixer Comfort, Eppendorf, Hamburg, Germany). After incubation, samples were 
cooled on ice, centrifuged (1 min, 15,000 x g, 20°C) and analyzed by using HPAEC. The same protocol 
as described above was used to determine pH and optimal temperature of MtLPMO9B and 
MtLPMO9D with the following modifications: i) RAC was incubated with either MtLPMO9B (3.0 µg of 
protein mg-1 substrate) or MtLPMO9D (1.5 µg of protein mg-1 substrate) in the absence or presence 
of ascorbic acid (1 mM) or 3-methylcatechol (1 mM); ii) all incubations were performed in a 
McIlvaine buffer at pH 3.0, 4.0, 5.0, 6.0, 7.0, and 8.0, respectively; iii) the pH of all supernatants was 
adjusted to pH 5.0 prior to β-glucosidase addition. Therefore, 250 µL McIlvaine buffer with a 
corresponding molarity (50 mM) and a pH between 3.0 and 8.0 was added to 250 µL supernatant 
until the final pH of the mixture reached precisely pH 5.0. Afterwards, 500 µL McIlvaine buffer (50 
mM, pH 5.0) containing 1U β-glucosidase was added to each sample, which yielded a total volume of 
1 mL. All incubations of RAC with and without enzyme addition were performed in triplicate. 
Samples were diluted 10 times prior to HPAEC analysis. 
5.4  Enzymatic hydrolysis of cellulose obtained from the incubation of RAC with 
MtLPMO9B  
The total cellulose (or RAC) hydrolysis was performed by using a previously described method [20] 
with the following modifications. Samples (triplicates), obtained from the incubation of RAC with 
MtLPMO9B in the presence and absence of ascorbic acid, were heated for 10 min at 100°C in a 
water bath and cooled down to room temperature (20°C) afterwards. Samples were then 
centrifuged (15 min, 15,000 x g, 4°C) and the complete supernatant was removed. The remaining 
pellet was dissolved in 1000 µL of a 75 mM ammonium acetate buffer (pH 5.0) and stirred 
vigorously. Subsequently, Celluclast 1.5l (0.9%, w/v) and Novozym 188 (0.18%, w/v) were added to 
each sample. All samples were incubated at 50°C for 20 h. After incubation, samples were 
centrifuged (15 min, 15,000 x g, 4°C) and the supernatant was diluted twenty times prior to HPAEC 
analysis. 
5.5  HPAEC analysis of mono- and oligosaccharides 
D-Glucose, gluconic acid, cellobionic acid and (oxidized) oligosaccharides were analyzed by high-
performance anion exchange chromatography (HPAEC) with pulsed amperometric detection (PAD) 
using a Dionex ICS-5000 system (Sunnyvale, CA, USA) as described previously [12] with the following 
 
146 
Quantification of the catalytic performance of C1-oxidizing cellulose specific LPMOs 
 
 
 
modification. The temperature of the auto sampler was set to 6°C. A gradient elution program of 35 
min was used for the quantification of C1-oxidized gluco-oligosaccharides. In brief, 0–21 min, linear 
gradient 0-0.25 M NaOAc; 21-25 min, linear gradient 0.25-1 M NaOAc; 25-28 min isocratic gradient  
1 M NaOAc; followed by equilibration (7 min) of the column with the starting conditions. Gluconic 
acid and cellobionic acid were used for calibration in a range of 0 to 50 µg mL-1. 
5.6  RP-UHPLC-UV-ESI-MS analysis of ascorbic acid and 3-methylcatechol 
Ascorbic acid (1 mM) and 3-methylcatechol (1 mM) were dissolved in a 50 mM McIlvaine buffer 
ranging from pH 3.0 to 8.0. These samples were incubated at different temperatures (20, 30, 40, 50 
and 60°C) under continuous shaking at 750 rpm (ThermoMixer Comfort) for 12 h. Afterwards, all 
incubates were centrifuged (15 min, 15,000 x g, 4°C) and the supernatant was diluted fifty times in 
the starting eluent A (H2O + 1% (v/v) acetonitrile + 0.1% (v/v) HOAc) prior to analysis. The samples 
were analyzed by using an Accela reversed phase high-performance liquid chromatography (RP-
UHPLC) system coupled to electron spray ionization mass spectrometry (Thermo Scientific, San Jose, 
CA, USA) as described previously [21]. The concentration of ascorbic acid and 3-methylcatechol was 
determined spectrophotometrically, using an UV-VIS-spectrophotometer (CPS-240A, Shimadzu, 
Kyoto, Japan). Ascorbic acid was quantified by measuring the absorption at 265 nm [24]. The 
maximum absorbance of 3-methylcatechol was determined at 262 nm at pH 5.0. The use of different 
pH values during the incubations led to different absorption maxima of measured samples. 
Therefore, standard calibration curves were created for all six different pH values for both ascorbic 
acid and 3-methylcatechol in a range of 0 to 1 mM. 
5.7  Reduction potential of ascorbic acid and 3-methylcatechol. 
Voltammetry experiments were performed by using an Autolab PGSTAT100 Potentiostat 
(Metronohm, Utrecht, The Netherlands). Both ascorbic acid and 3-methylcatechol (1 mM) were 
dissolved in a 50 mM McIlvaine buffer ranging from pH 3.0 to 7.0. Temperature-dependent 
measurements (20-50°C) were conducted by pre-heating samples in a water bath prior to analysis. 
Samples were analyzed in duplicate. A three-electrode configuration was used consisting of an 
Ag/AgCl reference electrode, a glassy carbon working electrode and a platinum plate counter 
electrode. Scans were made from -300 to 800 mV with a scan rate of 50 mV s-1. 
5.8  Structure-based sequence alignment 
Structure-based sequence alignments of MtLPMO9B and MtLPMO9D were constructed by using the 
amino acid sequence and 3D-structure of MtPMO3* (pdb ID code 5UFV) from M. thermophila (ATCC 
42464) based on [22]. MtPMO3* and MtLPMO9D share a 100% amino acid sequence identity. The 
final alignment was obtained by using ESPript [30]. 
5.9.  Secondary structure analysis 
Changes in secondary structure as a function of temperature of both MtLPMOs were measured by 
using far UV circular dichroism. MtLPMO concentrations and the conditions are described in the 
figure captions. Measurements were performed using a J-715 spectropolarimeter (Jasco Corp., 
Tokyo, Japan) with a sensitivity of 100 mdeg and a bandwidth of 2 nm. All obtained CD spectra of 
the MtLPMOs have been corrected by subtracting the CD spectra of the buffer. Samples were 
measured by using quartz cuvettes with an optical path length of 0.1 cm. Secondary structure 
compositions (%) were calculated by using the online software BeStSel [59]. The calculation of the 
secondary structure composition (%) of MtPMO3* was based on a method described previously [60, 
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61]. In brief, the secondary structure composition was calculated by using the number of amino 
acids involved in the formation of secondary structures (based on the DSSP file of the pdb ID code 
5UFV) and the total number of amino acid residues based on the MtPMO3* sequence. 
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Additional Files 
 
 
Additional Figure 6.1 Activity of MtLPMO9D towards amorphous cellulose. HPAEC elution pattern of regenerated 
amorphous cellulose (RAC) after incubation with MtLPMO9D (2.5 mg g-1 substrate). Nomenclature used: GlcOSn, 
non-oxidized gluco-oligosaccharides and GlcOSn#, gluco-oligosaccharides oxidized at the C1 carbon atom. Only in 
the presence of ascorbic acid, C1-oxidized GlcOSn# are formed by MtLPMO9D. Samples were incubated in a 50 
mM ammonium acetate buffer (pH 5.0) at 52°C for 24 h in the absence or presence of ascorbic acid (1 mM). 
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Additional Figure 6.2 Activity of MtLPMO9B towards amorphous cellulose. The figure shows the sum of 
integrated peak areas of released C1-oxidized and non-oxidized gluco-oligosaccharides after incubation of RAC 
with MtLPMO9B (5 mg g-1 substrate) with RAC (1.5 mg mL-1) in the presence of ascorbic acid (1 mM) based on 
HPAEC. Samples were incubated in 50 mM ammonium acetate buffer (pH 5.0) at 50°C for 48 h. The incubation 
was interrupted after 24 h and samples were divided into four batches with the following treatments: first batch, 
no addition of ascorbic acid and no addition of MtLPMO9B; second batch, another addition of 1 mM ascorbic 
acid but no addition of MtLPMO9B; third batch, no ascorbic acid addition but another addition of MtLPMO9B  
(5 mg g-1 substrate); fourth batch, another addition of 1 mM ascorbic acid and another addition of MtLPMO9B  
(5 mg g-1 substrate). All incubations were performed in duplicate. The standard deviation is represented by error 
bars, which correspond to one cumulated SD (error bar = ± SDtot; with SDtot = √SD1 2 + SD2 2 +…). 
 
Additional Figure 6.3 Secondary structure composition of MtLPMO9B and MtLPMO9D. a The secondary 
structure composition (%) is based on the obtained CD spectra (far UV) of MtLPMO9B (0.20 mg mL-1) and 
MtLPMO9D (0.20 mg mL-1) at 20 and 90°C, respectively (see Figure 6.9a and 6.9b). The calculation of the 
secondary structure composition was based on the BeStSel method [59]. b Comparison of the predicted 
secondary structure composition (%) of MtLPMO9D, which was based on the obtained CD spectra and BeStSel 
method, with the actual secondary structure composition based on MtPMO3* (pdb ID code 5UFV) [22]. See 
Methods for details.  
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7.1  Diversity of LPMOs 
 
7.1.1  Myceliophthora thermophila C1 LPMOs differ in their C1-/C4-
regioselectivity and substrate specificity 
In this thesis we investigated LPMOs from M. thermophila C1 (MtLPMOs). In total, this fungus 
encodes 26 putative LPMO genes. Based on sequence annotation, 22 are classified as AA9 and 4 as 
AA11 LPMOs, respectively (Chapter I). At the start of our research, it was hypothesized that the 26 
MtLPMOs are involved in the breakdown of a range of polysaccharides and therefore, differ in their 
mode of action. 
Indeed, we found that all seven investigated MtLPMOs differ in their C1-/C4-regioselectivity and 
substrate specificity, as summarized in Table 7.1. The C1-/C4-regioselectivities and substrate 
specificities of MtLPMO9E, MtLPMO9F and MtLPMO9G are presented as new data in this discussion, 
as these data have not been part of one of the previous thesis chapters. All seven MtLPMOs studied 
oxidize regenerated amorphous cellulose (Table 7.1 and Figure 7.1). 
Table 7.1 Characterized LPMOs from M. thermophila C1 (this thesis) 
MtLPMO Regioselectivity Substrate specificity Chapter 
MtLPMO9A C1/C4 RAC, xylan associated to cellulose, xyloglucana, 
mixed β-(1→3, 1→4)-linked glucana 
II, III 
MtLPMO9B C1 RAC III, V, VI 
MtLPMO9C C4 RAC, xyloglucana, mixed β-(1→3, 1→4)-linked 
glucana 
III, IV 
MtLPMO9D C1 RAC VI 
MtLPMO9E C4 RAC, Xyloglucan, soluble gluco-
oligosaccharides 
VII 
MtLPMO9F C4 RACb VII 
MtLPMO9G C4 RACb VII 
a Minor activity 
b LPMO activity tested on RAC only, data not shown in this thesis 
One of the most important findings of this thesis project was the demonstration of the oxidative 
cleavage of xylan associated to cellulose by MtLPMO9A (Chapter II). The other MtLPMOs tested did 
not have this ability. Apart from xylan, other hemicelluloses could also be oxidized, in particular by 
MtLPMO9A, MtLPMO9C and MtLPMO9E, which were shown to oxidize mixed β-(1→3, 1→4)-linked 
glucans and xyloglucan (Table 7.1, Figure 7.2). Out of the tested MtLPMOs, only MtLPMO9E exhibits 
activity towards soluble gluco-oligosaccharides having a degree of polymerization (DP) of 5 or higher 
(Table 7.1, Figure 7.2). We also established that MtLPMO9A oxidizes the C1- and C4-carbon atom, 
whereas MtLPMO9B and MtLPMO9D oxidize the C1-carbon atom of the β-(1→4)-linked glucan. Four 
MtLPMOs (MtLPMO9C, MtLPMO9E, MtLPMO9F, MtLPMO9G) cleave the β-(1→4)-linked glucan 
chain by oxidizing the C4-carbon atom (Table 7.1). 
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Figure 7.1 HPAEC elution pattern of regenerated amorphous cellulose (RAC) incubated with MtLPMO9E. RAC (1.5 
mg mL-1) was incubated with MtLPMO9E (5 mg g-1 substrate) in the presence (1 mM) and absence of ascorbic 
acid in an ammonium acetate buffer (50 mM, pH 5.0) at 50°C for 24 h. RAC incubated with MtLPMO9E led to the 
formation of non-oxidized (GlcOSn) and C4-oxizidized gluco-oligosaccharides (GlcOSn*). Small amounts of non-
oxidized gluco-oligosaccharides were released from RAC incubated with MtLPMO9E in the absence of ascorbic 
acid, indicating a low hydrolytic background activity. 
MtLPMOs from M. thermophila C1 were expected to differ in their C1-/C4-regioselectivity and 
substrate specificity since the ability of a fungus like M. thermophila C1 to efficiently degrade a 
variety of complex lignocelluloses most likely depends on its enzymatic ‘toolbox’. Furthermore, 
depending on the exact composition of the substrate, M. thermophila C1 has been shown to express 
different MtLPMOs during growth to specifically target the degradation of the polysaccharides 
present [3]. 
The C1-/C4-regioselectivity is, possibly, the result of how the LPMO binds to the substrate, meaning 
that different LPMOs may bind to differently exposed cellulose-fiber surfaces. For instance, cellulose 
is structurally polymorph and consists of several features such as varying microfibril structures, 
hydrophobic and hydrophilic sides, and ranges in the degree of crystallinity [4-6]. Diverse intra- and 
intermolecular hydrogen bonds and bridges between oxygen atoms (O2, O3, O5 and O6) influence 
the conformation and, therefore, shape and compactness of the β-(1→4)-linked glucan chains and 
units [4, 5, 7, 8]. As a result, the accessibility of the C1- or C4-carbon atom may vary depending on 
these conformational features, which is a possible explanation for the evolution of LPMOs exhibiting 
different regioselectivities. 
The substrate specificity of LPMOs defines which substrate is oxidized. All AA9 MtLPMOs which have 
been used in this research oxidize cellulose. Apparently, these LPMOs are important to attack, in 
particular, the cellulose in lignocellulosic plant cell walls (Chapter I). Furthermore, it became 
apparent that hemicelluloses known to interact with cellulose, such as xylan and xyloglucan, were 
the other main substrates of the studied LPMOs. The ability of LPMOs to attack these 
polysaccharides indicates that they have an important function in opening up the lignocellulose 
matrix to assist subsequent extensive degradation by hydrolytic enzymes. 
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Figure 7.2 HPAEC elution profiles of soluble gluco-oligosaccharides and xyloglucan incubated with MtLPMO9E. 
Soluble gluco-oligosaccharides (DP2-5 (GlcOS2-5), 0.25 mg mL
-1 per compound) were incubated with MtLPMO9E 
(5 mg g-1 substrate) in a the presence (1 mM) and b absence of ascorbic acid. The incubation of gluco-
oligosaccharides with MtLPMO9E led to the formation of cellotriose and 4-keto-cellobiose through the oxidation 
of cellopentaose. The enlargement of part of the elution profile of Figure 7.2a shows the formation of three new 
compounds, which are most likely tautomerization products of 4-keto-cellobiose as described by Isaksen et al. 
[1]. MtLPMO9E showed no activity towards soluble gluco-oligosaccharides in the absence of ascorbic acid. 
Xyloglucan from tamarind seed (1.5 mg mL-1) was incubated with MtLPMO9E (5 mg g-1 substrate) in c the 
presence (1 mM) and d absence of ascorbic acid. The oxidization of xyloglucan by MtLPMO9E in the presence of 
ascorbic acid c led to the formation of multiple different substituted non-oxidized and oxidized xyloglucan-
oligosaccharides, which indicates that MtLPMO9E oxidizes xyloglucan independently of the background 
substitution [2]. In the absence of ascorbic acid d, low amounts of non-oxidized xylogluco-oligosaccharides are 
formed, which are the result of a low hydrolytic background activity in the used MtLPMO9E-fraction. All samples 
were incubated in an ammonium acetate buffer (50 mM, pH 5.0) at 50°C for 24 h. 
The investigation of structural features of LPMOs bearing different regioselectivities and substrate 
specificities is a continuous process in the LPMO field. As a result, several characteristics of LPMOs 
were identified such as the presence and shape of loops, highly conserved amino acid residues or 
the presence of aromatic amino acid residues in the flat surface [9-12]. Further investigations of 
phylogenetic relationships between structural features and regioselectivity of LPMOs led to the 
 
156 
General Discussion 
 
 
 
implementation of an AA9 subclassification (PMO-I, PMO-II and PMO-III) [9, 11]. However, some 
AA9 members could be categorized into more than one of these AA9 subclasses [10, 13]. Hence, the 
classification of AA9 LPMOs in AA9-subfamilies is inadequate to predict their function. In particular, 
the classification of LPMOs is challenging due to the high diversity and overall low sequence identity 
of these enzymes [10, 13]. Similarly, our investigated MtLPMOs (Chapter II-VII) have a low sequence 
identity ranging from 22-36% (Figure 7.3). 
 
Figure 7.3 Sequence alignment of four MtLPMOs investigated in this thesis. a Unrooted phylogenetic tree of 
MtLPMO9A, MtLPMO9B, MtLPMO9C and MtLPMO9D. b Sequence identity among these four MtLPMOs (%). 
Multiple Sequence Alignments were obtained by using CLUSTALW. Sequences were used without signal peptide 
and, in the case of MtLPMO9B, without the sequence that encodes the CBMI (Chapter III). 
7.1.2  LPMOs characterized among fungal species 
Based on published findings since 2011, fungal AA9 LPMOs are known to oxidize cellulose and 
LPMOs characterized between 2011 and 2013 are listed in Chapter I (Table 1.4) [14-16]. Here, a 
summary is presented of published AA9 LPMOs that have been characterized between 2013 and the 
beginning of 2017 (Table 7.2). 
Until 2013, it was only published that LPMOs oxidize insoluble substrates. In 2014, Isaksen et al. 
were the first to publish findings of a fungal LPMO (NcLPMO9C) that oxidizes soluble substrates, in 
particular, soluble cello-oligosaccharides [1]. A follow-up study described the activity of NcLPMO9C 
towards hemicellulose structures such as xyloglucan and mixed β-(1→3, 1→4)-linked glucan [17]. 
We extended the description of possible substrates for LPMOs with our demonstration of the xylan 
oxidizing MtLPMO9A in 2015 (Chapter II) [18]. The discovery of LPMOs such as MtLPMO9A which 
are active towards hemicellulose structures, led to a paradigm shift in the understanding of plant 
cell wall degradation. Until now, only nine out of thirty (including MtLPMOs) AA9 LPMOs have been 
shown in literature to be active towards hemicellulose or soluble gluco-oligosaccharides (Table 7.2). 
For comparison, we identified over 6500 putative AA9-encoding genes in the known genome 
sequences of Ascomycota and Basidiomycota (Chapter V). Only when more of these putative LPMOs 
are characterized, their function can be understood better. 
7.1.3  Substrate specificity and planar surface of AA9 MtLPMOs 
All LPMOs feature a planar surface that possibly enables them to oxidize less accessible substrates 
(see Figures 1.7, 1.8 and 1.9, Chapter I) [47]. In contrast, glycosyl hydrolases (GHs) interact with 
their substrates via a pocket, a cleft or a tunnel [48, 49]. Hence, the enhancing effects of LPMOs with 
glycosyl hydrolases may relate to the possibility that LPMOs make the substrate accessible for 
further and faster degradation by GHs (Chapter II) [47]. The latter is not only beneficial for cellulose 
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fiber degradation, but also for the degradation of cellulose-associated hemicelluloses. Two examples 
are xylan and xyloglucan, which are non-covalently associated with cellulose within plant cell walls 
(Chapter I; [50, 51]). The planar surface of LPMOs may enable them to oxidize these less accessible 
regions, which is followed by a disruption of the cellulose and hemicellulose structure and thereby 
enhances the accessibility for hydrolases. As shown in Chapter I and VII, M. thermophila C1 
expresses LPMOs, which are active towards xylan associated to cellulose (MtLPMO9A) and towards 
xyloglucan (MtLPMO9E). Additionally, M. thermophila C1 is known to comprise a plethora of 
hemicellulose-degrading enzymes [52]. The concerted action of LPMOs and glycosyl hydrolases 
improves plant cell wall degradation, which can be seen as a benefit for fungi such as M. 
thermophila C1. These benefits of LPMOs in the plant biorefinery field will be further discussed in 
Section 7.5. 
7.1.4  Beyond regioselectivity and substrate specificity of MtLPMOs 
Here, we suggest that the current discrimination of LPMOs by only their substrate preference and 
C1-/C4-regioselectivity is not complete. We expect that LPMOs are exhibiting further modes of 
action, similar to glycosyl hydrolases, which can range from random to processive hydrolytic 
cellulose cleavage (Chapter I).  
Certainly, AA9 LPMOs do oxidize cellulose, but we propose that this cellulose specificity potentially 
ranges from the preferred oxidation of highly crystalline to completely amorphous regions. 
Furthermore, LPMOs that are active towards crystalline cellulose may further be distinguished by 
their preference for microfibrils comprising the Iα or Iβ crystal form [5, 7, 8]. A similar scenario has 
already been described for carbohydrate binding modules (CBMs) and some members have, for 
example, been shown to be able to bind hardwood cellulose but not bacterial cellulose [53]. Another 
example is shown by a recent study in which the cleaving behavior of NcLPMO9F on the cellulose 
surface is revealed by using time-resolved atomic force microscopy (AFM) [30]. This LPMO oxidized 
the surface layer of the crystalline cellulose region only, which resulted in the formation of a patch, 
but amorphous regions were not oxidized (Table 7.2). Moreover, this LPMO mainly oxidized the 
surface layer, but vertical degradation of subjacent layers was hardly determined. In comparison, 
another study described the activity of PaLPMO9H, which was only active towards amorphous 
cellulose, but not towards crystalline cellulose fibers [39] (Table 7.2). 
We also hypothesize that LPMOs and their preference for either crystalline or amorphous cellulose 
regions will be influenced by CBMs. Recent studies already showed that the LPMO domain of 
“natural” LPMOs with appended CBMs have a lower LPMO-mediated binding affinity towards 
substrates compared to single domain LPMOs, which could strengthen the hypothesis that CBMs 
influence the LPMO cleavage capability [54-59]. In addition, CBMs exhibit different binding 
behaviors and preferences towards potential substrates [53, 60, 61]. It is therefore possible that the 
CBM binding nature will influence the positioning of the specific LPMOs to which the CBM is 
appended to. Hereby, the CBM could promote either a random or more processive cellulose 
oxidation, which is similar to random and processive glycosyl hydrolases. 
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7.2  MtLPMOs and electron donors 
 
7.2.1  MtLPMOs and non-enzymatic reducing agents 
In this work we investigated multiple potential reducing agents that can efficiently reduce MtLPMOs 
from M. thermophila C1. We hypothesized that the MtLPMOs differ in their reducing agent 
specificity. A summary of analyzed MtLPMOs’ reducing agent specificities is shown in Table 7.3, 
which is based on the results of Chapters III and V and on new data (Figure 7.4). Indeed, MtLPMOs 
varied in their ability to oxidize cellulose with varying reducing agents, of which many are considered 
as lignin building blocks. Regardless of these differences, ascorbic acid was a good reducing agent for 
all seven investigated MtLPMOs. Furthermore, MtLPMO9A, MtLPMO9B, MtLPMO9C and 
MtLPMO9D were all active in the presence of 3-methylcatechol (Table 7.3). 
Notably, MtLPMO9B oxidized cellulose in the presence of lignin (Figure 7.4), whereas MtLPMO9A 
and MtLPMO9C did not show any catalytic performance in the presence of this aromatic biopolymer 
(Table 7.3). 
 
Figure 7.4 Release of non-oxidized and C1-oxidized gluco-oligosaccharides from RAC incubated with MtLPMO9B 
in the presence of three different lignin fractions. RAC (1.5 mg mL-1) was incubated with MtLPMO9B (5 mg g-1 
substrate) in the presence of alkaline-extracted lignin (Sigma-Aldrich, Steinheim Germany), soda P1000 and Alcell 
(2 mg mL-1) in an ammonium acetate buffer (50 mM, pH 5.0) at 50°C for 24 h. Both Protobind 1000 (P1000) soda 
lignin and Alcell have been characterized previously [62]. The figure shows the total sum of integrated peak areas 
of released C1-oxidized and non-oxidized gluco-oligosaccharides after the incubation of RAC with MtLPMO9B. All 
incubations were performed in duplicates and the standard deviations are represented by error bars, which 
correspond to one cumulated SD (errorbar = ± SDtot; with SDtot = √SD1
2 + SD2
2 +…). 
Today in 2017, it has been reported that LPMOs such as MtLPMOs receive electrons from different 
types of reducing agents. However, there were only few studies published about the effect of 
reducing agents on the catalytic performance of LPMOs in the beginning of our research project 
[16]. Next to our findings summarized above, other studies have already reported a variety of 
reducing agents that can be used to determine the catalytic performance of LPMOs, such as ascorbic 
acid, gallic acid and reduced glutathione [1, 15, 16, 63]. Westereng et al. showed that lignin acts as 
electron donor for TtLPMO9E [44]. Hence, it is shown that the catalytic performance of different 
LPMOs depends on the type of reducing agent that is present during the incubation [24, 44, 64]. 
In summary, both our research and that of others demonstrate that different types of reducing 
agents do not only influence the catalytic performance of LPMOs, but also that LPMOs differ in their 
reducing agent specificity.  
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Based on the current results, we can draw two main conclusions that will be further discussed 
below: 1) LPMOs can receive electrons from a variety of reducing agents with a relatively low redox 
potential (≤ 250 mV); 2) LPMOs comprise a reducing agent preference which is the result of their 
three-dimensional protein structure. 
1) Phenolic compounds comprising structural features like the 1,2-dihydroxy (IIa), 1,2-dihydroxy-6-
methoxy (IIb) and 1,2,3-trihydroxy moiety (III) have been shown to efficiently reduce MtLPMOs 
(Chapter III and V, Table 7.3). In addition, compounds that do not comprise the above-mentioned 
features have also been shown to reduce LPMOs such as ascorbic acid, glutathione and L-cysteine or 
the macromolecule lignin (Table 7.3). In comparison, monophenols (Ia-c) are less efficient electron 
donors for MtLPMOs (Table 7.3). The reducing efficiency of a compound can be determined 
experimentally by cyclic voltammetry and expressed as the reduction potential. Phenolic 
compounds comprising a second hydroxyl group attached to the benzene ring have a relatively low 
reduction potential (≤ 250 mV), whereas monophenols have a relatively high reduction potential (≥ 
400 mV) [24]. Kracher et al. have already shown that a lower reduction potential of reducing agents 
resulted in a higher catalytic performance of LPMOs [24]. Hence, based on the structure and 
associated reduction potential of a compound and the reduction potential of a LPMO, it seems 
possible to predict if it is an efficient reducing agent for a LPMO or not. Deviating from this general 
rule are exceptions, such as quercetin. In the presence of this compound, all three tested MtLPMOs 
were not active towards cellulose (Table 7.3). 
2) The differences in the reducing agent preference of MtLPMOs results from the structural diversity 
of these enzymes. However, the mechanism of LPMOs interacting with potential reducing agents 
and how the electrons are transferred to the copper ion in the histidine brace is not clear (Chapter 
I). In 2012, it has been hypothesized that LPMOs interact with the reducing agent via a surface patch 
centered around the Pro-Gly-Pro triad or a narrow patch around the amino acid residues that 
coordinate the copper ion [11, 26, 65]. We have shown that the amino acid residues present in 
these two regions differ in their surface charge distribution among MtLPMO9A, MtLPMO9B and 
MtLPMO9C (Chapter III). Therefore, it is plausible that the interaction between these residues and 
reducing agents is different for each of these MtLPMOs. 
In addition, the reduction potential of a number of LPMOs has been determined to be around + 250 
mV (vs. SHE), but some members show deviating values which are either higher (+ 326 mV vs. SHE) 
or lower (+ 155 mV vs. SHE) [17, 24, 38, 66]. These deviating values may result from differences in 
the protein structure. Thus, LPMOs comprising a low reduction potential (e.g. below + 250 mV (vs. 
SHE)) are likely to require compounds with an even lower reduction potential in order to receive 
electrons. In contrast, LPMOs with a high reduction potential (e.g. above + 250 mV (vs. SHE)) can 
also receive electrons from reducing agents which comprise a reduction potential that is, for 
example, around + 250 mV (vs. SHE). 
Notably, the above-mentioned properties such as surface charge of the enzyme or reduction 
potential are influenced by incubation conditions like pH, temperature or the type of buffer used 
(Chapter VI and Katja S. Johansen, 1st LPMO Symposium, Copenhagen, Denmark, 2016). 
Furthermore, high concentrations of reducing agents, in particular the ones with a low reduction 
potential, have been reported to inactivate LPMOs within minutes by forming reactive oxygen 
species (ROS) [35]. Altogether, the electron donating system or reducing agent type should be 
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carefully considered when studying the biochemical characteristics of LPMOs, such as pH or 
temperature optima (Chapter VI). 
7.2.2  Mapping enzymatic and non-enzymatic electron-donating systems 
In our work the beneficial effect of polyphenol oxidases on the LPMO-driven cellulose degradation is 
demonstrated for the first time. More specifically, we show that the polyphenol oxidase MtPPO7 
from M. thermophila C1 converts methoxylated phenolic compounds into compounds comprising a 
1,2-dihydroxy moiety and, thereby, enhances the catalytic performance of MtLPMO9B (Chapter V). 
This finding is of high relevance, since methoxylated phenolic compounds are present as lignin-
building blocks in the plant cell wall. Furthermore, we show that polyphenol oxidases comprising a 
strong diphenolase activity are less beneficial for LPMO activity due to the subsequent strong 
oxidation of diphenols into quinones, which have a low reducing efficiency on LPMOs (Chapter V). 
Furthermore, sequence analysis of genomes of 336 Ascomycota and 208 Basidiomycota reveals a 
high correlation between genes encoding MtPPO7-like proteins and AA9 LPMOs (Chapter V). This 
correlation between MtPPO7 and AA9 LPMO genes is indicative for the importance of the coupled 
action of different monooxygenases in the concerted degradation of lignocellulosic biomass. 
In addition to our finding that PPOs can have a positive effect on the electron donating system of 
LPMOs, other new enzymatic and non-enzymatic electron-donating systems were uncovered in 
vitro, too. Based on these new findings reported in the latest literature and our own research 
(Chapter V), we propose four electron-donating systems (I, II, III and IV) that enable LPMO activity, 
which are discussed in the text below and summarized in Figure 7.5. The relevance of these systems 
on the LPMO activity in vivo will be discussed later in this section and their possible role for the 
application in biorefinery is described in Section 7.4. Electron donating system I includes compounds 
and enzymes that directly donate electrons to LPMOs, such as cellobiose dehydrogenases (CDHs) 
(Figure 7.5, A – E and G). Electron donating system II comprises enzymes that release and modify 
reducing agents which influence the activity of LPMOs, such as the polyphenol oxidase MtPPO7 
(Chapter V; Figure 7.5, F, H and I). Electron donating system III includes light-induced non-enzymatic 
electron-donating systems (Figure 7.5, J). Finally, electron-donating system IV comprises enzymes 
that alter superoxide or hydrogen peroxide levels to affect the catalytic performance of LPMOs 
(Figure 7.5, K, L and M). 
It should be noted that some members of electron donating system I, such as CDH, can also be part 
of system II and vice versa, dependent on the activity. In Figure 7.5, the black arrows and fonts 
indicate published systems and in red we hypothesize new routes to promote LPMO activity. 
Electron donating system I: compounds and enzymes that directly donate electrons to LPMOs 
Electron donating system I includes compounds that have already been described in Section 7.2.1, 
such as plant phenols and lignin building blocks (A - D, Figure 7.5). CDH (Figure 7.5, E) was the first 
enzyme that has been shown to reduce LPMOs directly, as demonstrated for three N. crassa LPMOs 
(NCU01050, NCU07898 and NCU08760) [14]. Furthermore, gene expression studies revealed a 
correlation between the expression of CDH and LPMO genes [24]. 
CDH is a member of the GMC (glucose-methanol-choline oxidase/dehydrogenase) oxidoreductase 
family. Next to CDH, other GMC members (G, Figure 7.5), such as glucose oxidase (GOx), glucose 
dehydrogenase (GDH), pyranose dehydrogenase (PDH), aryl-alcohol quinone oxidoreductases 
(AAQO), aryl-alcohol oxidase (AAO) and an isolated flavodehydrogenase domain (DH), have been 
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shown to donate electrons directly to LPMOs. These flavoproteins can also regenerate electron-
donating plant phenols and lignin building blocks [24, 35, 38], in that respect they also belong to 
‘Electron donating system II’. In addition, some GMC family members (G, Figure 7.5) (e.g. AAO, CDH) 
are reported to interact either via electron donation or H2O2 formation with other enzymes, such as 
laccases and peroxidases (F, Figure 7.5), which may affect the catalytic performance of LPMO 
indirectly [67-69]. 
Electron donating system II: enzymes that release and modify reducing agents 
Peroxidases, such as manganese peroxidases (MnP), lignin peroxidases (LiP) and versatile 
peroxidases (VP) as well as laccases (F, Figure 7.5) are known to oxidize plant phenols, lignin building 
blocks and lignin and, therefore, are hypothesized to effect the electron donation of these 
compounds towards LPMOs [70-76]. As already described in this thesis, polyphenol oxidases (H, 
Figure 7.5), such as MtPPO7 and AbPPOs, affect the activity of LPMOs indirectly by their 
monophenolase and diphenolase activity (Chapter V). Furthermore, we propose that the 
simultaneous use of ferulic acid esterases (I, Figure 7.5) in combination with polyphenol oxidases is 
another possible electron donating system for LPMOs. Ferulic acid esterases have been shown to 
release coumaric acid and ferulic acid from plant cell wall hemicelluloses, like in grains and grasses 
[77]. Both of these cinnamic acid derivatives are hydroxylated by polyphenol oxidases, such as 
MtPPO7, into compounds comprising 1,2-dihydroxy moieties, which are efficient electron donors for 
LPMOs (Chapter V). 
Electron donating system III: light-induced non-enzymatic electron-donating systems 
In 2016, Cannella et al. reported that light in combination with photosynthetic pigments (J, Figure 
7.5), such as thylakoids or chlorophillin, are very efficient electron-donating systems for the 
reduction of LPMOs [43]. Next to these pigments, chemical photocatalysts (J, Figure 7.5) like 
vanadium-doped titanium dioxide (V-TiO2) can also efficiently reduce LPMOs. Above all, these 
systems comprise the advantage of a switch-on/off possibility and, therefore, are a useful tool for 
investigating the catalytic mechanism of LPMOs [35, 36, 43, 78]. 
Electron donating system IV: Enzymes that alter superoxide or hydrogen peroxide levels 
Catalase and superoxide dismutase (K, Figure 7.5) can affect the LPMO activity or stability in an 
indirect way due to altering superoxide or hydrogen peroxide concentrations during the incubation 
[35, 79]. As an example, the catalase from Thermoascus aurantiacus (Accession DD046677) 
reportedly decreased the inactivation of AA9 LPMOs during biomass degradation [79]. Apart from 
that, both superoxide dismutase and catalase may also be involved in most of the non-enzymatic 
and enzymatic electron-donating systems, since superoxide and hydrogen peroxide are released 
during the oxidation/reduction (redox) reactions [35]. Details concerning the role of hydrogen 
peroxide during LPMO activity will be discussed separately in Section 7.2.4. Furthermore, the 
hydrogen peroxide generating xanthine oxidase (XOD) and also, to a minor extent, xanthine only (L, 
Figure 7.5) have been shown to reduce ScLPMO10C, which led to the oxidation of cellulose [35]. The 
same AA10 LPMO was also active towards cellulose in the presence of chemical superoxide 
generating systems, such as potassium superoxide (KO2) (M, Figure 7.5) [35]. 
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Figure 7.5 Interactions between non-enzymatic and enzymatic electron-donating systems and their effect on 
LPMOs. Black arrows and fonts represent published systems and in red new systems are hypothesized. Details 
are described in Section 7.2.2. This scheme is simplified and co-substrates such as hydrogen peroxide or oxygen 
are not included. In addition, aerobic and anaerobic conditions are not further considered. 
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7.2.3  Electron-donating systems in vivo 
So far, most of the above-mentioned electron-donating systems have been determined in vitro. In 
general, LPMOs used for the degradation of lignocellulosic biomass are secreted enzymes, which 
oxidize polysaccharides outside of the fungal cell. To understand the variety of possible electron-
donating systems it is necessary to consider that fungi exhibit different modes of life-style, which 
may influence how LPMOs are used to degrade certain biomasses. 
For instance, saprophytic fungi such as M. thermophila C1 mainly feed on dead biomass, which often 
contains high amounts of lignin and other phenolic compounds, next to polysaccharides. For these 
saprophytic fungi, LPMOs are likely to receive electrons from lignin and lignin-building blocks (A, B 
and C, Figure 7.5). In addition, we expect that LPMOs benefit from other secreted lignocellulose-
degrading enzymes during the concerted degradation of biomass, such as GMC oxidoreductases 
(e.g. CDH), polyphenol oxidases and, as proposed, laccases and peroxidases (F,G and H, Figure 7.5). 
We do not expect that the light-induced non-enzymatic electron-donating system (J, Figure 7.5) will 
act as an efficient electron providing system for LPMOs, which are secreted by saprophytic fungi. 
Notably, most of these fungi are able to decompose biomass in the absence of light (e.g. in the soil 
or ground level of a forest) or degrade parts of the plant that do not contain photosynthetic 
pigments (e.g. stamp of hardwoods). Also intracellular reducing agents, such as ascorbic acid and 
reduced glutathione, are not expected to play a major role as reducing agents for LPMOs, since dead 
biomass will not comprise intact cells that contain these rather instable compounds. 
In contrast to Saprophytes, pathogenic fungi are known to attack the plant cell wall of living cells. 
LPMOs secreted by these types of fungi are possibly used to disrupt the cell wall in order to improve 
the penetration of the fungi into the plant cell. Thereby, LPMOs are likely to get in contact with the 
intracellular matrix of the plant cell (e.g. in leaves) and endogenous electron donors are available for 
LPMOs, such as ascorbic acid, L-cysteine (D, Figure 7.5) or reduced glutathione. Moreover, it is likely 
that photosynthetic pigments, such as chlorophyll, are released from the chloroplast during the 
decay of the plant cell and donate electrons for LPMOs. However, based on the current knowledge it 
remains debatable to what extent the latter system will contribute to the LPMO-assisted plant cell 
wall degradation in vivo. 
Enzymes that alter hydrogen peroxide or superoxide concentrations, such as catalases and 
superoxide dismutases (System IV, K, Figure 7.5), are present inside and outside of the plant cell 
and, therefore, will be of importance for different fungi in general. As already described above, 
these enzymes are expected to influence electron-donating systems to avoid the formation of ROS, 
which potentially decreases the inactivation of LPMOs. The usefulness of these electron-donating 
systems in terms of applications is discussed in Section 7.4. 
7.2.4  Mechanism of electron transfer 
Much published work about the catalytic mechanism of LPMOs was based on the assumption that 
electrons are somehow transferred from a donor to the LPMO and that molecular oxygen is involved 
to enable the oxidation of cellulose (Chapter I). Besides these commonly accepted modes of action, 
many questions were still unanswered. For example, are electrons transferred from a donor to the 
Cu(II)-LPMO via a surface patch around the Pro-Gly-Pro triad or via a surface patch in the vicinity of 
the copper atom? Which amino acids are involved in the electron transfer? Is the Cu(II)-LPMO first 
reduced to Cu(I)-LPMO and binds oxygen afterwards or does the LPMO first bind to the substrate 
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and then to oxygen? Still these questions cannot be answered completely, although a number of 
proposed catalytic mechanisms have been addressed recently [80]. 
An intriguing recent finding by Bissaro et al., shows that H2O2 could be a co-substrate of LPMOs [35]. 
These authors also propose that reducing agents are only needed for the ‘priming reduction’ to 
reduce the LPMO-Cu(II) to LPMO-Cu(I). At the reduced stage, the LPMO-Cu(I) could bind H2O2 and 
thereby lead to the formation of hydroxyl radicals, which is similar to the reaction reported during 
Fenton chemistry [35]. The hydroxyl radical is expected to attack the glucosyl bonds in cellulose, 
which will lead to the cleavage of the glucan chain. Bissaro et al. also showed that H2O2 is formed in 
the presence of reducing agents, such as ascorbic acid [35]. Although still heavily debated, these 
new insights into the catalytic mechanism of LPMOs can be expected to change our view of the 
interaction between reducing agents and LPMOs. 
In this thesis, we did not study the formation of hydrogen peroxide during the LPMO reactions. It is 
likely that reducing agents, such as diphenols, are also able to stimulate the formation of H2O2. This 
could have influenced the MtLPMO activities. In addition, the reducing agent preference among 
MtLPMOs might also be influenced by the sensitivities of MtLPMOs for H2O2. Clearly, more insight is 
needed on the reactivity of MtLPMOs with H2O2. For instance, at this point it cannot be excluded 
that the susceptibility of MtLPMO9D for enzyme inactivation is caused by a relatively high sensitivity 
for H2O2 (Chapter VI). 
There are several other enzymes that oxidize potential substrates under the use of external 
electrons and molecular oxygen or alternatively H2O2. As an example, the cytochrome P450 
peroxygenase OleTJE catalyzes the oxidative decarboxylation or hydroxylation of fatty acids [81-83]. 
Similar as described for LPMOs, OleTJE requires oxygen and two electrons as well as a protonation 
step to form a ferric-hydroperoxo (Fe(III)-OOH) intermediate in order to oxidize the fatty acid [81]. 
This reduction step is described as the canonical pathway. An alternative pathway is the ‘peroxide 
shunt’, which describes the formation of the ferric-hydroperoxo intermediate directly via H2O2 and 
thus no molecular oxygen is needed for the oxidation of the fatty acid [81]. It is possible that LPMOs 
can also follow two oxidative routes as seen for the P450s. Other enzymes might also bear features 
similar to those reported of LPMOs that involve oxygen or H2O2, such as the ‘mono-peroxygenase 
pathway’ or ‘peroxidase route’ of unspecific peroxygenases (UPOs) [84]. Nevertheless, H2O2 
formation by reducing agents, H2O2 sensitivity, and the reduction of LPMO-Cu(II) to LPMO-Cu(I) will 
be influenced by the structure of the reducing agent and MtLPMO. Therefore, the two main 
conclusions stated in Section 7.2.1 are still applicable. 
 
7.3  Qualitative and quantitative analysis of the catalytic 
performance of LPMOs 
 
7.3.1  Analysis of non-oxidized, C1- and C4-oxidized oligosaccharides released 
by MtLPMOs 
In this thesis, the formation of non-oxidized, C1- and C4-oxidized oligosaccharides is detected by 
mainly using two techniques: high-pressure anion exchange chromatography (HPAEC) and matrix-
assisted laser desorption ionization-time of flight mass spectrometry (MALDI-TOF MS) (Chapter II-
VII). In addition, we developed a β-glucosidase-assisted method for the quantification of released 
C1-oxidized gluco-oligosaccharides from the incubation of RAC with MtLPMO9B and MtLPMO9C 
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(Chapter VI; Table 7.1). Moreover, non-oxidized and C4-oxidized gluco-oligosaccharides, which were 
released from the incubation of RAC with MtLPMO9C, were detected by combining non-reductive 2-
aminobenzamide (2-AB) labeling with reverse phase-ultra high-performance liquid chromatography 
(RP-UHPLC) (Chapter IV). 
Until now, HPAEC is the technique that is used most to determine the C1-/C4-regioselectivity and 
substrate specificity of LPMOs. In the beginning of our project, the catalytic performance of LPMOs 
was determined using the sum of the total peak areas of released non-oxidized and oxidized gluco-
oligosaccharides measured by HPAEC (Chapter III-V) [13, 85]. Non-oxidized and oxidized 
oligosaccharides with varying DPs differ regarding their response factors. To enable the 
quantification of C1-oxidized compounds, the released oligosaccharides were hydrolyzed by 
enzymes, such as β‐glucosidases from almonds (Chapter VI) and AnCel3A from Aspergillus niger or 
cellulases like TfCel5A from Thermobifida fucosa and TrCel7A from T. reesei. [31, 35]. 
Here, we present new results which show that the developed β-glucosidase-assisted method 
(Chapter VI) can be applied to quantify released soluble C1-oxidized gluco-oligosaccharides from 
RAC incubated with MtLPMO9B in the presence of 21 reducing agents (Figure 7.6). We determined 
the same order of reducing agents that are suitable as electron donors for MtLPMO9B by using the 
earlier method (sum of the total peak areas, Chapter III) compared to the β-glucosidase-assisted 
method that actually allows quantification of the catalytic performance (Figure 7.6). The highest 
concentration of released C1-oxidized gluco-oligosaccharides was achieved when RAC was incubated 
with MtLPMO9B in the presence of ascorbic acid and approximately 1% of the total glucosyl 
moieties of RAC were oxidized. 
 
Figure 7.6 Released gluconic acid and cellobionic acid concentration from RAC incubated with MtLPMO9B using 
different reducing agents, measured by using the β-glucosidase-assisted method. Regenerated amorphous 
cellulose (RAC; 1.5 mg mL−1) was incubated with MtLPMO9B (5 mg g−1 substrate) in an ammonium acetate buffer 
(pH 5.0) at 50°C for 24 h. Soluble fractions obtained from the incubation of RAC with MtLPMO9B were incubated 
with β-glucosidase (1.5 U per sample) to yield glucose (not shown), gluconic acid and cellobionic acid only. The 
reducing agents (1 mM) are numbered and specified in Table 3.2 (Chapter III). Vertical dotted lines separate 
reducing agents of the five structural groups (Figure 3.4; Chapter III). The threshold (horizontal dashed dotted 
line) is set to 70 % of the released products from RAC incubated with MtLPMO9B in the presence of ascorbic acid 
(no. 33). All incubations were performed in duplicate, and standard deviations are represented through error 
bars. Details about the analysis are further described in Chapter III and VI. 
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7.3.2  Challenges in the qualitative and quantitative analysis of oligosaccharides released by 
LPMOs 
We summarized the methods that were used to determine the catalytic performance of LPMOs until 
2013 in Chapter I. Now in 2017, more methods are available to determine the activity of LPMOs 
towards soluble hemicelluloses in particular, such as a glycan microarray using substrate‐specific 
monoclonal antibodies, direct infusion electrospray ionization‐mass spectrometry (ESI‐MS), or 
atomic force microscopy [25, 30, 39, 40]. Above that, more methods are being developed that 
enable the quantification of non‐oxidized and C1‐oxidized oligosaccharides released from cellulose 
or chitin incubated with C1‐oxidizing LPMOs either by the degradation of the soluble fraction or 
both the insoluble and soluble fraction (Chapter V) [35, 36, 43, 86]. In contrast, the quantification of 
C4‐oxidized oligosaccharides has not been shown, yet (Chapter VI) [31] and remains to be 
developed to further understand the kinetics of C4‐oxidizing LPMOs. 
The identification and quantification of LPMO‐released non‐oxidized and oxidized oligosaccharides is 
restricted by: I) their stability, II) their solubility and III) lack of standards. 
I) As an example, C4‐oxidized gluco‐oligosaccharides released from cellulose through the action of 
LPMOs, can be determined by HPAEC. However, the high pH of the solvents causes an on‐column 
decomposition of the C4‐oxidized gluco‐oligosaccharides into non‐oxidized compounds and, 
furthermore, the peaks detected by HPAEC represent C4‐oxidized gluco‐oligosaccharides in their 
geminal diol form [31]. Moreover, C4‐oxidized gluco‐oligosaccharides undergo tautomerization, 
which leads to the formation of multiple new components and challenges the interpretation of 
obtained chromatograms (Figure 7.2a) [25]. As an alternative, the separation of C4‐oxidized gluco‐
oligosaccharides by using porous graphitized carbon (PGC) or reverse phase columns in combination 
with milder solvents keeps the C4‐ketone intact. However, these separation techniques are often 
coupled to UV or charged aerosol detection (CAD), which are less sensitive for the detection of non‐
oxidized and oxidized oligosaccharides compared to the pulsed amperometric detector (PAD) which 
is used in combination with HPAEC [31, 87] (Chapter IV). To overcome the lower sensitivity, we used 
derivatization methods, such as 2‐aminobenzamide (2‐AB) labeling, to enable UV detection (Chapter 
IV). But, labeling of the C4‐ketone had to be performed under non‐reducing conditions to avoid the 
reduction of the C4‐ketone, as already described in detail in Chapter IV. 
II) Released non‐oxidized and oxidized oligosaccharides, formed by LPMOs from various substrates, 
differ in their solubility. As we already described in Chapter VI, the oxidation of RAC by MtLPMO9B 
starts at the beginning of the incubation. However, released soluble products are measured after 
approximately 2 h of the incubation (Chapter VI). Depending on the substrate, we expected that the 
release of soluble oligosaccharides by LPMOs will take longer for substrates that have a very high 
DP, such as cotton (DP ≥ 10.000), compared to substrates with a lower DP like RAC (DP ≤ 500) [88, 
89]. Substrates that comprise glucan chains with a high DP demand more oxidative cleavages until 
the first oligosaccharides are released compared to substrates which are built of glucan chains with 
a low DP. Possibly, the latter characteristic of LPMOs can be described by the parameter tMF, the 
time point at which the concentration of soluble and insoluble C1‐oxidized glucosyl residues is 
identical (Chapter VI). 
Solubility is also dependent on the technique that is used to determine LPMO‐released non‐oxidized 
and oxidized oligosaccharides. As an example, oligosaccharides up to a DP of 8 or more can be 
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determined by using HPAEC whereas HILIC‐MS or RP‐UHPLC‐MS have been used to detect 
oligosaccharides with a DP between 2 and 5 (Chapter IV) [31]. Enzymes that shorten non‐oxidized 
and oxidized oligosaccharides released by LPMOs, such as endoglucanases and β‐glucosidases, have 
been shown to be useful for reducing the amount of compounds and thereby help to overcome a 
limited detection range (Chapter VI) [31, 35, 36, 90]. 
III) Until now, qualitative and partly quantitative analysis has been carried out for released non‐
oxidized and oxidized oligosaccharides that comprise a linear structure, such as gluco‐
oligosaccharides from cellulose. As mentioned above, LPMOs are also active towards hemicelluloses, 
such as xyloglucan and xylan, which comprise multiple substitutions of the β‐(1→3, 1→4)‐linked 
glycosyl backbone (Table 7.2). In addition, hemicelluloses are often associated with cellulose 
(Chapter I). The LPMO‐mediated oxidation of these rigid regions is expected to enhance the 
accessibility for hydrolytic enzymes and, therefore, is seen as a key step for efficient plant biomass 
degradation. However, the LPMO‐mediated release of non‐oxidized and oxidized oligosaccharides 
from these substrates can only be analyzed qualitatively by using techniques such as HPAEC, MALDI‐
TOF MS or direct infusion ESI‐MS [18, 25, 40]. The quantification of the catalytic performance of 
LPMOs that are active towards hemicelluloses is currently not possible due to a lack of appropriate 
standards, such as non‐oxidized and oxidized standards, which comprise side chain substitutions. 
Here, we propose that derivatization techniques are suitable alternatives for the identification and 
quantification of LPMO‐released oligosaccharides that are structurally diverse or not soluble. 
Derivatization techniques using (isotope) labeling have already been applied for the identification 
and quantification of complex non‐oxidized oligosaccharides [91‐98]. So far, only two studies have 
been published that describe the use of derivatization techniques to determine released 
oligosaccharides by LPMOs. One of these studies made use of fluorescence‐labeling to investigate 
the catalytic performance of the C1‐oxidizing PcLPMO9D towards bacterial microcrystalline cellulose 
(BMCC) [34]. For that, the PcLPMO9D‐generated carboxyl groups of BMCC were first activated with 
1‐ethyl‐3‐[3‐(dimethylamino)propyl]carbodiimide (EDAC) and then labeled with the fluorescence 
dye ANDA (7‐amino‐1,3‐naphthalenedisulfonic acid). The labeled soluble fraction was analyzed by 
HPAEC‐PAD and the insoluble fraction by X‐ray photoelectron spectroscopy (XPS), which enabled the 
complete analysis of PcLPMO9D‐oxidized oligosaccharides [34]. In this thesis, we described the use 
of non‐reductive 2‐aminobenzamide labeling in combination with RP‐UHPLC‐UV‐MSn for the 
identification of released non‐oxidized and C4‐oxidized gluco‐oligosaccharides from RAC incubated 
with MtLPMO9C (Chapter IV). Next to 2‐aminobenzamide, we investigated other labeling 
procedures using phenyl hydrazine or deuterated sodium borohydride. The latter showed a high 
potential for further development of the method (Chapter IV). In summary, labeling techniques 
have a high potential for the identification and quantification of LPMO‐released non‐oxidized and 
oxidized oligosaccharides. 
7.3.4  Progress of LPMO-mediated substrate degradation 
At the beginning of our research project, we proposed a three‐step model to visualize the progress 
of the LPMO‐mediated substrate degradation (Figure 7.7). 
The first step of the reaction describes the reduction of the LPMO and the continuous oxidation of 
the substrate under the simultaneous consumption of electrons. This electron consumption leads to 
the oxidation of, for example, a diphenol into a quinone, and, thereby, to a decrease of the reducing 
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agent (diphenol) concentration. To determine the electron consumption of LPMOs, we used 3‐
methylcatechol since this reducing agent is stable during the standard incubation conditions (50°C, 
24 h, pH 5.0) used in this thesis (Chapter V and VI). However, in 2014 we did not measure a 
significant difference in the reducing agent concentration during the incubation of RAC with the C1‐
oxidizing MtLPMO9B by using UHPLC‐UV‐MS (data not shown). Nevertheless, we hypothesized that 
the consumption of the electron donor and the LPMO‐mediated substrate oxidation will take place 
before the substrate conversion actually starts (Figure 7.7). 
The second step of the LPMO reaction describes the continuous oxidation of the substrate, which 
leads to multiple chain cleavages. Subsequently, these multiple chain cleavages lead to the 
conversion of the substrate, which is accompanied by the reduction of size and hydrodynamic 
volume. The determination of the conversion of non‐soluble substrates like cellulose or RAC by 
LPMOs in time is limited by the low solubility of these substrates. The conversion of cellulose was 
first demonstrated by Eibinger et al., who published the cleaving behavior of NcLPMO9F towards 
crystalline cellulose using time‐resolved atomic force microscopy (AFM) (see Section 7.1.7) [30]. Our 
discovery that certain MtLPMOs are active towards soluble hemicelluloses such as xyloglucan or 
mixed β‐(1→3, 1→4)‐linked glucans (Chapter II) opens new possibilities to determine this time‐
dependent substrate conversion by using well‐implemented techniques, such as high performance 
size exclusion chromatography (HPSEC). 
The third step of the LPMO reaction describes the release of soluble non‐oxidized and oxidized 
oligosaccharides, which is expected to take place after the substrate has already undergone multiple 
chain cleavages and is partly converted. We measured the delay by incubating RAC with MtLPMO9B 
in the presence of ascorbic acid. To that end, a β‐glucosidase‐assisted method was developed to 
quantify the amount of oxidized gluco‐oligosaccharides in the soluble fraction of RAC incubated with 
MtLPMO9B (Chapter VI). In addition, a previously developed method by Cannella et al. [43] was 
used to quantify the amount of oxidized gluco‐oligosaccharides in the insoluble fraction (Chapter 
VI). Indeed, we showed that MtLPMO9B oxidizes cellulose from the start of the incubation, whereas 
soluble oxidized oligosaccharides are released after 2 h of the incubation (Chapter VI). 
This difference in time between the oxidation of an insoluble substrate and the release of soluble 
oligosaccharides is useful to characterize LPMOs regarding their substrate specificity, as mentioned 
above. Again, the time point tMF at which the concentration of soluble and insoluble C1‐oxidized 
glucosyl residues is identical, could be a good parameter to describe such a substrate specificity 
(Chapter VI). As a result, LPMOs with a high catalytic performance towards crystalline or higher DP 
cellulose are expected to have larger tMF values compared to LPMOs that preferably oxidize 
amorphous or lower DP cellulose. Obviously, tMF will also depend on the enzyme and substrate 
concentration, which should be included in the parameter definition. 
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Figure 7.7 Model of the progress of LPMO‐mediated substrate degradation. First, LPMOs are reduced under 
consumption of reducing agents (diamonds) and oxidize an insoluble substrate, such as cellulose. In a second 
step, the ongoing substrate oxidation leads to multiple chain cleavages and to the conversion (squares) of the 
substrate, like a reduction of the average DP. In the last stage, oxidized oligosaccharides become shorter until 
they are released as soluble oligosaccharides. The reactions occur in a delay, which is indicated by the horizontal 
arrows between the curves. 
 
7.4 LPMOs in the biorefinery 
 
In 2007, Merino et al. published a study that described an effect of adding GH61 members from T. 
terrestis to a cellulolytic enzyme cocktail of T. reesei [90, 99]. The supplementation of the cellulolytic 
enzyme cocktail with 5% (w/w) GH61B increased the cellulose conversion 1.4‐fold [99]. In 2010, 
similar results were reported by Harris et al. who showed a 2‐fold reduction of the enzyme load 
when AA9 LPMOs were incorporated in the genome of a T. reesei strain which was used for enzyme 
production [47]. Commercial enzyme cocktails have been developed, like Cellic CTec2 and CTec3, 
which are enriched with LPMOs to varying amounts. As an example, the incubation of 
hydrothermally pretreated wheat straw with Cellic CTec2 resulted in the oxidation of up to 4% of the 
original amount of glucosyl units present into gluconic acid [100]. The addition of LPMOs to an 
enzyme cocktail can be limited because of the formation of gluconic acid, which is a known inhibitor 
of β‐glucosidases. In addition, gluconic acid also inhibits subsequent ethanol fermentation since only 
a limited amount of this compound can be metabolized by Saccharomyces cerevisiae species [100‐
102]. 
It has already been shown that the addition of a single LPMO to a cellulolytic cocktail can reduce the 
required enzyme dose for biomass saccharification [28, 47]. But the structural diversity of the plant 
biomass will demand the development of ‘tailor‐made’ enzyme cocktails, which comprise LPMOs 
that differ in, for example, their substrate specificity and C1‐/C4‐regiospecificity. Moreover, the 
increase of the hydrolytic activity that can be achieved by the addition of AA9 LPMOs to enzyme 
cocktails varies depending on the type of LPMO and on the source and type of the substrate [99, 
103‐105]. Therefore, future enzyme cocktails will contain a more diverse repertoire of AA9 LPMOs, 
possibly from different fungal sources, such as saprophytic fungi and plant pathogenic fungi. 
Especially LPMOs that comprise key functions, like the MtLPMO9A‐mediated oxidation of xylan, 
which is non‐covalently associated to cellulose, could play an important role to improve biomass 
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degradation by using enzyme cocktails. Based on these key functions of LPMOs, it remains unclear 
to what extent LPMOs should be added to a cellulolytic enzyme cocktail. In our opinion, it is not 
necessary to oxidize cellulose to a maximum extent by using LPMOs. We recommend that LPMOs 
should be more researched regarding the following questions: How do LPMOs disrupt the crystalline 
cellulose structure and are there differences between LPMOs? To what extent do hemicellulose-
active LPMOs improve lignocellulose degradation? Are specific or unspecific hemicellulose oxidizing 
LPMOs more beneficial for biomass degradation? Why do fungi express LPMOs which oxidize cello-
oligosaccharides? With respect to biorefinery, we see LPMOs as key enzymes that are able to 
degrade highly rigid polysaccharide structures that are hardly accessible for hydrolytic enzymes. In 
contrast to biorefinery, other applications such as the production of novel polysaccharides (e.g. 
oxidized cellulose fibers) would require LPMOs comprising a high specificity towards cellulose. 
Based on current knowledge, it is necessary to enlarge the number of LPMOs with known substrate 
specificities since the characterization of LPMOs regarding their structure-function relationship is 
just at the beginning. Moreover, more attention needs to be drawn to the investigation of LPMOs 
that derive from more diverse fungal species which comprise different mode of life-style, such as 
saprophytic and plant pathogenic Ascomycota and Basidiomycota (see Section 7.2.3). We expect 
that it is of benefit to search in nature for the most suitable LPMO which is needed for a selected 
purpose. Therefore, methods like the analysis of transcription profiles of fungi grown on different 
substrates have a good potential for the identification of LPMOs with promising substrate 
specificities [3]. Knowledge about the structure-function relationship of LPMOs can also be 
combined with protein engineering methods, such as directed evolution. These methods should 
initially aim at the improvement of the LPMO operational stability, rather than the activity of the 
enzyme. Bissaro et al. already indicated that aromatic amino acids in the active site are susceptible 
for self-oxidation through ROS, which potentially leads to a fast inactivation of the LPMO [35]. 
A better understanding of the catalytic mechanism of the LPMO-mediated substrate oxidation will 
help to improve the implementation of these enzymes in plant biomass degradation. As an example, 
light-sensitive electron-donating systems have been described to boost the cellulose oxidation of 
LPMOs up to 100-fold and current developments aim at the implementation of such a system into 
the biorefinery process [43]. Interestingly, the discovery that H2O2 can be a co-substrate of LPMOs 
and that LPMOs can operate under anaerobic conditions is of high importance for future 
applications, since biomass degradation at an industrial scale is mainly conducted under oxygen-
poor conditions [35]. Moreover, LPMOs changed our view of the role of lignin during plant biomass 
degradation. Several studies have shown that lignin and lignin-derived phenolic compounds present 
in lignocellulosic biomass are efficient electron donating compounds for some LPMOs [44, 64]. 
Furthermore, He et al. demonstrated that pretreatments affect the cellulose hydrolysis and thereby 
also the extent of the LPMO-mediated boosting effect [104]. Therefore, optimization of the plant 
biomass degradation with LPMO-enriched enzyme cocktails and the simultaneous development of 
pretreatments should include the focus on the potential of residual lignin as a reducing agent. 
Finally, most of the experiments described in this thesis were performed at one pH (5.0) and one 
temperature (50°C). These conditions were based on the optimal performance of the cellulolytic 
cocktail produced by M. thermophila C1 and turned out to be suitable to determine the activity of 
MtLPMOs towards a variety of substrates. Nevertheless, future research aimed at the 
characterization of LPMOs should also include the investigation of the effect of varying incubation 
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conditions on the LPMO activity, especially in the presence of different reducing agents. This 
research is of high importance from an applicational point of view, since pH and temperature 
influence the catalytic performance of LPMOs tremendously (Chapter VI). 
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Summary 
 
The aim of this project was the characterization of LPMOs from Myceliophthora thermophila C1 and 
their potential use in biomass degradation. Therefore, we purified and investigated seven LPMOs 
from the fungus Myceliophthora thermophila C1 for their mode of action towards plant cell wall 
materials, such as cellulose. 
In total, M. thermophila C1 encodes 26 putative LPMOs of which 22 belong to the auxiliary activity 
(AA) family 9, based on their amino acid sequence identity. We hypothesized that AA9 LPMOs of M. 
thermophila C1 differ in their substrate specificity and mode of action towards plant cell wall 
polysaccharides. Therefore, the aim of this project was the characterization of seven AA9 MtLPMOs 
from M. thermophila C1 and their potential use in biomass degradation. 
In Chapter I of this thesis, we describe the background and aim of this project. Therein, we focus on 
the plant cell wall architecture, which includes the description of the cell wall compartments middle 
lamella, primary and secondary plant cell wall. In addition, we describe the composition and 
structure of the cell wall compounds cellulose, hemicellulose and lignin, as well as their interaction 
within the plant cell wall. Moreover, cell wall degrading enzymes are presented, such as cellulases, 
hemicellulases and lignin degrading enzymes. In the second part of the introduction, we give an 
overview of the knowledge about LPMOs at the time of the beginning of our project (2013). Here, 
the discovery, classification, structural features, substrate specificity, C1-/C4-regioselectivity and 
electron donating compounds of LPMOs are described. Furthermore, we give an overview of 
analytical methods that have been used to determine the substrate specificity and C1-/C4-
regioselectivity of LPMOs. Finally, we shortly describe the fungus M. thermophila C1 and its role in 
plant biomass degradation. 
The first AA9 LPMO of M. thermophila C1 that was characterized is MtLPMO9A (Chapter II). 
MtLPMO9A is the only LPMO known so far that oxidizes xylan associated to cellulose. In addition, 
MtLPMO9A also showed minor activity towards mixed β-(1→3, 1→4)-linked glucan from barley and 
xyloglucan. Furthermore, MtLPMO9A oxidized the C1 and C4 carbon atom of the β-linked glucan 
chain. MtLPMO9A showed a synergistic effect with the endoglucanase I (EGI) from Trichoderma 
viride, which led to a 16-fold higher release of detected oligosaccharides compared to the 
oligosaccharide release of MtLPMO9A and EGI alone. 
In Chapter III, three MtLPMOs from M. thermophila C1 are presented that differ in their substrate 
specificity, C1-/C4-regioselectivity and reducing agent specificity. Next to the already described 
MtLPMO9A, we showed that MtLPMO9B releases C1-oxidized and MtLPMO9C C4-oxidized gluco-
oligosaccharides from cellulose. MtLPMO9B was only active towards cellulose whereas MtLPMO9C 
also oxidized, to a minor extent, mixed β-(1→3, 1→4)-linked glucan from oat spelt and xyloglucan. 
In total, 34 reducing agents, which are mainly plant-derived flavonoids and lignin-building blocks, 
were studied for their ability to promote LPMO activity. Reducing agents with a 1,2-benzenediol or 
1,2,3-benzenetriol moiety gave the highest release of oxidized and non-oxidized gluco-
oligosaccharides from cellulose for all three MtLPMOs. Low activities of MtLPMOs towards cellulose 
were observed in the presence of monophenols and sulfur-containing compounds. 
In Chapter IV we describe the use of reversed phase (RP)-UHPLC in combination with non-reductive 
2-aminobenzamide (2-AB) labeling to separate C4-oxidized gluco-oligosaccharides from their non-
oxidized counterparts. Notably,  RP-UHPLC did not require buffered mobile phases, which reduce 
mass spectrometry (MS) sensitivity, and was seen as an advantage over other techniques, such as 
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hydrophilic interaction liquid chromatography and porous graphitized carbon coupled to MS. Non-
reductive labeling kept the ketone at the C4-position of LPMO oxidized oligosaccharides intact, while 
selective reducing agents such as sodium triacetoxyborohydride (STAB) reduced this ketone group. 
In addition, alternative labeling approaches including the use of STAB and deuterated sodium 
borohydride are discussed. 
In Chapter V we show how polyphenol oxidases (PPOs) boost the LPMO-driven lignocellulose 
oxidation. The concerted enzymatic process involves the initial conversion of monophenols into 
diphenols by the polyphenol oxidase MtPPO7 from M. thermophila C1, and the subsequent 
oxidation of cellulose by MtLPMO9B. As a result, the addition of MtPPO7 to the incubation of RAC 
with MtLPMO9B increased the cellulose oxidation up to 75-fold. Interestingly, MtPPO7 showed 
preference towards lignin-derived methoxylated monophenols and exhibited low efficiency towards 
ortho-diphenols, thus limiting the generation of unwanted quinones. Sequence analysis of genomes 
of 336 Ascomycota and 208 Basidiomycota revealed a high correlation between MtPPO7-like and 
AA9 LPMO-like genes. 
The quantification of the catalytic performance of MtLPMO9B and MtLPMO9D, which both oxidize 
the C1-carbon, is described in Chapter VI. Therein, we developed a β-glucosidase-assisted method 
to quantify the release of C1-oxidized gluco-oligosaccharides from cellulose by both MtLPMOs. We 
showed that the catalytic performance of both MtLPMOs is strongly dependent on the pH and 
temperature. We found that pH mainly affected the reducing agent dependency whereas 
temperature impacted the operational stability of both MtLPMOs. Furthermore, we demonstrated 
that the MtLPMO9B-mediated cellulose oxidation started immediately at the beginning of the 
incubation whereas oxidized gluco-oligosaccharides were released after two hours. 
Finally (Chapter VII), we discuss the relevance of our research in comparison to recently published 
data. In this chapter, new results are presented such as the substrate specificity of MtLPMO9E, 
which oxidizes cellulose, xyloglucan, mixed β-(1→3, 1→4)-linked glucan and soluble cellodextrines 
at the C4-position. In addition, it is shown that MtLPMO9F and MtLPMO9G oxidize cellulose at the 
C4-carbon position. We present an overview of AA9 LPMOs including their substrate specificities and 
C1-/C4-regioselectivties, which were published until 2017. Moreover, the reducing agent 
preferences of MtLPMOs are summarized and various electron donation systems are further 
discussed. We also describe challenges in the qualitative and quantitative analysis of LPMO-released 
oligosaccharides. At last, we discuss the impact of LPMOs in second generation biorefinery. 
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